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Preface

It is a pleasure for me to introduce Vol. 57 of Annual Reports on NMR

Spectroscopy. As is usual in this series the present volume consists of reports cov-

ering exciting work in many disparate areas of NMR spectroscopy.

The volume begins with an account of Applications of 29Si NMR Parameters by

B. Wrackmeyer; Y. Yamamoto reports on NMR Studies of 6-Type Haemoproteins

Reconstituted with a Ring-Fluorinated Haem; Site Directed Solid State NMR on

Membrane Proteins is covered by H. Saitô; W. Kremer reports on High Pressure

NMR Studies in Proteins; and the volume is completed with an account of Xenon

NMR Spectroscopy by D. Raftery.

My thanks are due to all of the contributors for their interesting and timely

contributions on their chosen areas of NMR expertise. Thanks also go to the

production staff at Elsevier for their help in the realisation of this volume.

Royal Society of Chemistry

Burlington House

Piccadilly

London, UK

G. A. WEBB

July 2005
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Experimental techniques for the measurement of 29Si nmr spectra (mainly for

solutions) are briefly discussed, followed from considerations of the nuclear-spin

relaxation mechanisms with emphasis on the 29Si nucleus. Chemical shifts d29Si

and indirect nuclear spin–spin coupling constants nj(29Si,x), the most prominent

nmr parameters, are discussed in more detail. The increasing reliability of quantum

chemical methods for the calculation of these parameters is pointed out. The re-

lationship between the electronic structure and the nmr parameters d29Si and
nj(29Si,x) is indicated.

1. INTRODUCTION

In most fields of silicon chemistry, NMR spectroscopy has become increasingly

important. In the last three decades, the development of modern NMR techniques

for solutions and also for the solid state has included major efforts to observe 29Si

NMR signals. The only magnetically active isotope of silicon, 29Si, is a spin-1/2

nucleus with appreciable NMR properties (Tables 1 and 2). The negative sign of

g(29Si) may give rise to a negative NOE (upon 1H decoupling), which could lead to
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cancelling of 29Si NMR signals. In addition to the NOE, a further disadvantage,

when compared with 13C, is the fact that the relaxation times T1(
29Si) can be rather

long. Therefore, it is rarely advisable to apply the experimental set-up, which is used

for routine 13C{1H} NMR spectra. However, various methods are available to

circumvent most of the problems, and there are hardly any examples of diamagnetic

silicon compounds that cannot be studied by 29Si NMR spectroscopy.

The progress in 29Si NMR has been the subject of several reviews.1–8 Considering

the enormous amount of NMR data, produced in the last decade, including many
29Si NMR data, this review cannot aim for a complete assessment. Representa-

tive examples, mainly from the last decade, have been selected in order to show

Table 1. NMR properties of some spin-1/2 nucleia

Nucleus N A. (%) RC b g (107 rad s�1T�1) X (MHz) Reference standard

1H 99.985 5.67 103 26.7522 100.000000 SiMe4, 1% in CDCl3
13C 1.108 1.00 6.7283 25.145020 SiMe4 1% in CDCl3
15N 0.37 2.19 10�2

�2.7126 10.136767 MeNO2 (neat)
19F 100 4.73 103 25.1815 94.094003 CFCl3 (neat)
29Si 4.70 2.10 5.3190 19.867187 SiMe4 1% in CDCl3
31P 100 3.77 102 10.8394 40.480747 H3PO4. 85% aq
77Se 7.58 3.02 5.1214 19.071523 Me2Se (neat)
103Rh 100 0.180 �0.8468 3.160000 No compound
117Sn 7.61 19.9 �9.589 35.632295 SnMe4 (neat)
119Sn 8.58 25.7 �10.0318 37.290665 SnMe4 (neat)
125Te 6.99 12.8 �8.5087 31.549802 Me2Te (neat)
195Pt 33.8 19.9 5.8383 21.400000 No compound

d195Pt([PtCl6]
2�) ¼ +4533

199Hg 16.84 5.68 4.8458 17.910841 HgMe2 (neat)
c

207Pb 22.6 11.9 5.6264 20.920597 PbMe4 (neat)

aMost data taken from ref. 9, and some data are own unpublished measurements.
bReceptivity relative to that of 13C in natural abundance.
cAn alternative reference is a aqueous solution of Hg(ClO4)2; however, the frequency is defined less

accurately.

Table 2. NMR properties of some quadrupole nucleia

Nucleus N.A. (%) Spin I Q (10�28m2) g (107 rad s�1T�1) X (MHz) Reference standard

2H 0.015 1 2.87 10�3 4.1066 15.350609 Si(CD3)4 (D12-TMS)
6Li 7.42 1 �6.4 10�4 3.9371 14.716106 LiCl, D2O E 9.7M
7Li 92.58 3/2 �3.7 10�3 10.3976 38.863790 LiCl, D2O E 9.7M
11B 80.42 3/2 4.1 10�2 8.5847 32.083971 F3B-OEt2 (CDCl3)
14N 99.63 1 1.67 10�2 1.9338 7.226324 MeNO2 (neat)
17O 0.037 5/2 6.11 10�2

�3.6280 13.556430 D2O (liquid)
27Al 100 5/2 0.14 6.9762 26.056890 Al(NO3)3, D2O, 1.0M

aMost data taken from ref. 9, and some are own unpublished measurements.
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applications of 29Si NMR parameters. Various potential industrial applications of
29Si NMR spectroscopy (e.g. in the field of silicones, other polymers containing

silicon and silicates) have been lined out in previous reviews and will not be in-

cluded here. Paramagnetic compounds, alloys, and most inorganic solids will not be

discussed, and the main body of the data will deal with liquids. Some data from

previous reviews will be included if they help to understand and classify new data.

2. EXPERIMENTAL

2.1. Referencing

Using modern NMR spectrometers, a fixed frequency can be defined as the ref-

erence for chemical shifts dX of those nuclei where an internal reference is not

convenient (X other than 1H or 13C). In Tables 1 and 2 such frequencies X(X)

(in MHz) are listed, referring to X(1H) ¼ 100.000000MHz for tetramethylsilane

(SiMe4 or TMS).9 Multiplying X(X) with the appropriate factor, depending on the
1H(SiMe4) frequency of the individual NMR spectrometer, provides the exact ref-

erence frequency, and the handling of sometimes unpleasant chemicals can be

avoided. This method is also convenient for SiMe4, which usually serves as the

reference for chemical shifts d29Si. In this way, d29Si data can be accurately repro-

duced if other experimental conditions (solvent, temperature and concentration) are

comparable. Other referencing techniques should be discouraged.

For solid-state 29Si NMR spectra, other referencing techniques are required.

Usually a crystalline organosilicon compound is used (e.g. ‘‘Q8M8’’, octakis(tri-

methylsiloxy)octasilsesquioxane), which gives sharp and intensive 29Si NMR signals

under MAS conditions and 1H decoupling. Since the d29Si values of this material

are known (�109.3, +11.7) relative to SiMe4, it serves as a reliable secondary

reference.

2.2. Techniques for observing 29Si resonances

Although the sensitivity to the NMR experiment for 29Si is reasonably high (Table 1),

the direct observation of 29Si resonance signals by single-pulse techniques can be

difficult. This is due to the negative NOE, which is frequently observed for organo-

silicon compounds upon 1H decoupling. The application of inverse gated 1H decou-

pling in order to suppress the NOE (maximum NOE Zmax ¼ �2.51) is also not

straightforward since the relaxation times T1(
29Si) are unknown in most cases, and

may be rather long. In any case, inverse gated 1H decoupling requires delay times of

several seconds for complete suppression of the NOE and small pulse angles (p301)

because of long T1(
29Si) and therefore, the efficiency of the NMR experiment is

seriously decreased.

A first major breakthrough in 29Si NMR spectroscopy, at least for organosili-

con chemistry, can be traced to the application of INEPT or DEPT pulse

APPLICATIONS OF 29SI NMR PARAMETERS 3



sequences,7a,8,10,11 based on scalar 29Si–1H spin–spin coupling across one, two or

three bonds to any number of protons (Fig. 1). This technique increases the 29Si

NMR sensitivity via 1H-29Si polarization transfer (PT) approximately by 9g(1H)/

g(29Si)9 ¼ 5.02, and the repetition time of the experiment depends no longer on

T1(
29Si) but on fairly short times T1(

1H).

Four decades ago, heteronuclear 1H{X} double-resonance CW experiments be-

came possible, by which the NMR sensitivity of the 1H nucleus was exploited in

order to gain information on X nuclei. The prerequisite was scalar X�
1H coupling.

The development of two-dimensional (2D) NMR methods aimed for X/1H corre-

lations. In the beginning, for simplicity of the experiment, X resonances were ob-

served and later on, in the so-called inverse experiments in 1H/X correlations, 1H

resonances were onserved with the encoded information on the 29Si nuclei.8,12–14

The latter approach increased the sensitivity of the NMR experiment enormously,

up to [g(1H)/g(X)]5/2 ¼ 128, and these experiments (e.g. HMQC, HSQC, HMBC)

are now standard (Fig. 2) in all modern NMR spectrometers. A further gain in the

performance could finally be achieved by the application of pulsed gradients15,16 for

these methods (Fig. 3). Other methods of inverse detection or selective excitation

can become important in the future.[7b–e]

For liquids containing organosilicon compounds, in which any 29Si–1H scalar

coupling is present, 29Si NMR spectra can be measured within reasonable time. In

the absence of 29Si–1H scalar coupling, the long relaxation times T1(
29Si) can be a

problem. For moderately concentrated solutions, single-pulse methods with small

pulse angles will be sufficient for most purposes. For diluted solutions and exceed-

ingly long times T1(
29Si), the addition of paramagnetic relaxating agents should be

considered.

Solid-state 29Si NMR spectra of materials containing protons is usually obtained

under experimental conditions rather similar to those well known for 13C.17–19 Since

Fig. 1. 99.6MHz 29Si{1H} NMR spectrum of Me2Si(C�C–Me)2 in CDCl3 (1 transient,
acquisition time 20 s; full-width in half-height of the central signal is 0.030Hz). The 13C
satellites owing to 29Si–13C spin–spin coupling are marked [see Scheme 15 for isotope-
induced chemical shifts 1D12/13C(29Si)]. Adapted from ref. 105.
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techniques related to cross polarization (CP) are usually applied together with

MAS, the efficiency of the experiment depends on the magnetisation behaviour of

both the protons and 29Si nuclei. When the conditions for CP have been optimised,
29Si NMR spectra can be obtained within rather short time (Fig. 4). Similar to

liquid state, this situation becomes different in the absence of 1H nuclei. Then,

single-pulse techniques with long repetition times require a lot of spectrometer time

(sometimes days) in order to get meaningful solid-state 29Si NMR spectra20 (e.g. in

the case of silicon carbide21 or silicon nitride Si3N4
22).

3. NUCLEAR SPIN RELAXATION

Various relaxation mechanisms (DD, dipole–dipole; SC, scalar; SR, spin-rotation;

CSA, chemical shift anisotropy) contribute to 29Si nuclear spin relaxation, de-

scribed by the time constants T1 for spin-lattice (longitudinal) and T2 for spin–spin

(transversal) relaxation times (Eq. (1)).23,24 In the absence of scalar contributions it

hold for liquids that T1ET2.

ðT1Þ
�1

¼ TDD
1

� ��1
þ TSR

1

� ��1
þ TSC

1

� ��1
þ TCSA

1

� �

(1)

In most organosilicon compounds, when studied at field strengths BXp11.7 T,

DD and SR interactions dominate the relaxation (Fig. 5). The CSA mechanism is

Fig. 2. Contour plot of the 500.1MHz 1H/29Si HMQC NMR spectrum (with 29Si decou-
pling in F2) of the tetrayne Me3Sn–C�C–SiMe2–C�C–SiMe2–C�C–SiMe2–C�C–SiMe3.
The four different 29Si sites are readily assigned to the 1H resonances. These in turn can be
used to assign the 13C(SiMe) and 13C(C�C) signals in 1H/13C HMQC and HMBC exper-
iments (not shown). Adapted from ref. 93d.

APPLICATIONS OF 29SI NMR PARAMETERS 5



expected to contribute for trigonal planar or linear surroundings of the silicon

atom, geometries which are less common for silicon.

As already mentioned, DD interactions influence the appearance of 29Si{1H}

NMR spectra because of the negative NOE (see also Fig. 525), and in some cases,

this may cancel the 29Si NMR signal (Eqs. (2) and (3)). Considering the opposite

temperature dependence of DD and SR interactions, experimental conditions can

be selected accordingly.

NOEmax ¼ 0:5½gð1HÞ=gð29SiÞ� ¼ �2:51 (2)

Intensitysignal ¼ 1þNOE (3)

Scalar relaxation due to chemical exchange has the usual influence (broadening)

on the appearance of 29Si NMR spectra. A consequence of such exchange processes,

depending on the rate of exchange, is that PT techniques may not work very well or

sometimes not at all. Scalar relaxation of the second kind affects the line widths by

T2
SC(29Si) if the silicon atom is bonded to one or more quadrupolar nuclei as in

Fig. 3. Contour plot of the 500.1MHz 1H/29Si gradient enhanced HSQC NMR spectrum
(no 29Si decoupling in F2). For further NMR experiments see ref. 106.

6 BERND WRACKMEYER



Fig. 4. Solid-state MAS 29Si{1H} NMR spectrum (79.7MHz) of the tetrayne H–C�C–Si-
Me2–C�C–SiMe2–C�C–SiMe2–C�C–H. The number of 29Si NMR signals is in agreement
with the results from X-ray crystallography, since the silicon atoms in the positions (B) are
crystallographically non-equivalent.95a

Fig. 5. 59.8MHz 29Si NMR spectra of two hexasilane isomers. The broad hump is the
signal for silicate in the glass and serves for correct phasing of the signals. There is com-
petition between dipole–dipole and spin-rotation interactions as dominant nuclear spin
relaxation mechanisms for 29Si nuclei. 29Si nuclei in SiH3 groups at a more peripheric position
of the molecule relax predominantly by spin-rotation interactions as a result of the high
mobility of these groups. The SiH2 or SiH groups in the chains are less mobile and therefore,
dipole–dipole interactions become competitive. Adapted from ref. 25.

APPLICATIONS OF 29SI NMR PARAMETERS 7



silicon halides26 (35/37Cl, 79/81Br, 121I), in silicon nitrogen compounds 27–29 (14N) or

in silylboranes (! ¼ B, 11B),30 to name just three important classes of silicon com-

pounds. Although quadrupole-induced nuclear spin relaxation of the quadrupolar

nuclei is very efficient, scalar coupling to the 29Si nucleus is not completely aver-

aged, and the residual broadening of the 29Si NMR signal (Fig. 6) indicates the spin

dynamics of the respective quadrupolar nucleus.

If the relaxation time of the quadrupolar nucleus TQ(X) is relatively long, the
29Si NMR signal may exhibit the expected splitting pattern. This is known for

(Z5-C5H5)Be–SiMe3
72a(1J(29Si–9Be) ¼ 51Hz) or trimethylsilyl borates (e.g. 1J(29Si,

11B) ¼ 74Hz for [Me3Si–BH3]
72b). Rather surprising examples, considering the low

local symmetry around the nitrogen atoms, have been reported for 29Si NMR

signals resolved as triplets (1J(29Si,14N)) for some N-silyl-aminoboranes,28,73 in

which the nitrogen atoms bear the silyl and two boryl groups In the case of the

borazine (HBNSiMe3)3, calculations of the electric field gradient at the nitrogen

atoms confirm the experimental findings.73a

There are also examples of spin-1/2 nuclei with short-lived spin states, in par-

ticular in the cases of heavy nuclei such as. 195Pt 31 or 199Hg,32 for which chemical-

shift-anisotropy relaxation can become efficient at high field strengths B0 (Fig. 7).

In the solid state, 29Si nuclear spin relaxation mechanisms are much less efficient

when compared with solutions. In inorganic solids, the presence of small amounts

(traces) of paramagnetic impurities accelerates the relaxation rate, which otherwise

Fig. 6. 59.8MHz 29Si{1H} NMR spectrum (HEED-INEPT (acquisition time 3 s, repetition
delay 6 s and Hahn echo delay 0.6 s). As a result of efficient transverse relaxation of the
second kind, most of the induced magnetisation for the 14N–29Si isotopomer decays in the
course of the pulse sequence whereas that for the 15N–29Si isotopomer is hardly affected.
Adapted from ref. 29.
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is extremely slow.21,22 Since nuclear spin relaxation of quadrupolar nuclei X can

also be rather long in the solid state, it is frequently possible to observe the splitting

of 29Si NMR signals due to J(29Si,X) in MAS 29Si NMR spectra as shown for
1J(29Si,14N)64b or 1J(55Mn,29Si),75a and even for 2J(93Nb,29Si).75b The patterns may

be complicated by non-averaged quadrupolar interactions.79

4. CHEMICAL SHIFTS d
29SI

4.1. General

Chemical shifts d29Si cover a range of approximately 1000 ppm, from ca. +600 to

�400 with d29Si for SiMe4 (TMS) at zero. Trends in the changes in d29Si values are

similar to those found for d73Ge,1,2,76 d119Sn 1,2,77 and d207Pb.1,2,78 In principle, a

comparison of d29Si and d13C values of structurally related compounds is also of

interest. However, many silicon analogues of carbon compounds are not accessible

by NMR measurements, and if they can be prepared, they usually differ greatly in

the nature of stabilising substituents. There are also numerous silicon compounds

of which the carbon analogues do not exist. However, it can be stated that the

influence of multiple bonding and coordination number is similar for both d29Si and

d13C, at least as far as a general trend is concerned.

Fig. 7. 49.8MHz 29Si{1H} NMR spectrum of the complex [(Ph2PC7H7)Pt(C�C–SiMe3)2]
dissolved in CD2Cl2. The

29Si NMR signals are split due to 31P–29Si spin–spin coupling and
accompanied by the 195Pt satellites. These 195Pt satellite signals are significantly broader than
the respective central signals owing to efficient nuclear spin relaxation via the chemical-shift-
anisotropy mechanism (short T2

CSA (195Pt)). Adapted from ref. 31b.
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Calculations of 29Si nuclear magnetic shielding is becoming increasingly reliable if

electron correlation effects are included (e.g. MP2, MP4 or DFT methods) at the 6-

311+g(d,p) or a comparable level of theory 33–37 (see Table 3 for some examples).

The extreme values found so far for d29Si are for divalent silicon (Scheme 1), with

extreme deshielding for the cyclic silylene 138 and extreme shielding for the si-

licocene 2.39 In the solid state of 2, two different isomers are evident from the X-ray

analysis39 and also from the solid-state 29Si NMR spectrum.40 The cation 3,

[Z5-C5Me5)Si]
+,41 has almost the same chemical shift d29Si as the neutral species 2.

Expectedly, the d29Si data for most tetra-coordinate silicon atoms, including

those for the pyramidal silyl anions, are relatively close to d29Si ¼ 0 (SiMe4) within

a range of about 200 ppm. However, these data possess a marked diagnostic value,

since each class of compounds is characterised by typical d29Si data, which change

in a systematic way due to substituent effects. Many of these trends have already

been outlined in previous reviews,1–6 and an extensive data set has been collected.

Therefore, this topic will not be treated here in detail.

4.2. Patterns of 29Si chemical shifts

4.2.1. Coordination number of silicon and electronic structure

In general, low magnetic shielding of 29Si is typical for low-coordinated silicon

atoms, as in silylenes42–44 (e.g. 138 and 4–7 in Scheme 2), ‘‘free’’45 (e.g. 8–1045 in

Scheme 3) or almost ‘‘free’’46 silyl cations, in contrast with silylene adducts47

(Scheme 4), Low 29Si nuclear magnetic shielding is typical for base-free silylene

transition metal complexes 48–51 (Scheme 5), and also for numerous compounds,

where silicon is involved in multiple bonding with other elements 38,52–58 (Scheme 6).

Major changes in 29Si nuclear magnetic shielding, as it holds in general for nuclei

other than 1H, can be traced to the paramagnetic term sp (29Si) of the shielding

constant s(29Si). Any significant decrease in nuclear shielding is related to para-

magnetic currents owing to rotation of electronic charge induced by the external

magnetic field B0, mixing ground and excited states. These transitions must be

magnetic-dipole-allowed (this excludes for example the electron-dipole allowed p-

p* transitions!), which means that certain s-s*, s-p* or p-s* transitions are

relevant in this respect. This is shown in Fig. 8 in a simplified orbital scheme for a

trigonal planar siliyl cation (e.g. 8 or 9 in Scheme 3). The B0-induced rotation of

electronic charge mixes the occupied s orbitals (e.g. of Si–C bonds) with the virtual

unoccupied orbital on the central silicon atom. If the energy difference between

these orbitals is small, a large deshielding effect will be the result. This picture

applies in a slightly modified way also to silylenes, where the Si–C or Si–N s orbitals

and the lone pair of electrons at the silicon have to be considered. The extreme 29Si

deshielding in 1 (Scheme 2) is the result of a fairly small HOMO-LUMO energy

gap. In the bis(amino)silylenes 4–7, this gap is much larger because of the elec-

tronegative nitrogen atoms, and also because of potential SiN(pp)p interactions.

This model is supported by the calculation of the tensor components of s(29Si) for

silylenes.55
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Table 3. Some calculateda and experimental n 29Si chemical shifts

Compound d29Si (calculated) d29Si (experimental)

SiMe4 0 0

Me2Si(CH2)5 �3.7

Me2Si(CH2)4 +20.9 +16.84

Me2Si(CH2)3 +23.1 +18.44

Me2Si(CH2)2 �80.5

Si

+47.1 +37.2 101

Me2Si CMe2
+50.3 (16)53a

Si

H3Si SiH3

SiH3H3Si

+626.5 (Si)

�70.0 (SiH3)

+567.4 (1)38

[(H3Si)2CH]2Si +628.4 (Si), �92.8 (SiH3)

[Me3Si]
+ +416.3

MeMe

Me
Me

Me

Si

�468.3 �400.2 (4)41

Me3Si–SiH3 �18.0, �102.0

Me3Si–Si(H)Me2 �13.9, �36.0 �18.9, �39.1115b

SiH3

Si

Si
Si

Si
SiH3

H3Si

SiH3
�205.5 (Si)

�84.5 (SiH3)

Not observed (see 177)

Me2Si SiMe2
+109.3 90.4 (20)55d

Si Si
SiMe3

Me3Si +134.4 (Si), +13.3 (SiMe3) +91.5 (Si) (23)54b

Me2Si NMe +77.7 +60.3 (19)56c

N
Me

Si

Me
N

+115.0 +78 42a

(continued )
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Table 3. Continued

Compound d29Si (calculated) d29Si (experimental)

Me2Si P-SiMe3
+257.0 (SiMe2), +9.2 (SiMe3) +172 (Si ¼ P) (221)57a

Be SiMe3

�26.1 -27.3 72a

B

Me
N

N
Me

SiMe3

�24.5 �31.0131

aGeometries were optimised for this review by B3LYP/6-311+G(d,p) calculations and the magnetic

shielding constants s(29Si) were calculated (GIAO) at the same level of theory (Gaussian 98 or

Gaussian 03 program packages 179). Calculated s(29Si) data are converted into d29Si by

d29Si ¼ s(29Si) [SiMe4] � s(29Si) with s(29Si) [SiMe4] ¼ +340.1 and d29Si (SiMe4) ¼ 0. Exper-

imental data are taken from previous reviews 1–5 if not indicated otherwise.

δ
29Si

Si

Me3Si
SiMe3

SiMe3
Me3Si

Me

Me
Me

MeMe

Me

Me
Me

MeMe Si

MeMe

Me
Me

Me

MeMe

Me

Me

Me

Si

1 2 2

+567.4 -398.0
(solution)

δ
29Si -423.4

(solid state)
-402.3
(solid state)

M
e

Me

Me
Me

Me

Si

3

-400.2δ
29Si

Scheme 1. Some extreme 29Si chemical shifts (d29Si) relative to d29Si (SiMe4) ¼ 0.

δ
29Si

Si

Me3Si
SiMe3

SiMe3
Me3Si

1

+567.4 38 δ
29Si

Si

N

N

4

+117.0 42bδ
29Si

Si

N

N

5

+78.0 42a

N

Si

N

But

But

But

But

But

But

δ
29Si

6

+97.0 42c

N

Si

N

SiMe3

Me3Si

SiMe3

Me3Si

δ
29Si

7

+223.9 43

-0.3 (SiMe3)

Scheme 2. Some 29Si chemical shifts (d29Si) of monomeric silylenes. Note the large differ-
ence between 1 and the bis(amino)silylenes 4–7.
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Si

Me

MeMe

Me

Me

Me

Me

Me
Me

Me

Me
Me

Si

MeMe

Me

Me Me

Me

Me

MeMe

Si

δ
29Si

8

+226.7 45a
δ

29Si

9

+226.8 45b

δ
29Si

10

+142.9 45c

MeMe

Me

Scheme 3. Some 29Si chemical shifts (d29Si) of silyl cations, for which the presence of truly
three-coordinate silicon atoms can be assumed. The increase in the 29Si nuclear magnetic
shielding in the case of the silatropylium derivative 10 can be ascribed to an increase in p

electron density at the silicon atom.

Si C

MeMe

CH(SiMe3)2

Me

(Me3Si)2HC δ
29Si

11

-48.6 47

But

But

But

N

(Me3Si)2CH

Scheme 4. The29Si chemical shift (d29Si) of the adduct of a diarylsilylene with an isonitrile
(11) is observed in a range more typical of tetra-coordinate silicon, similar to silyl anions.

δ
29Si +380.9 49c

Me Me

MeMe

Me
W

Me3Si

C C

Si

OO
Me

Me

Me

Me

Me

Me

1J(183W,29Si)  154.9 Hz

δ
29Si +23.1 49c

1J(183W,29Si)  30.5 Hz

12

δ
29Si +350.0 49b

Me Me

MeMe

Me
Os

Me3P

Me3P

Si

Me

Me

13

δ
29Si +263.0 49a

Me Me

MeMe

Me
Mo

Me2
P

P

Si

Me

Me

14

H
Me2

J(29Si,1H)  30.0 Hz

(OC)5W W(CO)5

Ph2
Si

15

δ
29Si +3211.3 49d

1J(183W,29Si)  54.9 Hz

Scheme 5. Some 29Si chemical shifts (d29Si) of ‘‘base-free’’ silylene-metal complexes.

APPLICATIONS OF 29SI NMR PARAMETERS 13



In the adduct 11, the d29Si value is in the range of tetra-coordinate silicon com-

pounds, similar to silyl anions, since the ‘‘vacant’’ orbital of low energy is no longer

available for B0-induced charge rotation. In silylene transition metal complexes

(Scheme 5), B0-induced charge rotation will also involve appropriate orbitals centred

at the transition metal atom and, therefore, the 29Si nuclear magnetic shielding be-

comes dependent on even more influences. In the complexes 12 and 13 (Scheme 5),

there is a pronounced M–Si double bond character. In 14, the hydride has to be

considered as a bridge between Mo and Si, by which the Mo–Si bond order is

δ
29Si16

+50.3 53a (Si=C)

Si

ButMe2Si

Me3Si

SiMe3Si

SiMe3
Me3Si

Me3Si

+137.9 38 (Si=C)

Si C P
But

But

But
Pri

Pri

Pri

+75.9 53f (Si=C)

Si Si SiMe(SiBut
3)2(But

3Si)2MeSi

+91.5 54b(Si Si)

Si Si

CH(SiMe3)2

CH(SiMe3)2

(Me3Si)2HC

(Me3Si)2HC

δ
29Si

+90.4 55d (Si=Si)

Si Si

SiPri
3

SiPri
3

Pri
3Si

Pri
3Si

+154.5 19b (Si=Si)

Si E

Pri

Pri

Pri

SiMe3

Pri

Pri

Pri
+172.4 57a (Si=P)
1J(31P,29Si) 152 Hz

+183.6 57a (Si=As)

E = P (a)
     As (b)

δ
29Si17

18

20

21

22

23

δ
29Si

δ
29Si

δ
29Si

δ
29Si

Si N
But

But

But

Pri

Pri

19

δ
29Si +60.3 56c (Si=N)

Scheme 6. Some 29Si chemical shifts (d29Si) of compounds containing silicon-element dou-
ble and triple bonds.

Fig. 8. Model for B9-induced rotation of charge involving ground and excited states, shown
for a trigonal planar triorganosilyl cation. Both of the shown Si–C s bonds overlap in a
constructive way with the virtual p orbital centred at the silicon atom. See ref. 107 for the
analogous view at comparable carbocations and trigonal boranes.
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reduced. Nevertheless, the 29Si nucleus is significantly deshielded (typical of many

silyl transition metal complexes with activated Si–H bonds; vide infra). In the complex

15, the Ph2Si unit bridges the W–W bond. The 29Si nuclear magnetic deshielding, in

contrast to other three-member rings (vide infra), indicates that the W–Si bonds and

metal-centred energetically low lying orbitals are involved.

In the cases of silicon-element multiple bonds (Scheme 6), it is again mainly the

question for the relative energies of s-p* or p-s* transitions with major con-

tributions from the silicon atom. However, the presence of a lone pair of electrons

at an adjacent atom (e.g. in 22 at P or As) may also have some significant influence

on 29Si shielding. In the cases of disilenes and silaethenes, calculations and exper-

imental determinations of the tensor components of s(29Si).18b,34,53a confirm the

major contributions to 29Si nuclear magnetic shielding.

The data discussed so far show that there is some overlap with the range of d29Si

for tetra-coordinated silicon. Selected d29Si data of tetra-coordinated silicon

compounds are given in Tables 4 and 5. In the last decade, numerous d29Si data

have been reported for compounds containing four-coordinate silicon with

Si–chalcogen bonds, in particular Si–S and Si–Se bonds,59,60 and some examples

with Si–Te bonds.61

A further increase in the coordination number of silicon from 4 to 5 (e.g. in

silatranes) or 6 causes a significant increase in 29Si nuclear shielding. This is shown

in Scheme 7 by the change of about 100 ppm in the d29Si values of silicates bearing

five62 or four organyl groups.63

Table 4. d29Si dataa for some trimethylsilyl, dimethylsilyl and methylsilyl derivatives and for

SiX4 compounds

d29Si d29Si d29Si d29Si

Me3Si–H �15.5 Me2SiH2 �37.3 MeSiH3 �65.2 SiH4 �93.1

Me3Si–F 35.4 Me2SiF2 8.8 MeSiF3 �51.8 SiF4 �113.6

Mw3Si–Cl 30.2 Me2SiCl2 32.2 MeSiCl3 12.4 SoCl4 �18.5

Me3Si–Br 26.4 Me2SiBr2 19.9 MeSiBr3 �18.2 SiBr4 �93.6

Me3Si–I 8.7 Me2SiI2 �33.7 MeSiI3 �144.0 SiI4 �346.2

Me3Si–Ome 17.2 Me2Si(Ome)2 �2.5 MeSi(Ome)3 �41.4 Si(OMe)4 �79.2

Me3Si–Sme 16.5 Me2Si(SMe)2 28.1 Me(SMe)3 34.0 Si(SMe)4 38.6

Me3Si–SeBu
b 11.3 Me2Si(SeBu)2

b 18.1 Me(SeBu)3
b 13.5 Si(SeBu)4

b 1.9

Me3Si–TeBu
c

�4.3 Me2Si(TeBu)2
c

�24.6 MeSi(TeBu)3
c

�70.0 Si(TeBu)4
c

�139.6

Me3Si–NMe2 5.9 Me2Si(NMe2)2 �1.7 MeSi(NMe2)3 �17.5 Si(NMe2)4 �28.1

Me3Si–Et 1.6 Me2SiEt2 4.6 MeSiEt3 6.5 SiEt4 8.4

Me3Si–Vi �6.8 Me2SiVi2 �13.7 MeSiVi3 �20.6 SiVi4 �22.5

Me3Si–Ph �5.1 Me2SiPh2 �9.4 MeSiPh3 �11.9 SiPh4 �14.0

Me3Si–C�CMed �18.5 Me2Si(C�CMe)2
d

�42.0 MeSi(C�CMe)3
d

�79.0 Si(C�Cme)4
d

�96.5

Me3Si–SiMe3 �19.8 Me2Si(SiMe3)2 �48.7 — Si(SiMe3)4 �135.5

Me3Si–SnMe3 �11.0 Me2Si(SnMe2)2
e

�38.2 — Si(SnMe3)4
e

�172.0

aData taken from refs. 1–5 if not stated otherwise; for most compounds, several slightly different

d29Si values have been reported owing to different experimental conditions (referencing,

tremperature, solvent and concentration).
bRef. 59b.
cRef. 61a.
dRef. 105.
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The same trend is evident for the more Lewis-acidic silicon halides or pseudo-

halides,64 when the coordination number is increased from 4 to 6 (Scheme 8).

Variable temperature 20Si NMR studies show the equilibrium between four-,

five- and six-coordinate silicon atoms in imine and enaminechelate complexes.65

There are numerous 29Si NMR spectroscopic studies of hypervalent silicon

Table 5. d29Si data for miscellanous organosilicon compounds

Class of compound NMR parameters

measured

Reference

b-Silyl carbocations 29Si, 13C NMR 184,185

C- and N-trimethylsilylazoles 29Si, 13C NMR 138

N-silylguanidinium and silylnitrilium ions 29Si, 13C NMR 174,194

Silylated cyclopentadiene derivatives and ansa-

lanthanidocene complexes

29Si, 13C and 89Y

NMR

180

Silylated N,O-diacylhydroxylamines 29Si, 13C, 15N NMR 190

Silylated benzhydoxamic acid derivatives 29Si, 13C, 15N NMR 182

O-Silylated hydroxylamines 29Si, 13C, 15N, 17O

NMR

186

Trimethylsilyloxonium ions 29Si NMR 197

N-Silylated aluminum amides 29Si NMR 193

Silylamid anions 29Si, 15N NMR 183,199

1,3-Disila-2-gallata and-indallenic anions 29Si NMR 181

Tetrasilanes 29Si NMR 187

Silyl group 14-element anions 29Si NMR 191,198

Alkyn-1-ylsilanes Z2-coordinated to Al or

transition metals

29Si, 13C, 27Al NMR 189, 200

Z2alkenylsilane complexes 29Si NMR 192

Silabenzene complexes (Ru) 29Si NMR 195

Silylene iron complexes (dimers) 29Si NMR 188

Silylene lanthanide complexes 29Si NMR 196

Me2
Si

Me3
Si

BEt2Me2Si

EtMe

BEt2Me3Si

EtMe

H2
N

δ
29Si δ

29Si

+0.6

-116.2
(THF,
 -80 °C)

-74.0
(THF,
-74 °C)

+21.3

H2
N

24

25

26

27

Scheme 7. Examples for 29Si chemical shifts (d29Si) as a result of the change in the coor-
dination number from 4 to 5.
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compounds,64–66 including, e.g. the determination of the 229Si chemical shift tensor

in fluorosilatrane.66c

4.2.2. Activation of Si–H bonds

The activation of Si–H bonds by adjacent transition metals,67–71 or main group

elements84–86 is important for the transformation of silanes. In many cases, the 29Si

nuclear shielding is markedly reduced (extremely so in the fluxional complex 32,

Scheme 9), accompanied by smaller values of coupling constants J(29Si,1H) (see also

the silylene complex 1448a). However, the d29Si values are not really a criterion for

M–H–Si bridging, as can be seen from the data for 35 and 36 (Scheme 9).

Si(NCS)4

[Si(NCS)6]2-

Si

NCS

NCSO

O

O

O

Me

Me

Me

Me

δ
29Si -256.5 (solid)

δ
29Si -210.2 (solid)

-208.2 (solution)

δ
29Si -143.2 (solid)

Si

NCO

NCOO

O

O

O

Me

Me

Me

Me

δ
29Si -206.6 (solid)

-204.2 (solution)

28

29

30 31

Scheme 8. Examples for 29Si chemical shifts (d29Si) as a result of the change in the coor-
dination number from 4 to 6.

H

H

Si
H

H
Ru Ru

H H

HH

PCy3

PCy3

PCy3

PCy3

δ
29Si 290.2 68d

J(29Si,1H) 36 Hz

Zr

H

N

tBu

SiMe2
H

δ
29Si -73.4 69

1J(29Si,1H) 113.2 Hz

32

36

Pd

Cy2P

SiEt3
Cy2P

H

δ
29Si -5.1 80

1J(29Si,1H) 29 Hz

33

δ
29Si -52.1 70c

Nb
N

Me2Si H

PMe3

1J(29Si,1H) 97 Hz

34

Pri

Pri

Cl
δ

29Si -68.0 70c

Nb
N

Me2Si H

PMe3

1J(29Si,1H) 116 Hz

35

Me

Me

Scheme 9. Examples for 29Si chemical shifts (d29Si) of silane metal complexes, in which
metal-H and Si–H bonding is present (agostic Si–M–H bonding; activation of Si–H bonds).
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Electron-deficient hydrogen bridges between two silicon atoms (37) or between a

silicon and a boron atom in 38 or 39 (Scheme 10) are characterised by more or less

marked 29Si deshielding. In the case of the Si–H–B bridge, the increase in the

strength of the bridge goes together with 29Si nuclear deshielding, increase in 11B

nuclear shielding, and significant changes in the magnitude of 1J(29Si,1H). Inter-

estingly, such Si–H–B bridges can be identified by unprecedented isotope-induced

chemical shifts 2D10/11B(29Si) (vide infra).

4.2.3. Effects of cyclic structures

Cyclic structures are fairly common in silicon chemistry.1–6,92 Most frequently one

finds four-,87 five-88 and six-member rings,89 but there also examples for three-mem-

ber rings,90 and seven member or larger rings are also known.91 Usually, the 29Si

nuclear shielding in cyclic systems differs from non-cyclic analogues.130 In cyclic

hydrocarbons containing one or more silicon atom, 29Si nuclei are well shielded in

three-member rings, much less shielded in four- and five-member rings, and in six

member or larger rings the 29Si nuclear shielding is comparable with that for non-

cyclic analogues. Silacyclopentadiene derivatives,88c,93 their dianions 88a,b,d, het-

erosiloles94 and their transition metal complexes95 (Scheme 11) are attractive com-

pounds for 29Si NMR studies. The d29Si values are markedly affected by heteroatoms

in the ring, in particular by adjacent heteroatoms,97 the effects being similar to those

in comparable non-cyclic derivatives (see Table 4). Complexation of cyclic p systems

also causes significant changes in the d29Si values, although the silicon atom is not

directly involved in the bonding with the transition metal fragment.

The 29Si shielding in siloles changes substantially with substituents at silicon, and

there is also a large influence exerted by some substituents in 2,5-positions (Scheme

12). The silacyclopentadiene 52 is also an instructive example for the use of 29Si

NMR spectra in order to obtain information on various coupling constants (Fig. 9).

7-Silanorbornadienes (Fig. 10) appear to play a special role in the field of car-

bocyclic silanes, since they are characterised by significantly deshielded 29Si nu-

clei98–100 (Scheme 13). This can be interpreted as the result of B0-induced

paramagnetic currents involving s-p* and p-s* transitions. So far, derivatives

bearing electronegative functional groups at the silicon atom in 7-position have not

been studied as yet.

Me2Si

H

SiMe2

+

1J(29Si,1H)  39  Hz

δ
29Si 77.1 84

37

1J(29Si,1H)  115.3 Hz

δ
29Si 16.5 (Si-H) -12.9 (SiMe3)85

SiMe2B

SiMe3

H

38

SiMe2Et2B

BuEt

H

1J(29Si,1H)  168.8 Hz

39

δ
29Si -14.6 86

Scheme 10. Examples of 29Si NMR data for electron-deficient Si–H–Si and Si–H–B bridges.
Note that the data indicate a much weaker Si–H–B bridge in 39 when compared with 38.
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The presence of early transition metals in opposite position to the silicon atom in

four-member rings causes significant 29Si magnetic shielding when compared with

analogous rings containing a main group element instead (Scheme 14).

4.3. Isotope-induced 29Si chemical shifts

The advent of NMR spectrometers with external fields B0X4.6 T has encouraged to

measure isotope-induced chemical shifts nDz/yX(29Si) for pairs of isotopes z/yX (e.g.
10/11B, 12/13C, 14/15N) other than 1/2 H102 with reasonable accuracy. Since the relative

change in the masses of zX and yX are small except of 1/2H, the magnitude of
nDz/yX(29Si) is also small (data given in ppb), and both high digital resolution

and sharp 29Si NMR signals are required in order to observe these effects. The

theoretical basis for isotpe-induced chemical shifts applies to nDz/yX(29Si) in the

same way as for other nuclei.103 In addition to vibrational effects as the result of

different masses, electronic effects have to be taken into account. The latter become

particularly important for the more heavy nuclei. In principle, the electronic effects

should also be reflected by spin–spin coupling constants.

Si

MeMe

Et

Me2

Si
MeMe

Et

Me2

Si

N

B

MeMe

Et

Me2

Et

Si

N

B

MeMe

Et
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S

B
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Me2
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S

B
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Se

B
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Et

Me2
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Si
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B

Me
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Me2

Et

Fe(CO)3 Fe(CO)3 Fe(CO)3 Fe(CO)3

δ
29Si 11.4 12.5 23.2 44.5 42.2

δ
29Si 4.3 5.3 13.6 27.1 24.2

Si
MeMe

Et

Me2

Et2B

Si
MeMe

Et

Me2

Fe(CO)3

Et2B

∆
29Si 7.1 7.2 9.6 17.4 18.0

H

H

40 41 42 43 44

45 46 47 48 49

Scheme 11. Comparison of 29Si chemical shifts (d29Si) for silacyclopentadiene and het-
erosilacyclopentadiene derivatives and their Fe(CO)3 complexes. The shift difference D29Si
increases when the heteroatom is less integrated into the p system.
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Scheme 12. The rather strong influence of substituents in 1- or in 2,5-positions on 29Si
chemical shifts (d29Si) of silacyclopentadiene derivatives.
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The first data for 1D12/13C(29Si) and 1D14/15N(29Si) have been reported in the

1980s,6,104 followed by more systematic studies6,105 (Scheme 15). Fig. 11 shows a
29Si NMR spectrum with 13C satellites for four different types of carbon atoms. The

deviation from the mean positions of the 13C satellites relative to the central 29Si

signal is given as 1D12/13C(29Si) and 2D12/13C(29Si). By using the HEED-INEPT or

HEED-DEPT techniques, 15N satellites can be readily assigned for many sili-

con–nitrogen compounds, and isotope-induced chemical shifts 1D14/15N(29Si) can be

determined (Fig. 12).

Usually the magnitude of isotope-induced chemical shifts for isotopes other than
1/2H becomes very small with an increasing number of bonds separating the nuclei

concerned. However, there are notable exceptions. Thus, isotope-induced chem-

ical shifts across two bonds 2D10/11B(29Si) have been measured in various boron

compounds containing bridging hydrogen, oxygen and other heteroatoms between

boron and silicon. The electron-deficient Si–H–B bridge is particularly intriguing.

Although these bridges are rather weak, the observation of fairly large values 2D10/

11B(29Si) is straightforward, indicating unambiguously the presence of the Si–H–B

bridge (Fig. 13).

Fig. 9. 49.8MHz 29Si{1H} NMR spectrum (INEPT) of an organometallic-substituted si-
lacyclopentadiene derivative, showing various types of satellite signals owing to the presence
of isotopomers containing two 29Si, 29S and 13C or 117Sn or 119Sn, as indicated.95a Note the
large difference in 29Si nuclear shielding for the SiMe2 group in the ring and the SiMe3 group
in 5-position. See ref. 96 for further NMR data.
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Fig. 10. 49.8MHz 29Si{1H} NMR spectrum (INEPT) of a 7-silanorbornadiene derivative
showing 117/119Sn and 13C satellites. The assignment of the latter is based on the 29Si satellites
observed in the 13C NMR spectrum (not shown). Note the large deshielding of the 29Si
nucleus. Adapted from ref. 99.
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Scheme 13. Rather extreme (for organosilanes) 29Si chemical shifts (d29Si) are typical of 7-
silanorbornadiene derivatives.

Cp2Ti SiMe2 Cp2Ti Si TiCp2 SiMe2 Si

δ
29Si -76.0 101

δ
29Si 18.4 4,5

57

δ
29Si -145.3 101

δ
29Si 37.2 4,5

58 59 60

Scheme 14. The surprisingly shielding influence for 29Si nuclei induced by the presence of
titatanium complex fragments opposite to silicon in four-membered rings.
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Scheme 15. Examples for isotope-induced chemical shifts 1D12/13C(29Si) and 1D14/15N(29Si).
Negative values in ppb indicate a shift of the 29Si NMR signal for the heavy isotopomer to
lower frequencies. Data taken from refs. 5,28,104 and 105.

Fig. 11. 99.6MHz 29Si{1H] NMR spectrum of the alkenyl(alkyn-1-yl)dimethylsilane in
C6D6 showing 13C satellites for different types of carbon atoms. The 13C satellites are as-
sociated with isotope-induced chemical shifts nD12/13C(29Si) (+1.0 ppb for SiMe, �5.0 ppb
for Si–C ¼ , and �13.1–ppb for Si–C� 12/13C nuclei), which differ in a systematic way with n
and the nature of the carbon atom (see also Scheme 15). Adapted from ref. 108.
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Fig. 12. 99.6MHz 29Si{1H} and 50.4MHz 15N[1H} NMR spectra (INEPT) of a tricyclic
diaminomethylsilane (courtesy of G. Becker and R. Motz) dissolved in C6D6. The

15N sat-
ellites in the 29Si NMR spectrum (the parent signal is partially suppressed by using the
HEED-INEPT pulse sequence) are not symmetric because of the isotope-induced chemical
shift 1D14/15N(29Si). The assignment of the satellites is confirmed by the observation of the
29Si satellite signals in the 15N NMR spectrum (box).95a

Fig. 13. Part of the 99.6MHz 29Si{1H} NMR spectrum (INEPT of an alkene derivative
obtained by 1,1-allylboration of Me2(H)Si–C�C0–Si(H)Me2. The

29Si NMR signal shown is
shifted by more than 30 ppm to high frequency when compared with the other 29Si NMR
signal (not shown). In addition to the reduced 29Si nuclear shielding, the pronounced isotope-
induced chemical shift 2D10/11B(29Si) is noteworthy. This effect is observed only when an
electron-deficient Si–H–B bridge is present. Adapted from ref. 110.

APPLICATIONS OF 29SI NMR PARAMETERS 23



5. INDIRECT NUCLEAR SPIN–SPIN COUPLING CONSTANTS
n
J(29SI,X)

5.1. General

Major trends in indirect nuclear spin–spin coupling constants nJ(29Si,X) have been

summarised in previous reviews.1–5 Although often neglected, modern NMR in-

strumentation can be used for straightforward experiments, in many cases, to de-

termine the signs of the coupling constants J(29Si,X). Here it should be noted again

that g(29Si) o 0 and, therefore, the signs of J(29Si,X) and of the reduced coupling

constants K(29Si,X) are opposite if g(X)40. Usually at least three different types of

nuclei are required for double-resonance experiments aiming for the determination

of coupling signs. Two of these types of nuclei are called ‘‘active spins’’, since

their transitions are either observed or irradiated, and the third kind of nucleus is

called the ‘‘passive spin’’. The selective double-resonance experiments lead to the

comparison of the signs of the two coupling constants, which involve the ‘‘passive

spin’’ and the ‘‘active spins’’. These experiments can be carried out as 1D selective

double-resonance experiments, in a similar way as in the old times of CW NMR

techniques, by observing differential effects for relevant transitions in the NMR

spectra. Perhaps somewhat more elegant, 2D shift correlations (COSY, HETCOR,

HSQC, HMQC and HMBC) can be carried out to serve for the same purpose, by

observing the tilt of the cross peaks in the contour plot for the relevant transitions

(Fig. 14). A positive tilt indicates that that the reduced coupling constants K have

alike signs, a negative tilt indicates opposite signs of K.

Since the natural abundance of 29Si is only 4.7%, the determination of nJ(29Si,X)

from X NMR spectra requires the detection of weak 29Si satellite signals. In ad-

dition to the signal-to-noise problem, the observation of these satellites may be

difficult if the magnitude of the coupling constants is small and the satellites are

close to the intensive parent signals. This is frequently the case for X ¼ 1H and nX2

if the 1H NMR signals are further split by spin–spin coupling of 1H with other

nuclei. In 29Si{1H} NMR spectra, the spin–spin coupling with other abundant or

rare spin-1/2 nuclei is readily observed in most cases, since the 29Si NMR signals are

sharp (see e.g. Figs. 1 and 9–11 for X ¼ 13C, Fig. 12 for X ¼ 15N, Figs. 9–11 for X
29Si or 117/119Sn, Fig. 7 for X ¼ 195Pt).

Recent developments in the quantum chemical treatment of NMR parameters

include successful approaches to the calculation of indirect nuclear spin–spin coupling

constants.119–121,133 This includes nJ(29Si,X) values, at least for nuclei X ¼ 1H, 11B,
13C, 15N, 29Si and 31P. Some examples are given in Table 6 in order to demonstrate

that the experimental trend is correctly reproduced. Some model compounds are not

accessible experimentally. However, even for comparable compounds magnitude and

sign of coupling constants have not always been reported. For Si-elment single bonds,

the Fermi contact (FC) term is the dominating mechanism. In the case of multiple

bonding, the npn-contact terms (spin-dipole term (SD) and paramagnetic spin-orbital

term (PSO)) have to be considered in addition to the Fermi contact (FC) term. These
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non-contact terms are important for Si-element double and triple bonds, in a similar

way as has been pointed out for C ¼ C, C�C,120b,c C�N and C�P bonds.121c

5.2. One-bond couplings, 1
J(29Si,X)

5.2.1. Coupling Constants 1J(29Si,1H)

Coupling constants 1J(29Si,1H) are readily determined either from the 29Si satellite

signals in the 1H NMR spectra (Fig. 15) or from 1H coupled 29Si NMR spectra.129

Extensive lists of data are given in previous reviews.1–6 Changes in the magnitude of
1J(29Si,1H) remind much of the well-known qualitative dependence of 1J(13C,1H) on

Fig. 14. Contour plot of the 2D 120MHz 31P/1H HETCOR experiment for tris(tri-methyl-
silyl)phosphane, P(SiMe3)3, in C5D5. The experiment was modified by using a z-filter109 in
order to suppress most of the intensity of the central signal. This allows to observe the
satellite signals almost undisturbed. The path of PT is indicated for each isotopomer. The
active spins are 31P and 1H in each case, and the passive spin is either 29Si or 13C. In the case
of 29Si, there are two types of pairs of cross peaks for 29Si satellites shown. The pair with
lower intensity has a significant positive tilt which means that 1K(31P,29Si) and 2K(29Si,1HMe)
have alike signs. Since 2K(29Si,1HMe)o0, it holds that 1K(31P,29Si)o 0 (1J(31P,29Si)40 !). The
pair of crosspeaks with higher intensity results from PT across magnetically non-active silicon
isotopes, and there is no tilt because of the small magnitude of 4K(29Si,P,Si,C,1H). A very
small tilt is indicated for 13C satellites. (B. Wrackmeyer and U. Klaus, unpublished results).
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Table 6. Some calculateda and experimental coupling constants 1J(29Si,X) [Hz]

Compound X 1J(29Si,X) (calculated)b 1J(29Si,X) (experimental)b

Me3Si—H 1H, 13C �168.8, �44.1 �184.0

Be SiMe3

9Be +52.7 51.472a

[Me3Si–BH3]
11B �69.5 �74.072b

B

Me
N

N
Me

SiMe3

�103.3 �97.0131

SiMe4
13C �44.3 �50.8

Me2Si(CH2)5
13C �44.2 (Me), �42.9 (CH2) Not measured

Me2Si(CH2)4
13C �42.5 (CH3), �44.2 (CH2) Not measured

Me2Si(CH2)3
13C �34.6 (CH2), �37.0 (CH2),

+14.3 (2J)

�44.6, �42.3,178 16.4178

Me2Si(CH2)2
13C �53.6 (CH3), �22.1 (CH2) —

Si

13C �30.3 Not measured

Me2Si(C�C—Me)2
13C �100.0 (C�), �56.5

(CH3), �20.9 (�C), �1.7

(CH3)

�98.8, �62.2,�19.8, �1.8105

Si(C�C–Me)4
13C �130.6 (C�), �28.3 (�C),

�2.2 (CH3)

�127.0, �26.5, �1.0173a

Me2Si CMe2

13C �126.8 (Si ¼ C), �50.1

(Si–CH3)

—

2
6

B
E
R
N
D

W
R
A
C
K
M
E
Y
E
R



Si

H3Si SiH3

SiH3H3Si

13C +42.1 (Si) Not measured38

[(H3Si)2CH]2Si
13C +42.3 (Si) —

[Me3Si]
+ 13C �32.1 —

MeMe

Me
Me

Me

Si

13C +12.5 Not measured41

Me3Si–SiH3
1H, 29Si �169.0, +67.0

Me3Si–Si(H)Me2
1H, 29Si �159.0, +69.4 +84.6 (Si–Si)

SiH3

Si

Si
Si

Si
SiH3

H3Si

SiH3
29Si �6.3 (Si–Si)+54.3

(Si–SiH3)

Not observed177

Me2Si SiMe2
29Si +164.5 (Si ¼ Si), �44.0

(Si–CH3)

—

Si Si
SiMe3

Me3Si +291.7 (Si-Si),c +52.0

(Si–SiMe3)

Not measured54

(H3Si)3N
15N +3.2 +6.0

(Me3Si)2NH 15N, 1H +8.6, +1.6 (Si–N–H) +13.5, y28

Me2Si NMe2

15N +5.9 Not measured

[(H3Si)2N]2Si
15N �42.5 (Si), +3.2 (SiH3) Not measured

(continued )
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N
Me

Si

Me
N

15N �34.0 Not measured

Me3Si–PH2
31P +59.0d +16.2141

(Me3Si)3P
31P +84.8d +27.2

Me2Si NMe
31P +263.2 (Si ¼ P), +118.0

(SiMe3)

153, 76 (22a)57a

Me3Si–SeMe 77Se +140.4 +110.2 (SeBu)59b

(Me3Si)2Se
77Se +143.1 +109.8146

aGeometries were optimised for this review by B3LYP/6-311+G(d,p) calculations, and coupling constants were calculated at the same level of theory

(Gaussian 03 program package179). The data given are the sum of the contact contribution (FC) and the non-contact contributions (SD and SO).

Experimental data are taken from previous reviews1–5 if not indicated otherwise.
bNote that g(29Si)o0, which means that all signs of J are opposite to those of the reduced coupling constants K for g(X)40.
cThe optimised geometry shows a trans-bent structure with bond angles at the central silicon atoms of 132.91 and the Sii�Si bond length of 209.2 pm.
dThe trend of the experimental data is reproduced; however, the calculated 1J(31P,29Si) values depend strongly on slight changes in the geometry at the

phosphorus atom.

Table 6. Continued
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the s character of the respective hybrid orbitals in the carbon analogues. This

includes in principle changes in 1J(29Si,1H) for activated Si–H bonds. Values

420Hz for coupling constants J(29Si,1H) are taken as a criterion for Si–H bonding

in complexes containing the R3Si–M–H unit. However, it seems that changes in

these data are a complex function of both nature of the substituents R at silicon and

the metal fragment itself.70b,80–83

5.2.2. Coupling constants 1J(29Si,9Be), 1J(29Si,11B)

Only one example is known for 1J(29Si,9Be) ¼ 51Hz in (Z5-C5H5)Be–SiMe3 (65).
72a

For tri-coordinate silylboranes, the 29Si NMR signals are broad owing to partially

relaxed 29Si–11B spin–spin coupling. In one case (66),131 the magnitude and sign of
1J(29Si,11B) has been determined by 1H{29Si} heteronuclear double-resonance ex-

periments. Resolved 1:1:1:1 quartets (67) as the result of 1J(29Si,11B) are observed

for silylborates72b (Scheme 16).

5.2.3. Coupling constants 1J(29Si,13C)

All reduced coupling constants 1K(29Si,13C) in organosilicon compounds containing

tetravalent silicon are positive (1J(29Si,13Co0 !). Possible exceptions (signs have not

Fig. 15. 400MHz 1HNMR spectra for monitoring changes in a reaction mixture containing
two different silanes. The 1H(Si–H) resonances are found in a typical range, accompanied by
29Si satellite (in this case also by 117/119Sn satellites). The different magnitude of 1J(29Si,1H) is
the result of a weak electron-deficient Si–H–B bridge (smaller value) in one isomer, and the
absence (larger value) of such a bridge in the other isomer. Adapted from ref. 93j.
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been determined) may be found for triorganosilyl anions in analogy to the finding

for triorganostannyl anions (1K(119Sn,13C)o0 in [Me3Sn]Li
74) and isoelectronic

phosphanes (1K(31P,13C) o 0). In compounds containing divalent silicon, it can be

predicted that the sign of 1K(29Si,13C) is negative (1J(29Si,13C40 !)), and this is

confirmed by calculation of the coupling constants (Table 6). Listings of repre-

sentative data 1J(29Si,13C) can be found in the previous reviews.1–6 Expectedly,

changes in the magnitude of 1J(29Si,13C) and 1J(119Sn3C)77c,d,1127 for comparable

compounds are similar, in most cases. Since this is also true for coordination

numbers 44, it means that the magnitude of 1J(29Si,13C) increases if the coordi-

nation number of Si increases, even if there is only an equilibrium present

(Scheme 17). The NMR parameters for 68 are typical of Si coordination number 4.

In the case of 69, weak intramolecular N-Si coordination can be assumed, sup-

ported by the expected changes in d29Si and the increase in the magnitude of the

coupling constants 1J(29Si,1H) and 1J(29Si,13C).111 In the structure of 69, the methyl

carbon, the olefinic carbon and the hydride will be preferably adopt positions in the

equatorial plane of a distorted trigonal bipyramid. Within the concept of rehy-

bridisation,118 this causes an increase in the s character of the orbitals involved.

5.2.4. Coupling constants 1J(29Si,29Si), 1J(119Sn,29Si) And 1J(207Pb,29Si)

There is a wealth of compounds containing Si–Si bonds. The coupling constants
1J(29Si,28Si) have been measured in some cases, either by direct observation of 29Si
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CH2NMe2
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δ
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Scheme 17. Evidence for weak intramolecular N–Si coordination revealed by comparison of
29Si NMR parameters.111
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Scheme 16. Examples for coupling constants 1J(29Si,9Be) and 1J(29Si,11B).
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satellites in 29Si NMR spectra61g,113–116,125,126 or by analysis of 29Si satellites in 1H

NMR spectra.117 The reduced coupling constants 1K(29Si,29Si) possess a positive

sign in most cases,125,126 with the possible exception of silyl anions containing Si–Si

bonds (e.g. [(Me3Si)3Si]
� with 1J(29Si,29Si) ¼ 719.0Hz126) The magnitude of

1J(29Si,29Si) in disilanes depends, in a predictable way,114 upon the electronegativity

of the substituents at the silicon atoms, and can be related to the s character of the

Si–Si bond within the model of rehybridisation.118 In the frame of this simplified

approach, it can also be predicted that the magnitude of 1J(29Si,29Si) increases in

going from disilanes to disilenes (Scheme 18), which is supported both by exper-

iment 116 and theory (see Table 6). Although there are no experimental data avail-

able for disilynes so far, the calculations for Me–Si�Si–Me (Table 6) predict a

further increase in the magnitude of 1J(29Si,29Si) and, therefore, the pattern of data
1J(29Si,29Si) is fairly similar to that known for 1J(13C,13C).122

All known coupling constants 1J(119Sn,29Si) appear to possess a positive

sign.123,124 Some typical examples are given in Scheme 19. However, only a lim-

ited data set is available and therefore, it is well possible that changes in the cou-

pling signs will be found. In principle, data 1J(119Sn,29Si) can be readily determined

either from 29Si or from 119Sn NMR spectra by observation of the respective sat-

ellite signals.124,127

Although compounds containing Pb–Si bonds are rare, coupling constants
1J(207Pb,29Si) and their signs (o0; 1K(207Pb,29Si)40 !) have been determined128

(Scheme 20). These compounds deserve some interest since the Pb–Si bonding situation

represents the extreme case in the series of Si-element bonds for group-14 elements.

5.2.5. Coupling constants 1J(29Si,15N) and 1J(31P,29Si)

A large number of data 1J(29Si,15N) has been summarised in two reviews.5,132 With

few exceptions, it appears that the sign of 1J(29Si,15N) is positive.3,134,135 The

1J(29Si,29Si)

70 Me3Si-Si(H)Me2 84.6
71 Me3Si-Si(Ph)Me2 86.1
72 Me3Si-Si(Cl)Me2 94.0
73 Me3Si-Si(F)Me2 98.7
74 Me2Si(SiMe3)2 73.2
75 Si(SiMe3)4 52.5

1J(29Si,29Si)

76 H2(Br)Si-SiH3 86.6
77 H2(I)Si-SiH3 83.4
78 Br2(H)Si-SiH3 98.6
79 Br3Si-SiH3 117.7
80 I3Si-SiH3 97.8
81 Br3Si-Si(H)Br2 171.6

82 Mes2Si=Si(Mes)Xyl 158
83 Mes2Si=SiXyl2 155
84 Xyl2Si=Si(Mes)Xyl 156

1J(29Si,29Si)[Hz] [Hz] [Hz]

Scheme 18. Examples for coupling constants 1J(29Si,29Si).

1J(119Sn,29Si)

85 Me3Sn-SiMe3 +656
86 Me3Sn-SiEt3 650
87 (Me3Sn)2SiMe2 +504.0
88 (Ph3Sn)2SiPh2 535.0
89 (Me3Sn)4Si +227.1
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2Sn SiMe2

SiMe2But
2Sn

Si
Me2
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1J(119Sn,29Si) 226 217 214
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[Hz]
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Scheme 19. Examples for coupling constants 1J(119Sn,29Si).

APPLICATIONS OF 29SI NMR PARAMETERS 31



exceptions known so far are mainly due to the influence of the lone pair of electrons

at the nitrogen atom,136 giving rise to substantial negative contributions to the FC

term if energetically low-lying unoccupied orbitals can be mixed with the ground

states by the external field B0. Thus, the value for
1J(29Si,15N) in Me3Si-NSO is close

to zero,28 and a negative sign of 1J(29Si,15N) has been determined and calculated in

the case of Me3Si–N ¼ N–SiMe3.
133 In any case, many values for 1J(29Si,15N) are

small, often o10Hz, and, therefore, inversion of the coupling sign is well possible.

Typical examples in this respect are N-silylaminotin or titanium chlorides,139 for

which the magnitude of 1J(29Si,15N) is even o5Hz (Scheme 21).

Many coupling constants 1J(29Si,15N) have been measured either by detection of
15N satellites in 29Si NMR spectra (see e.g. Figs. 6 and 12), and for this purpose the

application of the HEED-INEPT experiment28 is particularly helpful. It is also

possible to detect the 29Si satellite signals in the 15N NMR spectra even with 15N at

natural abundance (see e.g. Fig. 12). Frequently it is advisable to record the 15N

NMR spectra under conditions typical of the so-called ‘‘ultra-high resolu-

tion’’,27,33,134c,137 since the natural transverse relaxation times T2(
15N) can be

extremely long which means that the 15N NMR signals are very sharp. This tech-

nique is often fairly straightforward if PT can be applied (Fig. 16).

In silanes bearing electronegative substituents, the change in the d29Si values

as the result of interactions with Lewis bases is accompanied by appropriate scalar

coupling, e.g. 19Si–15N spin–spin coupling, if the exchange is slow. This is

1J(207Pb,29Si)

93 Me3Pb-SiMe3 -764.2 6.8

94 But
3Pb-SiMe3 -207.6 19.0

95 But
3Pb-Si(But)Me2 -102.5 34.7

96 But
3Pb-Si(Ph)Me2 -151.4 13.3

97 But
3Pb-SiMe2SiMe3 57.9 -12.2 (SiMe2)

6.0 (2J) -11.3 (SiMe3)

[Hz] δ
29Si

1J(207Pb,29Si)

98 But
2Pb(SiMe3)2 -180.0 12.0

99 But
2Pb[Si(But)Me2]2 -80.6 30.2

[Hz] δ
29Si

Scheme 20. Examples for coupling constants 1J(207Pb,29Si); data taken from ref. 128.

1J(29Si,15N) [Hz]

(Me3Si)2N X

H +13.5
Na 7.6
SiMe3 +7.7
SnMe3 6.9
SnN(SiMe3)2 6.1
SnCl3 3.8
TiCl3 1.5

X1J(29Si,15N) [Hz]

N(H)But +17.2

NEt2 19.2

N=C=O 14.5

N=C=S 12.2

N=C=C(SiMe3)2 +8.9

N=C=N-SiMe3 +16.9

N=N=N 0

N=S=O 0

N=N-SiMe3 -13.7

X

Me3Si-X

1J(29Si,15N) [Hz]

(Me2Si-NH)3 15.4

(Me2Si-NH)4 16.9

Me2(EtO)Si-N(H)But 21.5

Me(EtO)2Si-N(H)But 30.9

(EtO)3Si-N(H)But 44.6

Si[N(H)Pr]4 31.7

Si(N=C=O)4 57.3

[Si(N=C=S)6]2- 36.1

Scheme 21. Examples for coupling constants 1J(29Si,15N); see e.g. refs. 5, 28, 132 and 140.
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demonstrated for the adduct of Ph–C�C–SiF3 with one or two equivalents of
15N-labelled pyridine.147

Numerous coupling constants 1J(31P,29Si) have been measured, mainly for si-

lylphosphanes (values of 1J(31P,29Si) are found of the order of 10–70Hz1–5,57,157,175),

but also for the rare examples of derivatives with Si ¼ P bonds57 (see Scheme 6). The

sign of 1J(31P,29Si) is invariably positive (1K(31P,29Si)o0 !) for three-coordinate

phosphorus atoms94f,141,142 (the confusing statement in ref. 143 should be ignored).

This is also evident for tris(trimethylsilyl)phosphane as shown in Fig. 14. It can be

safely assumed that 1J(31P,29Si) is positive for the Si ¼ P bond as in 2157a (Scheme 6)

owing to the dominant influence of the lone pair of electrons at the phosphorus

atom,136 in agreement with calculations (Table 6). When the phosphorus lone pair

becomes engaged in s bonding, the sign of 1J(31P,29Si) can change from positive to

negative94f (1K(31P,29Si)40 !) as shown for compound 100 by the temperature-

dependent equilibrium144 in Scheme 22. The analogous behaviour is also well

Fig. 16. 30.4MHz 15N{1H} NMR spectrum of tris(trimethylsilyl)ketimine (INEPT, ultra-
high resolution: 10mm tube, 50/50 (v/v) in C6D6, 23 1C, acquisition time 48 s, 128 transients,
repetition delay 30 s; h1/2 ¼ 0.020Hz). 29Si satellites are marked by filled squares and cycles,
and 13C satellites are marked by asterisks and arrows. Note the large isotope-induced chem-
ical shift 1D12/13C(15N) ¼ �82.6 ppb. Adapted from ref. 137c2.
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established for 1J(31P,13C) in phosphanes and phosphane complexes or phospho-

nium salts.

5.2.6. Coupling constants 1J(77Se,29Si) and 1J(125Te,29Si)

The interest in the chemistry of sulphur, selenium and tellurium has recently led to

numerous novel slicon–selenium and silicon–tellurium compounds, of which cou-

pling constants 1J(77Se,29Si) and 1J(125Te,29Si) have been measured.58–61,95e The

positive sign of 1J(77Se,29Si) (1K(77Se,29Si) o 0 !) has been determined experimen-

tally for several examples,94e,145,146 and is also predicted by calculations (Table 6).

Since the known comparable data 1J(77Se,29Si) and 1J(125Te,29Si) follow the same

trend it is reasonable to assume that the reduced coupling constants 1K(77Se,29Si)

and 1K(125Te,29Si) possess alike signs. Some examples (102–108) for 1J(77Se,29Si)

and 1J(125Te,29Si) are given in Scheme 23.

5.2.7. Coupling constants 1J(29Si,19F)

Coupling constants 1J(29Si,19F) have attracted much attention, and consequently

numerous data have been collected and cited in previous reviews.1–6,148 The values

for 1J(29Si,19F) range from about 120 to almost 400Hz. There appears to be no

straightforward relationship between the magnitude of 1J(29Si,19F) (positive sign;
1K(29Si,19F)o0 !) and structural features. However, the multiplicity of the 29Si

NMR signals serves in the usual way to assess the number and the type of 19F nuclei

bonded to silicon. The combination of temperature-dependent 19F and 29Si NMR

BEt2

P
Me2Sn

EtMe

Me3Si
SiMe3

BEt2

P
Me2Sn

EtMe

Me3Si
SiMe3

100 100´

25 °C (in toluene) -15 °C (in toluene)

1J(31P,29Si) +4.7 Hz 1J(31P,29Si) -1.9 Hz

δ
29Si 5.1 δ

29Si 6.1

Me3Sn P(SiMe3)2

25 °C (in toluene)

1J(31P,29Si) +36.6 Hz

δ
29Si 4.9

101

Scheme 22. Dependence of magnitude and sign of 1J(31P,29Si) on the coordination number
of the phosphorus atom. Engagement of the lone pair of electrons at phosphorus in coor-
dinative bonding reduces negative contributions to the FC term, and the sign of 1K(31P,29Si)
(opposite to 1J(31P,29Si) !) can become positive.144

1J(77Se,29Si) 1J(125Te,29Si)

102 Me3Si-EBu 110.8 281.8
103 Me2Si(EBu)2 137.3 361.0
104 MeSi(EBu)3 150.4 421.8
105 Si(EBu)4 180.2 454.9

1J(77Se,29Si) [Hz]1J(125Te,29Si)

105 (H3Si)2E 110.6 --
107 (Me3Si)2E 109.2 274.6
108 (Ph2SiE)3 99.1 373.2

E = Se, Te

Scheme 23. Examples for coupling constants 1J(77Se,29Si) and 1J(125Te,29Si); data taken
from refs. 59b,61a and 146.
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spectroscopy together with the observation of 1J(29Si,19F) is particularly useful for

the study of silicon fluorides with coordination number of silicon greater than

4.147,149–151 An instructive example is shown in Fig. 17, where Si–F–Si bridging and

the fluxional character of this bridge become apparent.151 The magnitude of
1J(29Si,19F) for the apical position of fluorine in a trigonal bipyramidal geometry at

the silicon atom is usually smaller than that for equatorial positions.

5.2.8. Coupling constants 1J(M,29Si) (M ¼ transition metal nucleus)

In the cases of various spin-1/2 transition metal nuclei M (57Fe,153 103Rh,154

182W,49c,155 195Pt,156 199Hg152), coupling constants 1J(M,29Si) have been measured,

mainly from 29Si NMR spectra. For quadrupolar nuclei M, the splitting is usually

not resolved in the solution state 29Si NMR spectra, but the value 1J(M,29Si) might

be deduced from solid-state 29Si NMR spectra, e.g. for M ¼ 55Mn.75 It can be

assumed that all reduced coupling constants 1K(M,29Si) possess a positive sign, in

analogy to the experimental findings for 1K(M,119Sn). The data set is still fairly

limited. However, certain trends, e.g. in analogy to 1J(M,13C), become already

Fig. 17. 59.6MHz 29Si{1H} NMR spectrum of hexakis(fluorodimethylsilyl)benzene (in C7D8)
at variable temperature. At low temperature, the triplet splitting suggests a five-coordinate
silicon atom bearing two fluoro substituents in equivalent (axial) positions (in the crystal, the
positions are slightly different). At high temperature, the intramolecular exchange of the 19F
nuclei becomes fast, leading to a septet of the 29Si NMR signal. Adapted from ref. 151.
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evident. In the cases of 1J(183W,29Si) ¼ 30.5 and 143.9Hz for complexes with for-

mal W–Si single and double bonds, respectively49c (see Scheme 5), the situation is

similar to that for 1J(183W,13C) for W–C single and double bonds. A fairly large

data set is available for 1J(199Hg,29Si) as shown for 109–119,152 which shows a

strong dependence on the nature of the other substituent(s) (Scheme 24). This is an

expected behaviour, considering the polarizability of the Hg–Si bonds.

5.3. Two- (geminal) and three-bond (vicinal) coupling constants, 2
J(29Si,X) and

3
J(29Si,X)

5.3.1. Coupling constants 2,3J(29Si,1H) and 2,3j(29Si,19F)

The ever increasing performance of NMR spectrometers has provided a large set of

data nJ(29Si,X) for n41. Frequently, these data are not used for structural assign-

ment, very often they are not even reported (e.g. for X ¼ 1H). For X ¼ 1H (or

likewise 19F), the 29Si-X scalar couplings form the important basis for PT in 1D or

2D NMR experiments. The majority of data have been measured for organosilicon

compounds with coupling across one or two carbon atoms. For intervening al-

iphatic carbon atoms, the sign of 2J(29Si,1H) is positive (2K(29Si,1H) o 0 !), in

contrast to the situation for an intervening olefinic carbon atom where the sign of
2J(29Si,1H) is usually negative (2K(29Si,1H)40 !). In the case of alkylsilicon com-

pounds, the variation in the magnitude of 2J(29Si,1H) is relatively small (about

6.573Hz). However, the general trend reminds of that found for 2J(119Sn,1H) for

methyltin compounds. The absolute magnitude of coupling constants 3J(29Si,1H)

(negative sign; 3K(29Si,1H)40 !) in aliphatic frameworks or in phenylsilanes is sim-

ilar to that of 2J(29Si,1H) in alkylsilanes (note the opposite sign !). In alkenylsilanes,

the usual trend is observed with 93J(29Si,1H)trans9493J(29Si,1H)cis9, and the values

increase in the presence of electropositive substituents at the C ¼ C bond.160 There

are also numerous examples for nJ(29Si,1H) (n ¼ 2,3) across heteroatoms,4,5 and it

has been shown that this is useful to assess hypervalency of the silicon atom.161 In

general the magnitude of 2J(29Si,19F) (the sign is negative in most cases;
2K(29Si,19F)40 !) and 3J(29Si,19F) values are larger than 29Si–1H coupling con-

stants. Trends have been pointed out and numerous data are listed.4,5,158,159

1J(199Hg,29Si) [Hz]

109 Me3Si-Hg-Me 1393

110 Me3Si-Hg-Et 1227

111 Me3Si-Hg-CH2(CH3)3 1245

112 Me3Si-Hg-But 996

113 Me3Si-Hg-C 1950

114 Me3Si-Hg-C 2001

1J(199Hg,29Si) [Hz]

115 Me3Si-Hg-SiMe3 981
116 (Me3Si)3Si-Hg-Si(SiMe3)3 432
117 Me2(Cl)Si-Hg-Si)Cl)Me2 1392
118 Cl2(Me)Si-Hg-Si(Me)Cl2 (Et2O) 2395
119 Cl3Si-Hg-SiCl3 (Et2O) 3864

C-Bu

C-Ph

Scheme 24. Some coupling constants 1J(199Hg,29Si) for silyl mercury derivatives; data taken
from ref. 152.
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5.3.2. Coupling constants 2,3J(29Si,13C), 2,3J(29Si,29Si), 2,3J(119Sn,29Si) and
2J(207Pb,29Si)

Coupling constants nJ(29Si,13C) (n41) across carbon or other elements can be

measured either from 13C NMR (29Si satellites) or from 29Si NMR spectra (13C

satellites). In most cases, the magnitude of these coupling constants is relatively

small (o10Hz) which makes it somewhat difficult to observe the satellites in rou-

tine NMR spectra.201 In alkyn-1-ylsilanes, the absolute magnitude of 2J(29Si,�13C)

(negative sign; 2K(29Si,�13C)40 !) across the alkynyl carbon atom is410Hz, and it

increases with electronegative substituents at the silicon atom, following the trend

set by the data 1J(29Si,13C�) (Scheme 25).

The presence of two or more silicon atoms in different surroundings within the

same molecule enables to measure coupling constants nJ(29Si,29Si) (n41) by de-

tection of the 29Si satellites in 29Si NMR spectra (see e.g. Fig. 9 for n ¼ 2 and an

intervening sp2-hybridised carbon). Important applications are obvious for siloxane

derivatives 116 or silicates (with 29Si enrichment),162–164 if it is possible to observe

these two-bond couplings for 29Si–O–29Si units.

Geminal coupling constants 2J(119Sn,29Si) are known for various classes of com-

pounds, and their signs have been determined in some cases (Scheme 26).93j,134,165

They can be readily observed either from 119Sn NMR (29Si satellites) or from 29Si

NMR spectra (117/119Sn satellites; see Figs. 9 and 10). Changes in the magnitude of

vicinal coupling constants 3J(119Sn,29Si) across C ¼ C bonds are similar to those

observed for analogous values 3J(119Sn,13C).77c,77d,166

In methane derivatives, where the carbon atom bears plumbyl and silyl subs-

tituents, the combination of 2D 13C/1H and 29Si/1H HETCOR was used (Fig. 18) in

order to determine the sign of the coupling constant 2J(207Pb,29Si) (positive;
2K(207Pb,29Si) o 0 !).165

2J(29Si,13Calkyne)[Hz] 1J(29Si,13Calkyne)

120 Me3Si-C 90.9 15.6
121 Me2Si(C 98.8 19.8
122 MeSi(C 112.2 22.8
123 Si(C 127.0 26.5

2J(29Si,13Calkyne)[Hz] 1J(29Si,13Calkyne)

124 Me3Si-C 68.2, 160.7(SiCl3) 11.2, 25.7 (SiCl3)
125 Bu-C 172.1 35.3
126 Me3Si-C 75.1, 87.0 (SiH3) 12.2, 13.6 (SiH3)
127 Ph2(H)Si-C 83.9 13.1
128 Si2(C 108.0 21.3

C-SiH3

C-Me
C-Me)2

C-Me)3

C-Me)4

C-SiCl3
C-SiCl3

C-Si(H)Ph2

C-Bu)6

Scheme 25. Selected coupling constants 1J(29Si,13C) and 2J(29Si,13C) for alkyn-1-ylsilanes;
data taken from refs. 85,95,172 and 173.

Me3Si
CH2

Me3Sn Me3Sn

Me3Si Me3Si
N

Me3Sn

SnMe3
Me3Si

P
Me3Sn

SiMe3

Et

BEt2

2J(119Sn,29Si) [Hz]

-25.4 -38.0

Me3Si
C

Me3Sn SiMe3

SiMe3

-31.1

Me3Si
CH

Me3Sn
SiMe3

+92.1 -25.4-7.6

129 130 131 132 133 134

Scheme 26. Geminal coupling constants 2J(119Sn,29Si) across carbon,125,165,169,171 nitro-
gen134c and phosphorus.146 The signs have been determined by appropriate 2D HETCOR
experiments.
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5.3.3. Coupling constants 2J(29Si,15N) and 2J(31P,29Si)

The influence of the lone pair of electrons either on the nitrogen or the phosphorus

atom on magnitude and sign of coupling constants is of particular interest,136 since

it might reveal structural information. This has hardly been exploited in the case of
2J(29Si,15N), although the effect will be obvious. Usually the magnitude of
2J(29Si,15N) is small and the measurement in natural abundance of the isotopes is

not always straightforward. An assignment problem may arise if one- and two-

bond couplings are observed at the same time as is the case in aminodisilane de-

rivatives for 1J(29Si,15N) and 2J(29Si,Si,15N), for which the magnitudes may be

similar.170 In these cases, if the couplings are measured from 15N satellites in the
29Si NMR spectra, the isotope-induced chemical shifts 91D14/15N(29Si)9b
92D14/15N(29Si)9 are helpful.

In contrast with amines, the inversion at the phosphorus atom in phosphanes is

much more hindered and, therefore, the influence of the lone pair of electrons at the

phosphorus atom becomes more readily apparent if the substituents prefer a par-

ticular orientation. This can be enforced by using bulky substituents (Scheme 27).167

The effect has first been observed for 2J(31P,13C) in aminophosphanes, where the J

values are large and positive for a syn-orientation and small and negative for anti-

orientation of the respective N–C bonds and the assumed orientation of the lone

electron pair at the phosphorus atom.168 The analogous stereochemical dependence

is observed for 2J(31P,N,29Si) as shown for the N-silylaminophosphanes 135 and 136

(Scheme 27).167

Fig. 18. Contour plots of the 2D 75.7MHz 13C/1H (left) and 59.6MHz 29Si/1H HETCOR
(right) experiments carried out for trimethylplumbyl(trimethylsilyl)methane. The relevant
cross peaks for satellites have been detected with the tilt in order to compare the signs of
various reduced coupling constants as indicated. Since the absolute sign of 2K(207Pb,1H)o0 is
known, other absolute signs of coupling constants become available. Adapted from
ref. 165.
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5.3.4. Other two- and three-bond coupling constants 2,3J(29Si,X)

The multinuclear approach to NMR spectroscopy of organometallic compounds will

provide more data on those coupling constants 2,3J(29Si,X) that have not been studied

in a systematic way so far (e.g. X. ¼ 77Se, 125Te and many transition metal nuclei).

5.4. Long-range coupling constants n
J(29Si,X) with n43

Spin–spin coupling between 29Si and other nuclei X across four or more bonds is

rarely observed, and there are no systematic studies so far. The limited data set

prevents its application as a diagnostic criterion for the assignment of structural

features. It can be expected that there will be more data for such compounds where

a p system and a metal is involved in the transfer of scalar interactions. Thus, in

those cases where one finds unusual large 119Sn-X coupling constants, one may also

look for measurable 29Si-X spin–spin coupling. An example is 5J(119Sn29Si) for the

allene derivative 137176 (Scheme 28).

The increasing analytic ability of modern NMR spectroscopy will make use of

long-range coupling constants nJ(29Si,X) (n43) for assignment purposes, in particular

for X ¼ 1H, when gradient-enhanced 2D HMBC experiments can be set up to detect
29Si resonances as a consequence of very small scalar 29Si–1H spin–spin coupling.

P N

SiMe3

SiMe3
Ph

Ph P N

SiMe3

SiMe3
Cl

But

2J(31P,29Si)anti

2J(31P,29Si)syn
2J(31P,29Si)syn

2J(31P,29Si)anti

-24.0 Hz

+10.7 Hz

-32.4 Hz

+5.8 Hz

-40 °C 25 °C

135 136

Scheme 27. Stereochemical dependence of sign and magnitude of 2J(31P,N,29Si) in N-
silylaminophosphanes. The bulky groups at both phosphorus and nitrogen atoms cause
hindered rotation about the P–N bond.167b

C C C

H

C

Me3Si

Me3Sn

Me3Si
SnMe3

B

2J(119Sn(1),29Si(1))

30.0, 30.0 Hz

2J(119Sn(4),29Si(4))

51.5, 51.3 Hz
5J(119Sn(1),29Si(4))

19.5, 21.7 Hz

(1)

(1)

(4)
(4)

5J(119Sn(4),29Si(1))

22.0, 24.9 Hz

δ
29Si(1)

-3.6, -3.7

δ
29Si(4)

-0.2, -0.4

137

Scheme 28. Long-range coupling constants 5J(119Sn,29Si), in addition to 2J(119Sn,29Si), in an
organometallic-substituted allene. Since there are two chiral centres, a mixture of dia-
stereomers is present.176
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6. CONCLUSIONS

29Si NMR spectroscopy in solution and, increasingly, in the solid state has become an

indispensable tool in the multi-faceted silicon chemistry. The 29Si NMR parameters

are ideally suited to complement direct structural information from X-ray crystallo-

graphy. Moreover they are extremely valuable in the investigation of dynamic prop-

erties both intermolecular and intramolecular. This includes the attractive chemistry

of hypervalent silicon as well as the fascinating ‘‘playground’’ of low-coordinated

silicon compounds. The excellent performance of modern NMR spectrometers has

overcome most problems associated with the determination of 29Si NMR parameters.

The trend towards a multinuclear approach in NMR spectroscopy is certainly

fortified by the availability of 29Si NMR parameters.
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B. Wrackmeyer, Chem. Ber., 1991, 124, 1003.
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G. Seidel, I. Klopp, C. Krüger, G. Kehr, J. SüX and B. Wrackmeyer, Chem. Ber., 1993, 126, 1385;
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141. G. Fritz and H. Schäfer, Z. Anorg. Allg. Chem., 1974, 409, 137.

142. I. J. Colquhoun, J. D. Kennedy, W. McFarlane and R. J. Puddephatt, J. Chem. Soc. Chem.

Commun., 1975, 638.

143. S. Berger, S. Braun and H. -O. Kalinowski, NMR Spectroscopy of the Non-Metallic Elements,

Wiley, Chichester, 1997, p. 945.

144. B. Wrackmeyer, S. Kerschl and H. E. Maisel, Main Group Met. Chem., 1998, 21, 89.

145. (a) G. Pfisterer and H. Dreeskamp, Ber. Bunsenges. Phys. Chem., 1969, 83, 654; (b) C. H. W. Jones

and R. D. Sharma, J. Organomet. Chem., 1984, 268, 113.

146. B. Wrackmeyer, G. Kehr, K. Bauer and U. Dörfler, Main. Group Met. Chem., 1995, 18, 1.

147. M. Nakash and M. Goldvaser, J. Am. Chem. Soc., 2004, 126, 3436.

148. (a) R. B. Johannesen, F. E. Brinckman and T. D. Coyle, J. Phys. Chem., 1968, 72, 660;

(b) R. B. Johannesen, T. C. Farrar, F. E. Brinckman and T. D. Coyle, J. Chem. Phys., 1966,

44, 962.

149. (a) S. E. Johnson, R. G. Day and R. R. Holmes, Inorg. Chem., 1989, 28, 3182; (b) R. Damrauer and

S. E. Danahey, Organometallics, 1986, 5, 1490.

150. A. R. Bassindale, Y. I. Baukov, M. Borbaruah, S. J. Glynn, V. V. Negrebetsky, D. J. Parker, P. G.

Taylor and R. Turtle, J. Organomet. Chem., 2003, 669, 154.

151. K. Ebata, T. Inada, C. Kabuto and H. Sakurai, J. Am. Chem. Soc., 1994, 116, 3595.

152. (a) M. J. Albright, T. F. Schaaf, A. K. Hovland and J. P. Oliver, J. Organomet. Chem., 1983, 259,

37; (b) A. Sebald and B. Wrackmeyer, Spectrochim Acta, 1986, 42, 1107.

153. E. Hengge, M. Eibl and F. Schrank, J. Organomet. Chem., 1989, 369, C 29.

154. (a) Y. Nishihara, M. Takemura and K. Osakada, Organometallics, 2002, 21, 825; (b) M. -J.

Fernandez, P. M. Balley, P. O. Bentz, J. S. Ricci, T. F. Koetzle and P. M. Maitlis, J. Am. Chem.

Soc., 1984, 196, 5458.

155. (a) K. Ueno, A. Masuko and H. Ogino, Organometallics, 1997, 16, 5023; (b) S. B. Duckett, D. M.

Haddleton, S. A. Jackson, R. N. Perutz, M. Poliakoff and R. K. Upmacis, Organometallics, 1988, 7,

1526.

156. H. Yamashita, M. Tanaka and M. Goto, Organometallics, 1997, 16, 4696.

157. (a) R. Pietschnig, Chem. Commun., 2004, 546; (b) M. Westerhausen, R. Löw and W. Schwarz,
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Taking advantage of fluorine labeling technique for NMR studies of biological

systems, combined with the use of ring-fluorinated haems, allows the observation of

well-resolved 19F signals in all of the accessible oxidation, spin, and ligation states

of b-type haemoproteins, thus providing potential spectroscopic probes for

characterizing the haem active site. An analysis of the effects of the introduced

fluorine atom(s) on the nature of the protein often provides valuable information

about the protein architecture. The method provides a new means for the detailed

characterisation of the haem electronic structure in various b-type haemoproteins in

their physiologically active forms and to delineate their structure–function

relationships. Sensitivity of the method to the electronic and dynamic properties

of the haem active site in the proteins is described.
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1. INTRODUCTION

A number of reviews on NMR studies of haemoproteins have already appeared,

some1–7 comprehensive and others8–26 more focused. As described in those reviews,
1H is by far the most popular nucleus for NMR investigations of the structural and

electronic properties of haemoproteins, because of its high detection sensitivity and

high natural abundance. However, most 1H NMR signals resonate in the shift range

of –5 to 20ppm and, consequently, a detailed study of haemoproteins is often

hampered by severe signal overlapping, especially as the size of the protein becomes

larger. Therefore, with larger proteins, it is necessary to employ stable isotopic

labeling in order to resolve and assign the signals of interest.27 When such signals

cannot be adduced from the spectrum of the native system, an exogenous fluorine

spin can be introduced.28–99 By analogy with the use of paramagnetic species,3 the

problem of the signal overlapping can easily be overcome. Additionally, an analysis

of the effects of the introduced exogenous atom(s) on the nature of the protein often

provides valuable information about the structure–function relationship of the

protein. Furthermore, in addition to solution 19F NMR studies, solid-state 19F NMR

methods for studying biologically relevant molecules are also quite promising.100–113

In this chapter, 19F NMR114–122 studies of haemoproteins are reviewed with

emphasis on the characterisation of electronic and dynamic properties of the haem

active site. Owing to the absence of interfering background signals, the introduction

of a fluorine atom(s) into specific site(s) of the proteins facilitates the observation of

their signals in various oxidation, spin, and ligation states, which are expected to

serve as potential spectroscopic probes for characterizing the electronic nature of

the haem active site.116,117,121,122 19F is a 100% naturally abundant nucleus with

nuclear spin I ¼ 1=2 and, because of a relatively high gyromagnetic ratio, 19F NMR

is about 83% as sensitive as 1H NMR. Furthermore, its high gyromagnetic ratio

facilitates the observation of dipole connectivity between the 19F nuclei or between

the 19F and 1H nuclei, which provides valuable information about molecular

structure. The van der Waals radius of a fluorine atom is only slightly larger than

that of a hydrogen atom, i.e., 0.135 and 0.11 nm for fluorine and hydrogen,

respectively, and hence the introduction of fluorine atom(s) into a molecule of

interest is expected to perturb its structure only slightly. However, care should be

taken regarding large perturbations in the electronic structure of the molecule,

which may be caused by 19F labeling due to its high electronegativity.

Additionally, because of the wider spectral range for 19F NMR than 1H NMR,

the former is considerably more sensitive to the local magnetic environment than

the latter, providing not only a better resolution of signals, but also a larger

dynamic range, namely the superior ability to differentiate between signals arising

from various species which are in a dynamic equilibrium. Therefore, it is more likely

that individual signals will be resolved on 19F NMR and the signals will in turn be a

sensitive probe for the detailed characterisation of proteins at the atomic level.

Furthermore, according to the Q value which relates to the contact coupling

constant of a given nucleus with the p spin density of an attached sp2 carbon, the

NMR signal of a fluorine side-chain is much more sensitive to the haem porphyrin
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p-system than that of a haem side-chain proton, as manifested, for example, in the

QH
CH ( ¼ –75.6MHz123) and QF

CF ( ¼ –410MHz124) values. Finally, 19F relaxation

exhibits a relatively large chemical shift anisotropy contribution and valuable

information about the dynamic nature of the molecules can be inferred through the

analysis of 19F relaxation.125

2. HAEMOPROTEIN

Because of their ubiquitousness and abundance as well as their many unique

physicochemical properties arising primarily from the presence of a haem group,

usually an iron–protoporphyrin IX complex (protohaem; structure shown in Fig. 1A),

haemoproteins are the most studied group of proteins. Haem is the prosthetic group

of a number of proteins possessing remarkably different functions, i.e., oxygen

storage or transport proteins (myoglobin (Mb) or haemoglobin(Hb)), electron

transfer proteins (cytochromes, etc.), oxidase enzymes (peroxidase, catalase, etc.), and

gas sensor proteins (Fix L126, Haem AT127, etc.). Since these proteins contain the

same prosthetic group at their active sites, their functional differences are thought to

arise from differences in the way that they interact with the haem.

Mb, a typical haemoprotein, is a monomeric protein with a molecular weight of

about 17kDa, and a single haem is embedded in its protein moiety, which consists of

eight helices (A–H). The haem iron is bound to the protein matrix through the

proximal His residue (His F8), the 8th residue in the F helix (Fig. 2). In general, the

haem iron in Mb is either in the ferrous or ferric state. The numbers of electrons in

the 3d orbitals of ferrous and ferric iron are 6 and 5, respectively. Hence, the total

spin quantum number S is an integer and half-integer for ferrous and ferric irons,

respectively. Depending upon the degree of spin pairing of electrons in the 3d

orbitals, ferrous haem iron can have 4, 2, or 0 unpaired electrons, corresponding to

S ¼ 2, 1, or 0, respectively, and for ferric haem iron S ¼ 5=2; 3=2, or 1/2 with 5, 3, or

1 unpaired electrons, respectively. Based on an octahedral ligand field, the energy

levels of the five 3d orbitals of the iron atom are split into two groups in such a way

that the energies of the dz2 and dx2�y2 orbitals are higher than those of the other three

orbitals, dxy, dyz, and dxz.
5 The spin state of a haemoprotein depends on the chemical

nature of the ligand. For the ferrous haem iron, the deoxy form (deoxy Mb; Fig. 2B)

is penta-coordinated with a high-spin configuration, S ¼ 2, and the oxy form

(MbO2) or carbonmonoxy form (MbCO) possesses a low-spin configuration, S ¼ 0.

On the other hand, the binding of ligands of relatively weak field strength such as

H2O to ferric haem iron gives a high-spin state S ¼ 5=2 (met-aquo Mb), and a low-

spin state S ¼ 1=2 is achieved with a strong ligand such as CN– (met-cyano Mb).

3. 19F LABELING OF b-TYPE HAEMOPROTEIN USING

RECONSTITUTION

A technique called reconstitution, combined with the use of fluorinated

haems,116,128–133 can be used to introduce fluorine atom(s) selectively and specifically
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Fig. 1. The structures of protohaem (A), mesohaem (B), 7-PF (13,17-bis(2-carboxyla-
toethyl)-3,8-diethyl-2,12,18-trimethyl-7-trifluoro-methylporphyrinatoiron(III)) (C), 3,7-DF
(13,17-bis(2-carboxyethyl)-2,8,12,18-tetramethyl-3,7-difluoroporphyrinatoiron(III)) (D), and
2-MF (13,17-bis(2-carboxylatoethyl)-3,8-diethyl-2-fluoro-7,12,18-trimethylporphyrinatoiron
(III)) (E). Iron-free porphyrins of protohaem and mesohaem are called protoporphyrin and
mesoporphyrin, respectively, and those of 7-PF, 3,7-DF, and 2-MF are indicated as 7-PFP,
3,7-DFP, and 2-MFP, respectively.
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Fig. 2. Schematic representation of haem iron coordination structures in ferrous
hexacoordinated (A) and pentacoordinated (B) states. L in A represents an exogenous
ligand such as O2 or CO.
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into the active sites of b-type haemoproteins. This 19F labeling technique is

completely different from that utilized for the ordinary proteins.28–32 As

schematically illustrated in Fig. 3, haem was extracted from a native protein

according to the method described previously.134 Since there is no covalent bond
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Fig. 3. Schematic representation of preparation of apoprotein (1), reconstitution (2), and
haem reorientation reaction (3). Two possible orientations of haem relative to His F8 are
illustrated at the bottom; normal form (left) represents the orientation found in the crystal
structure of sperm whale Mb167 and reversed one (right) that with the haem rotated 1801
about the 5,15–H meso-proton axis from that of the normal form.
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between the haem and the protein moiety in a b-type haemoprotein, partial

unfolding of the protein at pH o2.7 promotes haem release. The released haem is

extracted from the apoprotein solution using 2–butanone. Then the apoprotein

solution is exhaustively dialyzed against water to remove any 2–butanone distributed.

The apoprotein solution is adjusted to neutral pH and then a stoichiometric amount

of the haem of interest is mixed in to reconstitute the holoprotein. Using the

reconstitution technique, the desired haems and even non-haem compounds can be

incorporated into b-type haemoproteins.

It has been supposed that the reaction between haem and apoprotein proceeds in a

specific manner and yields the native holoprotein instantaneously.135,136 Paramag-

netic 1H NMR studies of native and reconstituted Mbs, however, revealed that the

reaction of haem with the apoprotein initially yields �1 : 1 mixture of two isomers

and both components are present in the native protein.137–139 The time course of the
1HNMR spectrum of reconstituted protein demonstrated that one form is converted

into the other, thermodynamically favored, form and the rate at which the

equilibrium mixture is attained is on the hour or day rather than the millisecond time

scale as originally thought. Therefore, the presence of the haem orientation disorder

as well as the dynamics of the haem reorientation reaction need to be taken into

account in the structural and functional study of reconstituted proteins.

Aiming at incorporation into Mb, several fluorinated haems have been

synthesized (Fig. 1C–E).114,116,128–133 The initial attempts to incorporate fluorine

atom(s) into haem were focused on the substitution of a perfluoromethyl group,

CF3, for the haem methyl group.128–132 The introduction of a strongly electron-

withdrawing CF3 group into the porphyrin ring, however, greatly affects the

p-system of the haem and has marked effects on the physicochemical properties of

haems as well as Mbs reconstituted with such fluorinated haems.132,133,140–142 On

the other hand, ring fluorination of porphyrin is expected to induce a relatively

small perturbation of the haem electronic structure due to a repulsive interaction

between electrons in the p-orbitals of the fluorine atom and the p-system of the

porphyrin ring, and therefore provides a suitable 19F NMR probe for the structure

study of the haemoproteins.114,116,117,120

4. EFFECT OF 19F LABELING ON THE ELECTRONIC STRUCTURE

OF PORPHYRIN

The electronic structures of the porphyrins were compared through the analysis of

the 1H NMR spectra of their dimethyl ester derivatives (Fig. 4). The fluorinated

porphyrins exhibited typical spectral patterns similar to those of protoporphyrin and

mesoporphyrin. In general, the shifts of the signals are affected by the ring current of

the porphyrin macrocycle and the electronic inductive effect of nearby substituents

and the ring-current shift is also modulated by the electronic contribution of the

substituents. Since four meso protons, namely, protons bound to carbons at the 5,

10, 15, and 20 positions occupy the same orientation relative to the porphyrin

macrocycle, in-plane asymmetry of the haem electronic structure is reflected directly
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in a spread of haem meso-proton signals. The values of 0.20, 0.01, 0.31, 0.17, and

0.09 ppm were observed for the meso-proton signals of protoporphyrin, mesopor-

phyrin, 7-PFP, 3,7-DFP, and 2-MFP, respectively. The smaller spread for

mesoporphyrin than protoporphyrin indicated that the substitution of ethyl groups

for the vinyl groups of the latter enhances a four-fold symmetry of the porphyrin

electronic structure in the former. Furthermore, since mesoporphyrin and 7-PFP
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Fig. 4. 1H NMR spectra of protoporphyrin (A), mesoporphyrin (B), 7-PFP (C), 3,7-DFP
(D), and 2-MFP (E) dimethylesters in CDCl3 at 25 1C.
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possess the same molecular structures except for the 7-position which has a CH3

group for the former and CF3 group for the latter, the larger spread for 7-PFP than

mesoporphyrin dictated that the four-fold symmetry of the porphyrin electronic

structure in mesoporphyrin is distorted by the replacement of CH3 by CF3 due to the

strong electron-withdrawing property of CF3. On the other hand, as observed in the

slightly larger spread of the meso-proton signals for 2-MFP than for mesoporphyrin,

demonstrated that the replacement of a CH3 group by F induces only a small

distortion in the four-fold symmetry of the electronic structure of the porphyrin.

Furthermore, 3,7-DFP exhibited the spread comparable to that of protoporphyrin.

These results confirmed the substantially smaller perturbation of the ring

fluorination, relative to that of the CF3 substitution, on the porphyrin electronic

structure, as expected from the comparative study between benzene derivatives

bearing fluoro and CF3 groups. The 19F NMR spectra of 7-PFP, 3,7-DFP, and

2-MFP are compared in Fig. 5. The signal of 7-PFP resonates at �30 ppm and those

of 3,7-DFP and 2-MFP at ��70 ppm.

5. NMR SPECTRAL COMPARISON OF HAEM bis-CYANO

COMPLEXES

The effects of the fluorine substitution on the haem electronic structure were more

obvious in the paramagnetic complex. The 1H NMR spectra of the bis-cyano forms

of protohemin, mesohaem, 7-PF, 3,7-DF, and 2-MF are compared in Fig. 6. The

observed shift (dobs) of a paramagnetically shifted signal is given by the sum of the

diamagnetic (ddia) and paramagnetic contributions (dpara).
143 Since the ddia values

of the corresponding proton signals for the haems are expected to be similar to

each other, as reflected in the spectra of Fig. 4, the shift difference between the

Fig. 5. 19F NMR spectra of 7-PFP, 3,7-DFP, and 2-MFP dimethylesters in CDCl3 at 25 1C.
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corresponding signals in the 1H NMR spectra of the haem bis-cyano complexes is

largely attributed to dpara, and can be interpreted in terms of the interaction of its

proton with an unpaired electron. Since the contact contribution (dc) is

predominant in the dpara values for haem methyl 1H NMR signals,2 they have

been used as a sensitive probe for the haem electronic structure.5–7 The magnitude

as well as the pattern of the distortion of the porphyrin p-system from four-fold

symmetry due to asymmetric substitutions of haem peripheral side-chains has been

shown to be sharply and semiquantitatively manifested in the spread of the haem

methyl proton signals of the bis-cyano form.2 The values of 4.3, 0.8, 15.8, 8.8, and

3.2 ppm were obtained for the spreads of the haem methyl proton signals for

protohaem, mesohaem, 7-PF, 3,7-DF, and 2-MF, respectively, at 25 1C. The C2
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MF (D) bis-cyano complexes in D2O at pH 8.5 and 25 1C.
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symmetry of the haem electronic structure of 3,7-DF, about the 5-H–15-H

meso-proton axis, is manifested in the observation of only seven 1H NMR signals in

the spectrum. The largest spread for 7-PF, together with the large difference in the

value between mesohaem and 7-PF, clearly demonstrated the significant effects of

the CF3 substitution on the porphyrin p-system. In contrast to the CF3 substitution,

ring fluorination in 2-MF and 3,7-DF induced relatively small alterations on the

haem electronic structure as reflected in the small spreads of the haem methyl

proton signals.116,117 Consequently, the bonding interaction of the pyrrole nitrogen

atoms of porphyrin to iron in 7-PF could be considerably different from those in

the other haems due to its porphyrin p-system being significantly distorted from

four-fold symmetry.

The 19F NMR spectra of 7-PF, 3,7-DF, and 2-MF bis-cyano complexes are

compared in Fig. 7. The effect of fluorine substitution on the delocalisation of the

unpaired electrons from the iron to the porphyrin p-system is characterised through

an analysis of the 19F shift. For example, the dobs difference of �10 ppm between

the signals for 2-MF and 3,7-DF bis-cyano complexes, i.e., –27.98 and –18.15 ppm

for the former and the latter at 25 1C, respectively, can be interpreted as follows.

Since their ddia value are similar to each other, as shown in the spectra of Fig. 5, and

the pseudo-contact shift (dpc) is not significantly influenced by the haem peripheral

side-chains, the shift difference is attributed largely to the difference in the dc shift of

the contact term. For the shift of a signal arising from a fluorine atom bound to an

aromatic carbon, the shifts due to spin polarization through the s bond (dsp) and

direct delocalisation through p-orbitals (ddd) contribute to the dc value.
7,9 Both dsp

and ddd are proportional to the unpaired electron density at the aromatic carbon, to

which a fluorine atom is bound, although they are different in sign as well as in

Fig. 7. 19F NMR spectra of 7-PF, 3,7-DF, and 2-MF bis-cyano complexes in D2O at pH 8.5
and 25 1C.
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magnitude. The positive contact interaction for the observed 19F signals indicates

that the ddd contribution is predominant in the shift of the signal arising from the

substituted fluorine atoms. The fact that the ddd shift for the signal of the 3,7-DF

bis-cyano complex is larger than that of the 2-MF bis-cyano complex indicates that

the unpaired electron density delocalised from the iron orbital to the porphyrin

p-system is larger for the former complex. This could be attributed to the difference

in the number of substituted fluorine atoms. Although the electron-withdrawing

ability of the fluorine atom is expected to be diminished by a strong repulsive

interaction between the electrons in the p-orbitals of the fluorine atom and in the

p-orbital of the carbon atom, when a fluorine atom is bound to an sp2 carbon,144 the

comparison of the 19F shift between the 2-MF and 3,7-DF bis-cyano complexes

suggests that the delocalisation of the unpaired electron from the haem iron to the

p-system of porphyrin increases with the number of substituted fluorine atoms.

Finally, the signal of the 7-PF bis-cyano complex resonates at �30 ppm, as if the

dpara value almost completely vanishes.

6. PROPERTIES OF MYOGLOBINS RECONSTITUTED WITH

FLUORINATED HAEMS

The effects of 19F labeling on Mb structure were examined through the analysis of

the 1H NMR spectra of Mbs reconstituted with 7-PF, 3,7-DF, or 2-MF, Mb(7-PF),

Mb(3,7-DF), or Mb(2-MF), respectively. In the 1H NMR spectrum of MbCO, a

single methyl proton signal is resolved in the furthest low-frequency-shifted region,

��2.5 ppm, due to the ring-current effect of the haem, and this signal has been

assigned to the g-CH3 proton of the Val E11.145 The shifts for the Val E11 g-CH3

proton signals of the reconstituted Mbs are similar with each other (Fig. 8). The

similarity in the Val E11 g-CH3 proton shift among the Mbs strongly suggests that

their active site structures are highly alike.
1H NMR spectra of met-cyano Mbs reconstituted with fluorinated haems are

compared in Fig. 9. A low-frequency-shifted methyl proton signal at �–3 ppm has

been assigned to Ile FG5 d-CH3 proton,
146 and the similarity in the Ile FG5 d-CH3

proton shift among the proteins also suggests that the haem active site structure is

not significantly altered by the modification of haem peripheral substituents.

Furthermore, in the 1H NMR spectra of deoxy Mbs reconstituted with

fluorinated haems, haem methyl and His F8, the NdH proton signals are observed

in the shift range of 15–25 and at �75 ppm, respectively (Fig. 10), as observed in the

spectrum of native deoxy Mb.147,148 These spectral properties also suggest that the

introduction of fluorine atoms as haem substituents does not significantly perturb

the structure of the haem active site in deoxy Mb. The His F8 NdH proton shift has

been shown to be sensitive to the His–Fe bonding interaction.149,150 Due to the

haem orientation disorder,137–139 two His F8 NdH proton signals were observed in

the spectrum of Mb(7-PF) (Fig. 10). His F8 NdH proton shifts for the reconstituted

Mbs were close to the value for the corresponding signal of native Mb, not only

confirming the formation of pentacoordinated haems with the coordination of His
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F8 in the proteins, but also indicating that the His–Fe bonding interaction was not

significantly affected by the alteration of the porphyrin p-system exerted by the

substitution of fluorine atom(s) as peripheral side-chain(s).

In contrast to the spectral similarities in MbCO, met-cyano Mb, and deoxy Mb

among the reconstituted proteins, paramagnetically shifted signals of met-aquo Mb

are largely different from each other (Fig. 11). Despite the sizeable contribution of

the dpc value, due to zero-field splitting, to the dpara value in the system of met-aquo

Mb, the contract contribution dominates in the dpara value.
151 The large difference

in the paramagnetically shifted signals among the protein manifests high sensitivity

of these signals to the haem electronic structure, because the similarity in the haem

active site structure among the proteins is supported by the fact that the spectra of

the other forms of the proteins are highly alike.

Finally, P50 values (partial pressure of O2 when half of the total Mbis oxygenated) of

Mb reconstituted with mesohaem (Mb(meso)), Mb(7-PF), Mb(3,7-DF), Mb(2-MF),

MbCO(3,7-DF)

MbCO(2-MF)

MbCO(7-PF)

10 8 6 4 2 0 -2

Chemical shift (ppm)

Val E11  

γ–CH3

Fig. 8. 1H NMR spectra of MbCO(7-PF), MbCO(3,7-DF), and MbCO(2-MF) in D2O at
pH 7.0 and 25 1C.
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and native Mb are summarized in Table 1. The oxygen affinity of Mb was not so

affected by the haem replacement. These functional similarities among the Mbs

confirmed that the haem active site structure was not greatly affected by the haem

replacement.

7. 19F NMR SPECTRAL PROPERTIES OF MYOGLOBINS

RECONSTITUTED WITH FLUORINATED HAEMS

The 19F NMR spectra of various forms of Mb(7-PF), Mb(3,7-DF), and Mb(2-MF)

are illustrated in Figs. 12–14. Two well-separated signals were observed in each

spectrum and the unequal intensities of the signals in the spectra of Mb(2-MF) as

well as Mb(7-PF) reflected the fractions of the two isomers due to the haem

orientation disorder.137–139 The shifts and spread of the signals depended crucially

upon the type of the 19F labeling, i.e., 7-PF vs. 3,7-DF, 2-MF, and their dpara values

tend to exhibit larger low-frequency shifts with an increasing number of unpaired

electrons. The spectra of the reconstituted Mbs in five different states are compared

40 30 20 10 0 -10

Chemical shift (ppm)

Met-cyano Mb(3,7-DF)

Met-cyano Mb(2-MF)

Met-cyano Mb(7-PF)

Ile FG5 
δδ–CH3

Fig. 9. 1H NMR spectra of met-cyano Mb(7-PF), met-cyano Mb(3,7-DF), and met-cyano
Mb(2-MF) in 90% H2O/10% D2O at pH 7.0 and 25 1C.
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in Figs. 15–19. The spectral pattern for diamagnetic MbCO and MbO2 are almost

the same as each other with the appearance of the signals at �30 and �–70 ppm for

Mb(7-PF) and Mb(3,7-DF), Mb(2-MF), respectively.

In the case of met-cyano Mb, the signals for Mb(7-PF) are observed at �20 and

�35 ppm and those for Mb(3,7-DF) and Mb(2-MF) at �–45 and �–15 ppm. The

similarity in the spectral pattern between Mb(3,7-DF) and Mb(2-MF) is expected

from the similarity in the orientation of the introduced fluorine atom(s), relative to

the protein matrix, between the proteins. The 19F signals in the spectrum of deoxy

Mb(7-PF) were remarkably narrower than those of deoxy Mb(3,7-DF) and deoxy

Mb(2-MF), i.e., the line widths of 19F signals were �200Hz for deoxy Mb(7-PF)

and �700Hz for deoxy Mb(3,7-DF) and deoxy Mb(2-MF) (Fig. 18). This is in

sharp contrast to the 1H NMR spectra (Fig. 10), which exhibited similar line widths

for the corresponding signals among the proteins. These results could be attributed

to the difference in the chemical shift anisotropy between CF3 in 7-PF and fluorine

atom(s) covalently bonded to porphyrin in 3,7-DF and 2-MF, because the

relaxation mechanism due to chemical shift anisotropy contributes much more

significantly to 19F relaxation than to 1H relaxation.125 Additionally, Curie spin

relaxation mechanism152–155 is considerably reduced for the 19F relaxation of CF3 in

80 70

Chemical shift(ppm)

1030 20 -10 -20

Deoxy Mb(3,7-DF)

Deoxy Mb(2-MF)

Deoxy Mb(7-PF)

His F8 
NδH

Fig. 10. 1H NMR spectra of deoxy Mb(7-PF), deoxy Mb(3,7-DF), and deoxy Mb(2-MF) in
90% H2O/10% D2O at pH 6.5 and 25 1C.

64 YASUHIKO YAMAMOTO



Fig. 11. 1H NMR spectra of met-aquo Mb(7-PF), met-aquo Mb(3,7-DF), and met-aquo
Mb(2-MF) in 90% H2O/10% D2O at pH 7.0 and 25 1C.

Table 1. Spectrophotometric and functional properties of reconstituted Mbs

Mb Absorption maxima (nm)a pKa
b P50

c (mmHg)

Met-aquo Met-cyano

Protohaemd 408 423 8.84 0.58

Mesohaem 396 411 9.43 0.38

7-PF 399 414 8.57 1.1

3,7-DF 392 407 8.4 0.53

2-MF 393 409 8.54 0.12

aAt pH 6.0, in 100mM phosphate buffer, at room temperature.
bpKa of acid–alkaline transition in reconstituted Mb met-aquo, in 10mM phosphate buffer, at room

temperature.
cPartial pressure of O2 at [Mb] ¼ [MbO2], in 100mM phosphate buffer (pH 7.2) at 20 1C.
dNative Mb.
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7-PF, because of its rapid rotation about the C3-axis. In the spectra of met-aquo

Mbs, the broadening of the 19F signals is further enhanced, especially for Mb(3,7-

DF) and Mb(2-MF) (Fig. 19).

The spread of the two signals in the spectra of MbCO and met-cyano Mb are

compared with those of 7-PFP, 3,7-DFP, and 2-MFP in Figs. 20–22. Due to the

dpara value, the spreads of the signals in the spectra of met-cyano Mbs are increased

considerably, compared with those in the spectra of MbCOs. In the case of met-

cyano Mb, the orientation of His F8 imidazole, relative to the haem, modulates the

haem electronic structure through the interaction of the pp-orbital of imidazole with

the highest energy dp-orbital where the unpaired electron resides (Fig. 23).155–162

8. 19F NMR STUDIES OF MYOGLOBINS RECONSTITUTED WITH

FLUORINATED HAEMS

8.1. Protein-induced perturbation on the haem electronic structure

Rhombic perturbation of haem electronic structure induced by asymmetric

interaction of haem with the protein matrix has been thought to be relevant to the
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Fig. 12. 19F NMR spectra of Mb(7-PF) with various oxidation, spin, and ligation states of
haem iron at pH 7.0 and 25 1C.
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functional properties of haemoproteins.163–166 In-plane asymmetry of the haem

electronic structure in the paramagnetic protein is reflected in a distinct spread of

haem peripheral methyl proton signals. The analysis of the paramagnetic shift pattern

of these signals has provided a qualitative description for the effects of haem–protein

interaction on the haem electronic structure.155–162 Studies of the haem methyl proton

shift patterns of various native and reconstituted haemoproteins have revealed that

the orientation of the axial His imidazole plane relative to the nitrogens of the

haem155–160 and the electronic nature of haem substituents161,162 contribute to the

rhombicity of the haem electronic structure. One of the difficulties in characterizing

the effects of haem–protein interaction on the electronic structure of haem active sites

arises from the intrinsic asymmetry in the molecular structure of native haem,

iron–protoporphyrin IX. C2 symmetric 3,7-DF (structure in D of Fig. 1) is useful for

a quantitative analysis of the influences of the asymmetric haem–protein interaction

on the haem electronic structure.

The C2 symmetry of the electronic structure of 3,7-DF bis-cyano complex along

the 5-H–15-H meso-proton axis is clearly reflected in its 1H and 19F NMR spectra

(Figs. 4–7). Upon incorporation of 3,7-DF into apoMb, the degeneracy of the two
19F signals is removed, as indicated in Fig. 13. The observation of two signals in the

spectrum of MbCO(3,7-DF) is not due to the presence of haem orientation

Fig. 13. 19F NMR spectra of Mb(3,7-DF) with various oxidation, spin, and ligation states
of haem iron at pH 7.0 and 25 1C.
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isomers,137–139 because 3,7-DF possesses a two-fold rotation axis along the 5-H–15-H

meso-proton axis, but results from the removal of the degeneracy of the magnetic

environments for the two fluorine atoms of the haem by haem–protein interaction.

The separation of the two signals increases dramatically in the spectrum of met-

cyano Mb(3,7-DF). In the spectrum of deoxy Mb(3,7-DF), two signals are resolved

and are high-frequency-shifted by 4200 ppm relative to those of MbCO(3,7-DF).

A fixed orientation of the axial ligands and/or asymmetry of protein environment

could remove the degeneracy of the magnetic environments for the two fluorine

atoms of 3,7-DF in the active site of Mb. Since, according to the X-ray structure,167

the 3- and 7-F atoms of 3,7-DF in Mb are likely to be located at least 0.5 nm away

from the centre of gravity of the nearby benzene rings of aromatic amino acid side-

chains, the separation of the 19F signals observed in the spectrum of MbCO(7-PF) is

attributed largely to an asymmetric bonding interaction between haem iron and the

axial His imidazole. This result demonstrates that a fixed orientation of the axial

ligands induces a sizeable rhombic perturbation on the electronic structure of the

haem in the active site of the haemoprotein.

Fig. 14. 19F NMR spectra of Mb(2-MF) with various oxidation, spin, and ligation states of
haem iron at pH 7.0 and 25 1C.
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Since studies on met-cyano Mbs reconstituted with a wide variety of chemically

modified hemins have demonstrated that the dpc value due to the localized unpaired

electron at iron is essentially independent of haem side-chain substituents,159

the value of –6 ppm for dpc of 3- and 7-F signals can be calculated from the equ-

ation reported for native met-cyano Mb.146 Therefore, using the dobs value of the

Fig. 15. 19F NMR spectra of MbCO(7-PF), MbCO(3,7-DF), and MbCO(2-MF) at pH 7.0
and 25 1C.

Fig. 16. 19F NMR spectra of MbO2(7-PF), MbO2(3,7-DF), and MbO2(2-MF) at pH 7.0
and 25 1C.
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corresponding signals in the spectrum of MbCO as the ddia value, the dc values of

+58 and +30 ppm for 3- and 7-F signals, respectively, of met-cyano Mb are

obtained from their dobs and the estimated dpc values. Thus, the shift difference of

�30 ppm between the signals of met-cyano Mb(3,7-DF) is attributed to the

difference in their dc values. This result is consistent with the fact that the orbital

Chemical shift (ppm from TFA)

40 20 0 -20 -40

7-PF

3,7-DF

2-MF

7-F

3-F

R form

N form

R form N form15.5

31.1

27.8

Fig. 17. 19F NMR spectra of met-cyano Mb(7-PF), met-cyano Mb(3,7-DF), and met-cyano
Mb(2-MF) at pH 7.0 and 25 1C.

Fig. 18. 19F NMR spectra of deoxy Mb(7-PF), deoxy Mb(3,7-DF), and deoxy Mb(2-MF)
at pH 6.5 and 25 1C.
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ground state, (dxy)
2(dxy)

2(dyz), of met-cyano Mb, as expected from the crystal-

lographic orientation of axial His plane with respect to the haem,167 leads to larger

delocalised unpaired electron density in pyrrole I than in pyrrole II (Fig. 23). It has

been shown that chemical functionality of the haem periphery contributes to raising

Fig. 19. 19F NMR spectra of met-aquo Mb(7-PF), met-aquo Mb(3,7-DF), and met-aquo
Mb(2-MF) at pH 7.0 and 25 1C.

Fig. 20. 19F NMR spectra of 7-PFP dimethylester, MbCO(7-PF), and met-cyano Mb(7-PF)
at 25 1C.
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the orbital degeneracy of the haem iron and that such influences can account for

orbital ground states that are not necessarily aligned with the axial His

orientation.160 This result demonstrated the contribution of asymmetric Fe–His

bonding to the in-plane asymmetry of the haem electronic structure. Furthermore,

the estimated dc values indicate that the unpaired electron density at the pyrrole

carbon to which the 3-F atom is bound is almost twice as large as that at the carbon

to which 7-F is bound. The remarkable difference in line width between the two

signals can be qualitatively interpreted in terms of a ligand-centred dipolar

contribution, which accounts for modulation of the dipole–dipole interaction

between the nucleus and the delocalised unpaired electron spins in both the fluorine

and the pyrrole carbon to which fluorine is bonded, and the contact hyperfine

coupling interaction.168

In spite of its physiological importance, only a few NMR studies have been

reported on the properties of the haem active site in deoxy Mb and deoxy

Hb.147,148,169–175 This is due to the poor resolution of the signals and difficulties in

signal assignments.147 Non-degeneracy of the two signals in the 19F NMR spectrum

of the reconstituted deoxy Mb clearly demonstrates a protein-induced rhombic

perturbation on the haem electronic structure in the ferrous high-spin complex. The

high-frequency shift of 4200 ppm observed for the 19F signals is predominantly

attributed to dc, although a small pseudo-contact contribution exists due to

Fig. 21. 19F NMR spectra of 3,7-DFP dimethylester, MbCO(3,7-DF), and met-cyano
Mb(3,7-DF) at 25 1C.
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Fig. 22. 19F NMR spectra of 2-MFP dimethylester, MbCO(2-MF), and met-cyano Mb(2-
MF) at 25 1C.
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3d orbital of heme iron
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IV III

Fig. 23. Delocalisation of unpaired electron in haem (A) and the effect of the proximal
histidine imidazole orientation on the haem electronic structure (B).
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magnetic anisotropy arising from zero-field splitting.148 The fact that the shift

difference between the 19F signals in deoxy Mb is smaller than that in met-cyano

Mb, despite a much larger high-frequency shift in the former, would be interpreted

as indicative of the predominance of the s-delocalisation mechanism over a p-

mechanism for a delocalisation of the unpaired electron. This result has been

predicted by the conclusion deduced from model compound studies that, in the case

of the ferrous high-spin state, where both s bonding dx2�y2 and p bonding dxz and

dyz orbitals are singly occupied (Fig. 24), the s-mechanism is predominant for the

haem side-chains.176

As has been shown in the 1H NMR spectra of the ferric high-spin complex, the s

spin delocalisation contributes predominantly to the dc value, although the

contribution from the p spin delocalisation cannot be neglected.2,176 The fact that

the shift difference between 3- and 7-F signals is smaller for met-aquo Mb than for

met-cyano Mb could be interpreted as indicative of the predominance of the s spin

delocalisation contribution to the dc value in the former complex.

8.2. Haem orientation

The nature of the molecular recognition between the haem and proteins in b-type

haemoproteins is not sufficiently specific to force a single orientation of the

prosthetic group within its protein matrix.6 Although their crystal structures have

invariably shown that the haem possesses a unique orientation within the protein, a

solution NMR study has clearly demonstrated that the haem in these proteins is

seated in two different orientations that differ by 1801 rotation of the haem plane,

about the 5,15-H meso-proton axis, relative to the protein matrix (Fig. 3), and that

the haem orientational disorder is present in almost all native b-type haemopro-

teins.137–139 The dominant component in Mb possesses the same haem orientation
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as found in the crystal structure, called the normal form; a protein with a reversed

haem orientation is called the reversed form.

The functional consequence of the haem orientation appears to be dependent on the

particular protein. The influence of the haem orientation on the O2 affinity is negligible

in sperm whale Mb,177 but is relatively significant in insect (Chironomus thummi

thummi) Hbs.163 Similarly, the Bohr effect of the insect Hb,163 the autoxidation rate of

oxy-Mb178 and tetrameric human adult oxy-Hb,179 the redox potential of ferricyto-

chrome b5,
164 and the thermal spin equilibrium for both met-azido insect Hb180 and

ferricytochrome b5
181 have been reported to be influenced by the haem orientation.

Thus, an understanding of the molecular mechanism underlying the modulation

of functional properties for b-type haemoproteins through the interaction of the

prosthetic haem periphery with the protein matrix demands detailed scrutiny of

the influence of the haem orientation on the molecular and electronic structures

of the haem-active site.

Although the haem orientation disorder in b-type haemoproteins is most readily

detected by 1H NMR spectroscopy, the characterisation of the effect of the haem

orientation on the electronic structure of the active site in physiologically relevant

forms of the protein is often hampered by the resolution of the signals.138,179 Taking

advantage of the utility of 19F NMR spectroscopy, combined with the use of ring-

fluorinated haems, allows the observation of well-resolved 19F signals in all of the

accessible oxidation, spin, and ligation states of the protein, which provide potential

spectroscopic probes for characterizing the haem active site.116

As shown in Fig. 14, the reconstitution of apoMb with 2-MF results in the splitting

of the 19F signal into two peaks due to the haem orientation disorder. Assuming

that the haem–protein interaction in Mb(2-MF) is similar to that in the crystal

structure of native Mb,167 the fluorine atoms in the normal and reversed forms are

expected to be located at �1.18 and �0.40 nm, respectively, from the Ile FG5 d-CH3

proton. The intramolecular NOE connectivity between fluorine and Ile FG5 d-CH3

proton in Mb(2-MF) unequivocally demonstrate that the reverse orientation of

the haem is predominant in the protein. The Mb(meso) is favored in the normal form

with the equilibrium ratio of 5.570.6 between the normal and the reversed forms.139

Consequently, differences in the physicochemical properties between the methyl

group and the fluorine atom at the 2-position appear to be a critical determinant for

the major haem orientation in these reconstituted Mbs. The X-ray structure revealed

that the haem side-chains at the 2-,3-,7-, and 8-positions in the normal form are in

close contact with (Val E10, Ala E14, Leu F4), (Leu E15, Leu G5, Ile G8, Ile

G12, Phe H15), (Leu B13, Ile FG5, Tyr G4, Ile G8), and (Leu B13, Phe CD1, Thr

C4, Lys C7, Ile FG5, Tyr G4), respectively.167 All of the possible orientations of

2-MF and mesohemin at the active site of Mb are illustrated in Fig. 25. The results

demonstrated both that the energy level of the structure in Fig. 25B is lower than

that of Fig. 25A and that Fig. 25C is energetically more stable than Fig. 25D.

Considering the steric hindrance between the haem peripheral side-chains and

the surrounding protein, the energy levels of Fig. 25A and B are expected to be

lower than those of Fig. 25C and D, respectively, because of the difference in the size

of the substituents at the 2-position. Consequently, these orientational states are
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aligned as Fig. 25BoAoCoD in the order of increasing energy level. The small

difference in their energy levels can be understood by the fact that the energy

difference between Fig. 25B and Fig 25D is solely accounted for by the difference in

the steric hindrance between the protein and the fluorine atom or the methyl group

at the haem 2-position in the reversed form. Furthermore, in the normal form,

the protein–haem contacts at the haem 8- and 3-position exerts a larger steric

hindrance than those at the haem 2- and 7-positions, respectively. Similar

conclusions were derived from X-ray studies, which revealed that 8-isopropyl-3-

vinyldeuterohemin (R2 ¼ –CH3, R3 ¼ –CH ¼ CH2, R8 ¼ –CH(CH3)2 in the haem

structure of Fig. 25E) possesses the reverse orientation in the active site of Mb,

whereas 3,8-diisopropyldeuterohemin (R2 ¼ –CH3, R3 ¼ R8 ¼ –CH(CH3)2) and 3-

isopropyl-8-vinyldeuterohemin (R2 ¼ –CH3, R3 ¼ –CH(CH3)2, R8 ¼ –CH ¼ CH2)

are predominantly in the normal form.182,183 The fact that 8-ethyldeuterohemin

(R2 ¼ –CH3, R3 ¼ –H, R8 ¼ –CH2CH3) is preferentially in the reversed form,
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whereas mesohemin and 3-ethyldeuterohemin (R2 ¼ –CH3, R3 ¼ –CH2CH3,

R8 ¼ –H) are in the normal form,182 is also consistent with these results.

8.3. Haem electronic structure in deoxy myoglobin

Since the d-orbital splittings derived from the 5E, ðdxzÞ
2ðdyzÞðdxyÞðdz2 Þðdx2�y2 Þ or

ðdyzÞ
2ðdxzÞðdxyÞðdz2 Þðdx2�y2Þ, and the 5B2, ðdxyÞ

2ðdxzÞðdyzÞðdz2 Þðdx2�y2Þ states for the

high-spin d6 system with S ¼ 2 are close in energy (Fig. 24),170 the contributions of

these electronic states to the electronic and magnetic nature of deoxy Mb and Hb

complicated the interpretation of their 1H NMR spectra in terms of structural

features of their haem active sites. The previous 1H NMR study demonstrated that

the haem electronic structure inferred from the analysis of paramagnetic shifts of

peripheral side-chain proton signals of high-spin ferrous haem in deoxy Mb has

reflected a combination of both the s and p spin delocalisation.170 Furthermore, in

the absence of adequate model compounds for the 1H NMR properties of deoxy

Mb,170,184 the 1H NMR study of deoxy Mb and deoxy Hb almost comes to a

deadlock. 19F NMR study provides useful information as to the fundamental

understanding of the electronic nature of high-spin ferrous haem in deoxy Mb as

well as possibly in deoxy Hb.120

Since the haem methyl proton signals of MbCO were observed in the narrow

chemical shift range between 2 and 4 ppm,145 the spreads of the haem methyl proton

signals in the spectra of deoxy Mb (Fig. 10) reflected the hyperfine shift pattern of

the haem methyl proton signals. Hence the larger dispersion of the haem methyl

proton signals in the spectrum of Mb(7-PF) could be attributed to the significant p

spin delocalisation.

Using the 19F shifts for the corresponding MbCOs as the ddia values (Fig. 26),

together with the dpc values reported for native deoxyMb,170 the contact contributions

for the 19F signals could be calculated (Table 2). As shown in Table 2, the dc values

for the signals of Mb(7-PF) were considerably smaller than those of Mb(3,7-DF)

and Mb(2-MF). This result is parallel to the previous 1H NMR observation that

the paramagnetic shifts of pyrrole proton signals are much larger than those of haem

methyl proton signals in the spectra of deoxy Mb170 and high-spin ferrous model

haem complexes.184 This has been interpreted in terms of the significant s spin transfer

in high-spin ferrous haems. The signals due to the normal and reversed forms of

Mb(7-PF), i.e., 7-CF3(N) and 7-CF3(R) signals, exhibited the dc values of �3 and

�33ppm, respectively, and they were considerably smaller than the values of

�250ppm for the signals of Mb(3,7-DF) and Mb(2-MF). The smaller dc value for

7-CF3(N) than for 7-CF3(R) implied that the electron density in pyrrole II of Mb(7-

PF) is smaller than that in pyrrole I (Fig. 23B). The dc values of the signals for

high-spin ferrous haems have been shown to result from a combination of s and p

spin delocalisation.170 The contribution of the s spin delocalisation to the

dc values of 7-CF3(N) and 7-CF3(R) signals should be relatively small because of

the presence of two single bonds intervening between the pyrrole carbon and

fluorine atoms in 7-PF. Therefore the dc shift difference of �30 ppm observed for
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the 19F signals of Mb(7-PF) was predominantly attributed to the p spin delocalisation.

In the 5E state, the degeneracy of the energy levels for the two configurations is

removed by the interaction between a dp-orbital and the p-orbital of the Fe-bound

nitrogen atom of His F8 imidazole and, depending upon the relative energy of the dxz
and dyz orbitals, p spin delocalisation occurs into either of the pyrroles I, III or II, IV

(Fig. 23B). On the other hand, the non-degenerate 5B2 state delocalises twice as much

spin density to the porphyrin p-system and the delocalisation occurs equally to

all pyrroles because there are p spins in both the dxz and dyz orbitals (Fig. 24).

The large shift difference, together with the relatively small dc values, for the

signals of Mb(7-PF) strongly suggested a significant contribution of the 5E state

to the ground state of its haem electronic structure. Thus, the significant p spin

delocalisation in high-spin ferrous 7-PF was also reflected in the hyperfine

shift pattern of the haem methyl proton signals. In contrast to the 19F signals of

Chemical shift (ppm from TFA)

200 160 -804080

A

A’

7-CF3(R)

7-CF3(N )

7-F 3-F

2-F(R)
2-F(N )

B’

B

C’

C

220

180

140

100

60

20

C
h

e
m

ic
a

l 
s

h
if

t 
(p

p
m

 f
ro

m
 T

F
A

)

103/T (K-1)
3.1 3.3 3.5 3.7

2-F(R)

2-F(N )

7-F 3-F

7-CF3(R)

7-CF3 (N)

Fig. 26. 376MHz 19F NMR spectra of (A) Mb(7-PF), (B) Mb(3,7-DF), and (C) Mb(2-MF)
at 25 1C, in 90% H2O/10% D2O, pH 6.5. (A–C) Deoxy Mbs and (A0–C0) MbCOs. The
corresponding signals are connected by a broken line.

78 YASUHIKO YAMAMOTO



Mb(7-PF), the signals of Mb(3,7-DF) and Mb(2-MF) exhibited similarly large dc
values of �250 ppm, demonstrating the predominant contribution of 5B2 state to

their haem electronic structures.

The contributions of multiple states to the ground state of the electronic structure

of Mb(7-PF) were also manifested in its anomalous Curie plots, the observed shift

vs. reciprocal of absolute temperature, as shown in the inset of Fig. 26. Although

the plots for the 19F signals of Mb(3,7-DF) and Mb(2-MF) essentially obey Curie’s

law, those for 7-CF3(N) signal of Mb(7-PF) do not. Such an anomaly was not

observed in the Curie plots for the resolved haem methyl proton signals illustrated.

These results demonstrated that the haem CF3
19F signal is more sensitive to the

electronic nature of haem than is the haem CH3 proton signal. Finally, the

contribution of multiple states to the ground state of the haem electronic structures

of Mb(3,7-DF) and Mb(2-MF) could not be ruled out because the shifts to T –1
-0

in the Curie plots for their 19F signals are remarkably different from the

diamagnetic reference shifts of the corresponding signals (Table 2).

8.4. Acid–alkaline transition in ferric myoglobin

The haem active site in ferric Mb (metMb) exhibits a characteristic pH-dependent

structure change known as the acid–alkaline transition.185 MetMb possessing

highly conserved distal His E7 has H2O and OH– as coordinated ligands under low

and high pH conditions, respectively.185–189 As illustrated in Fig. 27, the acid–alkaline

transition in metMb comprises three distinct reactions, i.e., interconversion of the

Table 2. 19F chemical shifts of deoxy Mbs reconstituted with fluorinated haems in 90%

H2O/10% 2H2O (pH 6.5) at 25 1C

Mb daobs (ppm) dbdia (ppm) dcpc (ppm) ddc (ppm) Curie intercepte (ppm)

Mb(7-PF)

7-CF3(N)f 36.0 30.9 �2 �3 60

7-CF3(R)f 60.3 29.1 �–2 �33 50

Mb(3,7-DF)

3-F 154.9 –70.9 �–2 �228 –40

7-F 173.8 –68.5 �2 �240 �90

Mb(2-MF)

2-F(N)f 150.9 –69.0 �–2 �222 –100

2-F(R)f 182.3 –63.3 �2 �244 –150

aObserved shift.
bDiamagnetic shift observed for MbCO.
cParamagnetic dpc taken from Ref. 170.
dParamagnetic dc.
eIntercept of the Curie plots, shift vs. reciprocal of absolute temperature.
fN and R in the parentheses represent the normal and reversed forms, respectively.
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coordinated ligand between H2O and OH–, tautomerism of the His E7 imidazole,

and deprotonation/protonation of the His E7 NdH, which take place simultaneously

through a molecular mechanism similar to the proton relay of serine protease.190

Furthermore, since the transition is associated with the deprotonation/protonation

process, the equilibrium constant is usually represented as the ‘‘pKa’’ value in analogy

with the ionization equilibrium of an acid. For the scaffold of the conserved globin fold

in Mbs, the pKa value has been shown to remarkably vary with the protein, ranging

from 7.2 to 10.185–189 Thus, the acid–alkaline transition in metMb sharply reflects the

structural features of the haem active site in the protein, which could be relevant to the

protein function.186–189

In the pH dependence of 19F NMR spectrum of metMb(7-PF), two signals were

observed under low and high pH conditions (Fig. 28).122 It has been shown that

Mb(7-PF) exists as a mixture of isomers possessing two haem orientations, with a

ratio of 1.0 : 2.2 for normal(N) form : reversed (R) form at equilibrium.120 Therefore,

the observed signals could be assigned on the basis of their intensities. With

increasing pH, the signals of the normal and reversed forms exhibited progressive

low-frequency shifts of �40 and �30ppm, respectively. The acid–alkaline transition

in the protein was manifested in these large pH-induced shift changes attributable to

a change in the spin state between the acidic (essentially S ¼ 5=2) and alkaline

(mainly S ¼ 1=2) forms. Quantitative fitting of their pH-dependent shifts to the

Henderson–Hasselbach equation yielded pKa values of 8.3270.03 and 8.6270.03

for the normal and reversed forms of metMb(7-PF), respectively (Fig. 29). On the

other hand, an optical study of metMb(7-PF) yielded a pKa value of 8.5770.03

(Fig. 30), which is close to the weight-averaged pKa value of those for the normal

and reversed forms obtained on 19F NMR.

The effect of the CF3 substitution on the pKa value was analysed on the basis of

comparison between metMb(7-PF) and metMb(meso). The optical study yielded a

pKa value of 9.4370.03 for metMb(meso) (Fig. 31), and therefore the substitution

of CF3 for the haem peripheral CH3 side-chain at position 7 lowered the pKa value

by about 1 pH unit. Ferrihaem in metMb carries a net positive charge, and hence

needs to be stabilized through neutralization on electrostatic interaction with

nearby polar groups in the hydrophobic haem pocket of the protein. As far as the

stability of the ferrihaem in the protein is concerned, the alkaline form is more

stable than the acidic one because of neutralization of the cationic character of the
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Fig. 27. Schematic representation of the acid–alkaline transition in metMb.
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ferrihaem by the coordinated OH–. The substitution of strongly electron-

withdrawing CF3 is expected to partly enhance the positive charge at the haem

iron of ferrihaem, which in turn further destabilizes the acidic form. Consequently,

the equilibrium of the transition is shifted toward the alkaline form by the CF3

substitution, leading to a decrease in the pKa value, as observed on comparison of

metMb(7-PF) and metMb(meso). These results constitute persuasive evidence for a

previous proposal that the reactivity of the haem iron is regulated through the

electronic nature of haem peripheral side-chains.188

A distinct difference in the pKa value has been detected between the normal and

reversed forms of metMb(7-PF) (Fig. 29). The characterisation of the dynamics of the

transition in the reversed form indicates that the k2 value is diffusion-controlled

(see below), and therefore the k2 values of the normal and reversed forms should

be similar. Consequently, the difference in pKa value between the two forms can be

attributed to the effect of the haem orientation, with respect to the protein, on the

k1 value, and hence the stability of the acidic form. In the acidic form, the hydrogen

bond between the coordinated ligand and His E7 contributes not only to stabilization

Fig. 28. 470MHz 19F NMR spectra of metMb(7-PF) at 25 1C and the indicated pH values.
Signals due to the N and R forms illustrated in Fig. 3 are observed.
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of the H2O coordination to the haem iron, but also to neutralization of the cationic

character of the ferrihaem by the partial negative charge of the oxygen atom, induced

by polarization of the O–H bond due to the hydrogen bond. Therefore, the stronger

hydrogen bonding interaction could result in a higher pKa value because of the

greater stability of the acidic form.191 The difference in the strength of the hydrogen

bonding interaction between the normal and reversed forms could arise from

displacement of the haem iron, relative to the protein, possibly exerted by differential

haem–protein contacts in the two forms.178

As shown in the series of spectra in Fig. 28 the signals are narrowest in

the extreme pH regions and considerably broaden at the pKa value.
192 Excess line

broadening could arise from exchange of the CF3 group between the acidic and

alkaline forms of the protein. Using the familiar equation for the fast exchange

0

0.25

0.50

0.75

1.00

A
b

s
o

rb
a
n

c
e
 (

A
.U

.)

1.25

450 500 550 600 650

Wavelength (nm)

pH

0.4

0.6

0.8

A
b

s
5
7
2
  
(A

. 
U

.)

6 7 8 9 10 11

pH

pKa = 8.57
6

11

Fig. 30. The pH-dependent optical spectra of metMb(7-PF) (A) and the pKa value of 8.57
7 0.03 were obtained from the plots of absorbance at 572 nm against pH (B).

C
h

e
m

ic
a
l 

s
h

if
t 

o
f 

N
 (

p
p

m
) 

pH

R
N

C
h

e
m

ic
a
l 

s
h

if
t 

o
f 

R
 (

p
p

m
)

6 7 8 9 10 11

70

80

90

100

110

70

80

90

100

Fig. 29. Plots of the shifts of the 19F NMR signals of metMb(7-PF) at 25 1C as a function of
pH. The pKa values of 8.3270.03 and 8.6270.03 were obtained for the N and R forms,
respectively. The vertical scales for the plots of the two signals were adjusted to highlight the
difference in pKa value between them.

82 YASUHIKO YAMAMOTO



limit,192 the k2 ¼ (1.170.2)� 105 s–1 was obtained for the reversed form of metMb(7-

PF). Additionally, using the obtained k2 value, combined with the pKa value of

8.6270.03, k1 ¼ (2.670.5)� 1010M–1 s�1 was determined. Both the k1 and k2 values

were within the ranges estimated previously for native metMb and metMbs

reconstituted with various chemically modified haems.187,188 The obtained k2 value

for metMb(7-PF) is comparable to the exchange rate of histidyl imidazole NH

protons fully exposed to the solvent,193 indicating that the deprotonation/protonation

of His E7 NdH associated with the transition is essentially a diffusion-controlled

process. In fact, according to the X-ray crystal structure,167 the His E7 NdH proton is

completely exposed to the solvent, although the His E7 residue is mostly buried in the

protein matrix. Furthermore, analysis of the temperature dependence of the k2 value,

determined from the temperature dependence of the line width (Fig. 32), using

Arrhenius plots, yielded a value of 20.973 kJmol–1 for the activation energy of

the transition. The relatively small activation energy of the transition was

consistent with the absence of a large conformation change in the protein upon the

transition.

Finally, due to signal overlapping, the pH dependence of the 1H NMR spectra of

metMb(7-PF) (Fig. 33) is so complex that it does not allow a detailed

thermodynamic and dynamic study on the acid–alkaline transition. Furthermore,

as illustrated in Figs. 34–37, the electronic nature of the haem active sites in the

acidic and alkaline forms and its temperature dependence can be much more easily

characterised by 19F NMR than 1H NMR. Especially, the intermediate ligand field

strength for OH– ligand is clearly reflected in the anti-Curie behavior of the 19F

NMR signal for the reversed form, namely, the paramagnetic shift increases with

increasing temperature (Fig. 36).

8.5. Oxy and carbonmonoxy myoglobins

Characterisation of the nature of O2 and CO binding to respiratory haemoproteins

is of paramount importance for understanding the molecular mechanisms
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responsible for the control of their physiological activities.194 Despite detailed

structural195,196 and spectroscopic197–199 information on, as well as theoretical

consideration200 of, the binding of these ligands to haemoproteins and iron–porphyrin

complexes, little experimental evidence has been reported so far as to the effects of O2

and CO binding on the haem electronic structure of haemoproteins. Although 1H

NMR is the most powerful spectroscopic method for elucidating the haem electronic

structure of proteins, the haem electronic structure of diamagnetic haemoproteins

has not been fully characterised.145,201–206 One of difficulties associated with

NMR characterisation of the haem electronic structure of diamagnetic haemoproteins

is the asymmetric nature of the haem electronic structure of native haem, which

often obscures subtle changes in the haem electronic structure of diamagnetic

haemoproteins. Furthermore, the sensitivity of the haem peripheral side-chain

proton signals to the porphyrin p-system is relatively low due to the rather weak

interaction between the pyrrole carbon pp-orbital and the proton orbital, as

manifested in the small Q values for the p spin delocalisation in a paramagnetic

system.4 In order to overcome these difficulties, a ring-fluorinated C2-symmetric

haem 3,7-DF has been incorporated into the apoprotein of sperm whale Mb. In

3,7-DF, a change in the porphyrin p-system leads to a distortion of its C2-symmetric

electronic structure, which can be readily detected as the separation of two 19F NMR

signals.116

In the 19F NMR spectra of MbO2(3,7-DF) and MbCO(3,7-DF) (Fig. 38), due

to a protein-induced rhombic perturbation, the equivalency of the two fluorine

atoms of 3,7-DF was removed and two well-resolved signals are observed in each

Fig. 32. 470MHz 19F NMR spectra of metMb(7-PF) in 90% H2O/10% D2O, pH 8.62, at
the indicated temperatures.
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spectrum.117 In the spectrum of the mixture of MbO2(3,7-DF) and MbCO(3,7-DF)

(Fig. 38B), the two sets of signals are separately observed, demonstrating that the

time scale of the ligand exchange between O2 and CO in the protein is slow

compared with the NMR time scale. The time scale of the ligand exchange between

O2 and CO, estimated from the shift difference between the correeponsing signals

for MbO2 and MbCO in Fig. 38B is within the range of the values reported.207 The

shift differences of more than 2.0 ppm between the corresponding signals of

MbO2(3,7-DF) and MbCO(3,7-DF) were considerably larger than those observed

for the haem peripheral side-chain 1H signals,145 demonstrating the high sensitivity

Fig. 33. 500MHz 1H NMR spectra of metMb(7-PF) in 90% H2O/10% D2O at 25 1C and
the indicated pH values.
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of the 19F signals to the haem electronic structure. Furthermore, the observed 19F

shift difference for the present reconstituted Mbs is considerably larger than those

observed for Mb reconstituted with difluorovinyl deuterohaem,119 i.e., 0.6–1.3 ppm,

demonstrating a higher sensitivity of the NMR signal for the fluoro group to the

porphyrin p-system of haem than that for the fluorovinyl group.

In the absence of detailed structural information on the haem active sites in these

reconstituted Mbs, the observed 19F shifts could not be interpreted quantitatively in

terms of the haem electronic structure. However, the electron density of a pyrrole

carbon atom bearing a fluorine atom could be inferred from the observed 19F shift.208

A comparison of the 19F shifts indicates that the signals for MbO2(3,7-DF) are low-

frequency-shifted relative to the corresponding signals for MbCO(3,7-DF), indicat-

ing that the electron density in the porphyrin p-system of MbCO(3,7-DF) is lower

than that of MbO2(3,7-DF). Thus, the effect of Fe dp-CO p* back-donation209,210

on the haem electronic structure of MbCO is clearly detected on 19F NMR.

Since C2-symmetric 3,7-DF does not possess the haem orientation disorder,137–139

the equivalency of the two fluorine atoms of 3,7-DF is abolished primarily by

bonding interactions between the haem iron and the axial ligands, and the

asymmetry in the chemical environment around the haem. X-ray crystal studies167
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Fig. 34. 470MHz 19F NMR spectra of metMb(7-PF) in 90% H2O/10% D2O (pH 6.03) at
the indicated temperatures.
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demonstrate that the Fe–C–O unit in MbCO prefers a linear geometry

(+Fe�C�O ¼ 1711) to maximize the Fe dp-CO p* back-donation,209,210 while

the Fe–O–O unit in MbO2 is greatly bent (+Fe�O�O ¼ 1231), although the

orientation of the His F8 imidazole with respect to the haem is essentially the same

in them (Fig. 39). Since the structural similarity of the haem active site in Mb

possessing 3,7-DF to that of native Mb was supported by the functional and

spectroscopic data, the increased non-equivalency between 3- and 7-F in MbO2(3,7-

DF), relative to that in MbCO(3,7-DF), could be attributed to the bent Fe–O–O

coordination with respect to the haem. Thus, the 19F NMR signals of 3,7-DF

embedded in Mb are particularly sensitive to the in-plane asymmetry of the haem

electronic structure induced by coordination of axial ligands to the haem iron.

8.6. 19F relaxation mechanism

The analysis of nuclear relaxation has provided a wealth of information about

structural and dynamic properties of molecules. Particularly, in the case of

metalloproteins carrying unpaired electron(s), dynamic nature of the molecule is

sharply manifested in paramagnetic relaxation observed on paramagnetically

shifted NMR signals.7,168 The field dependence of 19F NMR signals arising from

MbCO (S ¼ 0), met-cyano Mb (S ¼ 1=2), deoxy Mb (S ¼ 2), and met-aquo Mb
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Fig. 35. 500MHz 1H NMR spectra of metMb(7-PF) in 90% H2O/10% D2O (pH 6.03) at
the indicated temperatures.
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(S ¼ 5=2) reconstituted with 3,7-DF116 was characterized in order to evaluate 19F

relaxation mechanism in the protein with a variety of magnetic properties (Fig. 40).

Since the fluorine atoms introduced to 3,7-DF are dynamically fixed to the

porphyrin ring, analysis of the field strength dependence of the line width of the 19F

signals provides the correlation time (tr) of the haem accommodated in the active

site of Mb.

The nuclear relaxation rate (Robs) in a paramagnetic system is expressed as the

sum of diamagnetic (Rdia) and paramagnetic (Rpara) terms168:

Robs ¼ Rdia þ Rpara. (1)

Rdia is written as the sum of the contributions of dipole–dipole interaction (RDD
dia ),

chemical shift anisotropy (RCSA
dia ), and others (Rother

dia ):

Rdia ¼ RDD
dia þ RCSA

dia þ Rother
dia . (2)

The contribution of RCSA
dia to nuclear spin–lattice (R1dia) and spin–spin (R2dia)

relaxation rates, RCSA
1dia and RCSA

2dia , depends on the magnetic field strength and can be

written as follows:211
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Fig. 36. 470MHz 19F NMR spectra of metMb(7-PF) in 90% H2O/10% D2O (pH 10.98) at
the indicated temperatures.
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Fig. 37. 500MHz 1H NMR spectra of metMb(7-PF) in 90% H2O/10% D2O (pH 10.98) at
the indicated temperatures.
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Fig. 38. 376MHz 19F NMR spectra of Mb(3,7-DF) in 90% H2O/10% D2O (pH 7.0) at
25 1C. (A) MbO2, (B) a mixture of MbO2 and MbCO, and (C) MbCO.
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Fig. 39. The coordination structure of CO and O2 in the crystal structure of native sperm
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where Dz is associated with the principal components of the chemical shift tensor, Z

is the asymmetric parameter of the molecule under consideration, and JðoIÞ

represents the spectral density function.

However, Rpara is expressed as the sum of the contributions of metal-centred

(RMC
para) and ligand-centred (RLC

para) dipolar terms, contact hyperfine interac-

tion (RC
para), and Curie spin relaxation (RCurie

para )
168:

Rpara ¼ RMC
para þ RLC

para þ RC
para þ RCurie

para . (6)

Using the Solomon–Bloembergen equations,212,213 together with the expression for

RCurie
para ,

152–154 paramagnetic contributions to nuclear spin–lattice and spin–spin

relaxation rates (R1para and R2para) in a paramagnetic system are expressed by
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2
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t�1
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1e þ t�1
ex , (11)

t�1
c2 ¼ T�1
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where, in the present case, rM and rL are the distance between the F and Fe and F–C

bond length, respectively, r is the unpaired electron density at carbon and fluorine

atoms at the positions 3 and 7 on the porphyrin, ðA=_Þ is the apparent hyperfine

coupling constant for 19F, and oI and oS are the Larmor frequencies of 19F and the
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electron, respectively, T1e and T2e are the electron longitudinal and transverse

relaxation times, respectively, and tex is the electron exchange time. The other

parameters represent usual meanings. In large molecules with highly resolved

NMR spectra, T1e;T2e � tr and at high magnetic field, o2
IT

2
1e � 1, 1oo2

ST
2
1e, and

1oo2
ST

2
2e, Eqs. (7) and (8) are reduced to the equations214,215
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Eq. (14) dictates that R2para depends on the field strength due to the contribution of

RCurie
para , the third term on the right-hand side of the equation. Nuclear spin–lattice

(R1 ¼ R1dia+R1para) and spin–spin (R2 ¼ R2dia+R2para) relaxation rates of a

paramagnetic Mb are schematically plotted against the square of the applied field

strength, o2
I (the inset of Fig. 40).

As shown in the spectra of Fig. 40, the contributions of the paramagnetic

relaxation mechanisms to R2 is reflected in the considerable broadening of the

signals with an increase in the S value. In the case of diamagnetic MbCO, the

increase in the line width of the signals observed at higher magnetic field is

attributed solely to RCSA
2dia . For paramagnetic met-cyano, deoxy, and met-aquo Mbs,

RCurie
para , in addition to the RCSA

dia contribution, plays a significant role in the field

strength dependence of the line width of the signals. Assuming that the RCSA
dia

contribution is independent of the oxidation, ligation, and spin states of Mb, the

RCurie
para contribution in each paramagnetic form of Mb could be obtained from the

analysis of the relationship between the line width of the signals and the field

strength using the RCSA
dia contribution estimated from the study of the field-

dependent line width for the signals of MbCO through Eq. (4). Then the tr value of

Mb216,217 can be estimated from the RCurie
para contribution. Thus, the study on the field

dependence of the line width of the NMR signals arising from immobilized fluorine

atom(s) introduced to the active site of Mb allows the determination of the tr value.

9. CONCLUDING REMARKS

This chapter has described the potential applicability of 19F NMR in combination

with fluorinated haems for the detailed characterisation of structural properties of

the haem active sites in b-type haemoproteins. By virtue of 19F NMR in studying

biological macromolecules, molecular and electronic structures of haem active sites

in the proteins can be readily characterised from the analysis of the NMR

parameters of well-resolved signals. Furthermore, 19F NMR also allows quantita-

tive characterization of the dynamic processes occurring at the haem active site in

Mb. The present method provides a new means of studying in detail, structural
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properties that are relevant to the functional regulation of various b-type

haemoproteins to delineate their structure–function relationships.
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Well-resolved, fully visible 13C NMR signals of membrane proteins were success-

fully recorded either at ambient or at lower temperatures when they were embedded

in lipid bilayers constituting a 2D crystalline lattice, as manifested from site-

directed 13C NMR studies on [3-13C]Ala and/or [1-13C]Val-labeled

bacteriorhodopsin (bR) from purple membrane, instead of uniformly labeled prep-

arations. It is emphasized that recording 13C NMR spectra by dipolar decoupled

magic angle spinning (DD-MAS) is essential to detect signals from rather flexible

portions of fully hydrated membrane proteins, in addition to recording signals from

static portions by cross-polarization-magic angle spinning (CP-MAS). The re-

sulting 13C NMR signals were site-directly assigned to specific residues utilizing

site-directed mutants, otherwise global conformational changes were introduced by

such mutations. Conformational features of bR with emphasis on surface area, as

defined by surface complex, were discussed together with its biological significance,

on the basis of the conformation-dependent displacement of the 13C chemical shifts.

Further, slow local membrane dynamics with frequencies of 105 or 104Hz, which is

important for biological functions, was analyzed as viewed from specifically sup-

pressed 13C NMR signals of certain regions caused by interference of fluctuation

frequency with frequency of proton-decoupling or magic angle spinning. This ap-

proach has been further extended to reveal the conformation and dynamics of a

variety of 13C-labeled membrane proteins that are overexpressed from Escherichia

coli and subsequently not always involved in a 2D crystalline lattice by 13C NMR:

they include phototaxis receptor protein (pharaonis phoborhodopsin), its trans-

ducer (pHtrII), and membrane enzyme (diacylglycerol kinase). In such cases, it

was found that several 13C NMR signals could be suppressed from amino-acid

residues located at the flexible portions such as loops and transmembrane a-helices

near to the membrane surface, as a result of interference of dominant frequency

for conformational fluctuations of the order of 104-105Hz. This means that pro-

tein–protein contact in the 2D crystalline lattice significantly regulates the protein

dynamics. It is therefore important to search for the most appropriate experimental

condition to be able to observe the full 13C NMR signals of the membrane proteins

under consideration, including the choice of the most appropriate 13C-labeled

amino acids, temperature, ionic state, etc.

1. INTRODUCTION

The most important physical property of biological membranes is that they serve as

permeability barriers to the passage of polar ions and molecules, because such

charged species cannot remain in the nonpolar interior of lipid bilayers. Naturally,

membrane proteins having at least one segment of peptide chain traversing the lipid

bilayer as a result of incorporation into such lipid bilayers serve as active mediators

between the cell and its environment. In particular, such membrane proteins play

crucial roles in maintaining various activities of cells such as the transport of ap-

propriate molecules into or out of the cell, catalysis of chemical reaction, and

receiving and transducing chemical signals from the cell environment, channel, etc.1

Many integral membrane proteins in the membrane environment are assembled

into oligomeric complexes rather than monomers as revealed by crystallographic

studies, to form tertiary and quaternary structures that are believed to be necessary
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for biological functions.2,3 Indeed, the presence of oligomeric complexes has been

confirmed for a variety of membrane proteins as viewed from their three-

dimensional (3D) pictures revealed either from two-dimensional (2D) or 3D

crystals, including light-driven proton pump bacteriorhodopsin (bR),5–8 chlo-

ride pump halorhodopsin9,10 and phototaxis receptor sensory rhodopsin II

(phoborhodopsin),11–13 photosynthetic reaction center,14 light-harvesting com-

plex,15,16 cytochrome c oxidase,17,18 potassium and mechanosensitive channels,19,20

bovine rhodopsin,21 calcium pump of sarcoplasmic reticulum,22 etc.

On the contrary, there remains an alternative view that such an oligomerization

process is not always essential for the biological function of membrane proteins:

most of their biological activities are known to be also retained in a monomeric

form as solubilized in detergents or reconstituted in lipid bilayers. For instance, the

functional unit responsible for the photocycle of bR, as a typical membrane protein,

is the monomer itself,23–25 except that the lifetimes of the L and N intermediates are

significantly shorter in the monomer.26,27 The light–dark adaptation is affected by

the aggregation state of bR24 and an increase in the relative amplitude of the slow

component of bR excited state decay is observed in the monomer, which is due to

the increase in the concentration of the 13-cis-retinal isomer in the ground state of

the light-adapted bR28 for the trimeric form of bR, although bR is a naturally

occurring 2D crystal as purple membrane (PM) comprising the trimeric form

packed to a hexagonal lattice.

In this connection, it is very important to clarify how the 3D structure and

dynamics of membrane proteins of interest could be modified by converting the

monomeric form as encountered in a lipid bilayer into the 2D crystal form in the

presence of their specific protein–protein and lipid–protein interactions leading to

the formation of oligomers. X-ray crystallography and multidimensional solution

NMR spectroscopy have proved to be standard and indispensable techniques to

reveal the 3D structure of a variety of biological molecules, including biologically

active peptides, globular proteins, membrane proteins, etc. Application of these

approaches to a variety of membrane proteins, however, is not always straightfor-

ward as compared with that of globular proteins, because of extreme difficulty in

crystallization of membrane proteins essential for X-ray diffraction study as com-

pared with globular proteins, and enormously broadened line widths arising from

their increased molecular mass in the presence of surrounding lipid bilayers ham-

pering the revealation of such structures.

As an alternative means, it is a natural consequence to expect that high-resolution

solid-state NMR could be conveniently utilized to reveal the 3D structure and

dynamics of a variety of membrane proteins, because the expected NMR line

widths available from solid-state NMR are not any more influenced by motional

fluctuation of proteins under consideration as a whole as encountered in solution

NMR. For instance, an attempt was made to determine 3D structure of uniformly
13C-labeled a-spectrin SH3 domain as a globular protein, based on distance con-

straints estimated from 13C–13C proton-driven spin-diffusion (PDSD) measure-

ments for well-resolved peaks,29,30 although structural data were unavailable from

missing signals of the N- and C-termini caused by local fluctuation motions.
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It should be expected, however, that 13C NMR signals of uniformly or densely 13C-

labeled, fully hydrated membrane proteins could be substantially broadened or sup-

pressed31–37 at ambient temperature, because their backbone or side-chain carbons of

certain residues could undergo local fluctuation motions with either correlation times

of the order of less than 10�8 or 10�4–10�5 s that vary depending upon the portions

under consideration, especially for flexible residues at the N- and C-terminal residues

or loops, respectively, as encountered for bR as described below.31,32 Therefore, the

above-mentioned approach is not always useful for fully hydrated membrane pro-

teins that could undergo a variety of fluctuation motions. Instead, 3D structural data

for transmembrane portions were successfully obtained from 15N NMR data of

uniformly (but not densely) 15N-labeled proteins in either a mechanically or a mag-

netically aligned system,38–41 as far as such samples were prepared at relatively lower

humidity. Still, no structural information is available from residues located at un-

oriented or flexible N- or C-terminal residues as well as at interhelical loops.

In contrast, the site-directed 13C NMR approach on selectively 13C-labeled

membrane proteins from a 2D crystalline state is a very valuable means to reveal

conformational feature as well as the dynamics of whole areas of fully hydrated

proteins, including both N- or C-terminal residues as well as interhelical loops. This

is because a number of fully hydrated membrane proteins of biological relevance in

a 2D crystal or monomeric state are far from being a rigid body as conceived, 35–37

at least at ambient temperature, in spite of currently available 3D structural models

revealed by cryo-electron microscope or X-ray diffraction studies on ‘‘so-called’’

crystalline preparations at low temperature.5–22 Indeed, they are very flexible and

undergo various kinds of molecular motions with correlation times of the order of

10�2–10�8 s, depending upon crystalline or monomeric preparations and the site of

interest. This picture is readily available from site-directed solid-state 13C NMR

studies on bR from PM (2D crystal)31–35 as well as from monomeric pharaonis

phoborhodopsin (ppR or sensory rhodopsin II),42 its transducer (pHtrII),43 and

E. coli diacylglycerol kinase (DGK).44 This view is also readily recognized by the

fact that their hydrophilic loops or N- or C-terminal residues are fully exposed to an

isotropic aqueous phase, while their hydrophobic transmembrane a-helices are

embedded within the fluid liquid crystalline environment of lipid bilayers.

Especially, it is important to reveal the general features of a site-directed NMR

approach on membrane proteins in the monomeric form as compared with that of

the 2D or 3D crystalline samples so far accumulated, because a number of bio-

logically important membrane proteins from overexpressed systems are present as

monomers when they are reconstituted into lipid bilayers. In such cases, several 13C

NMR signals of the interhelical loops are missing from [3-13C]Ala-labeled mem-

brane proteins,37,42,45,46 although 13C NMR spectra are fully visible from the 2D

crystalline preparations of fully hydrated membrane proteins.32,36 In the latter,

however, several signals from the loops and some transmembrane a-helices are also

missing depending upon the type of 13C-labeled species used.34 It is therefore very

important to obtain a convenient way to determine how such monomeric form of

membrane proteins can be converted into a 2D crystalline form in order to achieve

maximum structural information from 13C NMR approach for this purpose.
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Indeed, this type of a dynamic picture of membrane proteins is more pronounced

when they are present as monomers in lipid bilayers instead of the 2D or 3D

crystalline states, because the intermolecular contact responsible for leading to such

oligomerization is absent as manifested from a comparative 13C NMR study on PM

and reconstituted bR in lipid bilayers.45,46 This dynamic picture is obviously dis-

advantageous as viewed from the aspect of revealing the 3D structure, however. It is

therefore desirable to prepare better crystalline samples even in the case for solid-

state NMR studies by searching for the optimum experimental conditions although

this requirement is, of course, less stringent as compared with that of the sample for

X-ray diffraction.

2. ISOTOPE ENRICHMENT

2.1. Uniform or extensive isotope enrichment

In general, it is not easy to distinguish individual NMR signals from the respective

residues in membrane proteins in which their peaks are heavily crowded, because of

the increased number of amino-acid residues. The resulting signals are also broad-

ened due to the increased molecular mass consisting of a complexed mixture with

surrounding lipids. Therefore, an appropriate isotope enrichment, rather than

labeling, by the most common 13C or 15N nuclei with larger chemical shift ranges

through biosynthesis by cell cultures or chemical synthesis, is essential to enhance

their peak intensities and selectivity of their particular labeled signals from back-

ground signals arising from residues of natural abundance. The extent of isotope

enrichment is naturally desirable to be as high as possible up to 100% for a sample

to be used for a solid-state NMR. Extensive isotope enrichment for globular pro-

teins of molecular weights up to 10 kDa has proved to afford a better spectral

resolution comparable to that of solution NMR when uniform isotope substitution,

using [13C]glucose, [13C2]acetate, and/or
15NH4Cl as sole sources for 13C or 15N

nuclei is utilized.47–49 The spectra were recorded for microcrystalline preparations

by an ultra-high-field spectrometer utilizing fast magic angle spinning, high-power

proton decoupling ðo1=2pÞ � 70 kHzÞ with an efficient decoupling scheme such as

TPPM (two-pulse phase modulation)50 or XiX (X-inverse-X),51 and homonuclear
13C–13C J decoupling.47

In contrast to rigid crystalline globular proteins, surface residues of such loops

and N- or C-terminal residues of bR as a typical membrane protein turned out to be

very flexible at ambient temperature, even if they are embedded in lipid bilayer to

form naturally occurring 2D crystals (PM). This kind of flexibility is essential to

exhibit its specific biological function. Nevertheless, it is cautioned that spectral

resolution of such 13C-labeled proteins might be desperately deteriorated, if a di-

rectly bonded 13C–13C sequence is present in the dense 13C spin networks under-

going fluctuation motions with frequency from 104 to 105Hz, as manifested from

the extremely broadened 13C CP-MAS NMR spectra of [1,2,3-13C3]Ala-labeled bR

from PM, as demonstrated in Fig. 1.34 The resulting spectral resolutions turned out
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to be hopelessly poor, although the well-resolved signals are visible by single-pulse

DD (dipolar decoupled)-MAS NMR spectra of the carbonyl region. This DD-MAS

NMR technique is especially useful in recording signals of membrane proteins with

various flexible portions, even though this fact has been ignored in many instances.

The observation of such extremely broadened signals is mainly caused by their

shortened spin–spin relaxation times arising from an increased number of relax-

ation pathways modulated by their fluctuation motions through a number of
13C–13C homonuclear dipolar and scalar spin interactions, etc.

In this case, no meaningful information is available from the featureless 13C

NMR signals. On the contrary, better spectral resolution has been achieved by 13C

CP-MAS and DD-MAS NMR spectra of [3-13C]Ala- or [1-13C]Val-labeled bR from

PM,33,35–37 in which problems arising from dense 13C spin networks of directly

bonded 13C–13C pairs that cause such accelerated transverse spin relaxation rate are

not any more present.

2.2. Selective enrichment by [1-13C]glucose or [2-13C]glycerol

It is advisable to avoid uniform isotope enrichment for fully hydrated membrane

proteins in order to prevent creation of a directly bonded 13C–13C pair. This is

Fig. 1. 13C CP-MAS NMR spectra (upper traces) and DD-MAS NMR spectra (lower-
traces) of 13CQO, 13Ca, and

13Cb carbons from [1,2,3-13C3]Ala-labeled bacteriorhodopsin
from PM.34 Reproduced with permission from the Japanese Biochemical Society.
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because indirect one-bond J couplings as well as dipolar 13C–13C interactions can

cause severe line broadenings in the solid-state NMR in which the maximum iso-

tope enrichment is required to achieve a better spectral sensitivity. This type of line

broadening, however, cannot be removed even if high-speed magic angle spinning

(425 kHz) is employed. In addition, the weak 13C–13C dipolar couplings arising

from any remote 13C–13C interaction turn out to be obscured by the strong dipolar

couplings due to spin diffusion within the dense 13C spin network and by the

dipolar truncation mechanism.52 In solution NMR, analysis of side-chain dynamics

by 13C spin relaxation is complicated by contributions from 13C–13C scalar and

dipolar couplings. To overcome the latter complication, the 13C label using [1-13C]

glucose or [2-13C]glycerol as the sole carbon sources has been introduced to isolate

groups in an alternating 12C–13C–12C-labeling pattern in solution NMR.53 Taking

this labeling strategy, Hong and Jakes54 and Hong55 prepared selectively and ex-

tensively 13C-labeled proteins suitable for solid-state NMR. They showed that for

amino acids synthesized in the linear part of the biosynthetic pathways, [1-13C]

glucose preferentially labels the ends of the side-chains, while [2-13C]glycerol labels

the Ca of 10 amino-acid residues, including Gly, Cys, Ser, Ala, Leu, Val, His, Phe,

Tyr, and Trp as well as Cb of Val residue, although two pairs of coupled 13C spins,

Val Ca/Cb, and Leu Cb/Cg are still present. Typically, they used a modified M9

medium containing, per liter, 1 g 15NH4Cl, 4 g [2-13C]glycerol, 3 g KH2PO4, 6 g

Na2HPO4, 1mM MgSO4, the unlabeled amino acids Asp, Asn, Arg, Gln, Glu, Ile,

Lys, Met, Pro, and Thr at 150 mg/mL each, and 100 mg/mL ampicillin. They showed

that the maximum labeling level is up to 50%.

Even in the absence of the problems of dense spin network, it should also be

taken into account that a 13C NMR signal from an expected site is not always fully

visible if the motional frequency of internal fluctuation, if any, is interfered by either

the frequency of proton decoupling or magic angle spinning, as encountered for a

variety of membrane proteins at ambient temperature.42–46,56 This is also possible

for a variety of labels ([3-13C]Ala, [1-13C]Gly, Ala, or Val) used. This kind of

information, however, is extremely useful to locate a residue in which the fluctu-

ation motions with timescales of a millisecond or microsecond of biological sig-

nificance are present, once 13C NMR peaks of interest are site-directly assigned to

amino-acid residues located at the particular site in advance, as discussed below.

2.3. Site-directed (or amino-acid specific) 13C enrichment

In order to obtain more simple spectral features, it is advised to try alternative site-

directed (or amino-acid-specific) enrichment in which one of the unlabeled amino-

acid residues is replaced by a selectively 13C-labeled amino acid such as [3-13C]Ala,

[1-13C]Ala, Val, etc. in the growth TS medium, as shown in Table 157 for bR from

H. salinurum or M9 medium for a variety of membrane proteins expressed from

E. coli.58 It is also possible to combine two different kinds of amino-acids such as

[3-13C]Ala and [1-13C]Val simultaneously, when there is no overlap of peaks with

each other nor direct 13C–13C connectivity. This approach is therefore the simplest
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means to incorporate one or two kinds of amino acid residue(s) as an isolated spin

system, which is essential for observation of the narrowest NMR signals for mem-

brane proteins even if fluctuations with a variety of frequencies are present de-

pending upon their environment either in a 2D crystal or a monomer. In principle,

Table 1. TS and M9 media for amino-acid specific enrichment

TS medium (pH 6.6, 2L scale)

NaCl 500 g

MgSO4 � 7H2O 40 g

KCl 2 g

KNO3 200mg

KH2PO4 300mg

K2HPO4 300mg

Sodium citrate 2H2O 1g

L-Ala 430mg L-Arg 800mg L-Asp 450mg

L-Cys 100mg L-Glu 2600mg Gly 120mg

L-His 300mg L-Ile 440mg L-Leu 1600mg

L-Lys 1700mg L-Met 370mg L-Phe 260mg

L-Pro 100mg L-Ser 610mg L-Thr 500mg

L-Tyr 400mg L-Trp 50mg L-Val 1000mg

Glycerol 2 g ¼ 0.1% (g/ml)

Metal salt solution 2mL

[Metal salt solution consisting of: 100mL (0.1 N HCl)]

CaCl2 � 2H2O 700mg

CuSO4 � 5H2O 5mg

FeCl2 � 4H2O 230mg

ZnSO4 � 7H2O 44mg

MnSO4 �H2O 30mg

M9 medium (pH 7.4, l L scale)

Non-labeled amino acids (except for Trp) each 100mg

Trace metal solution 1.0mL, consisting of:

[concentrated trace metal solution (100mL scale)]

4mM ZnSO4 7H2O 115mg

1mM MnSO4 4-5H2O 23.2mg

4.7mM H3BO3 29.1mg

0.7mM CuSO4 � 5H2O 17.5mg

2.5mM CaCl2 � 2H2O 36.8mg

1.8mM FeCl2 � 4H2O 35.8mg

Adding the following, after autoclaving:

1M MgSO4 3mL

1M CaCl2 150mL

20% glucose 10mL (2 g/L)

Trp (100mg/10mL) 10mL (100mg/mL)
13C-labeled amino acid (100mg/10mL) 10mL (100mg/L)

Antibiotics (the amount varies depending upon protein to be overexpressed and bacterium)
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all the 13C signals thus obtained could be readily ascribed to the incorporated

amino-acid residues, unless otherwise metabolic conversion, for instance, from in-

corporated Asp to Glu or Trp residues is not ignored, as encountered for

[4-13C]Asp-labeled bR in which the scrambling was confirmed by a 14C isotope

experiment.59 No such conversion, however, has been noted when amino-acids such

as Ala and Val are incorporated into bR. Therefore, well-resolved 13C NMR signals

are available from [3-13C]Ala-bR from PM as illustrated in Fig. 2. All the signals

located at positions between 14.5 and 18 ppm can be exclusively ascribed to Ala Cb

signals located at various sites, because there are no overlaps of signals from other

amino-acid residues, nor accelerated transverse relaxation process in the absence of

a directely bonded 13C–13C pair. Background 13C NMR signals from unlabeled

amino-acid residues can be also usually ignored because of the highest level of

Fig. 2. Comparison of 13C DD-MAS (A) and CP-MAS (B) NMR spectra of [3-13C]Ala-
labeled bacteriorhodopsin from PM. The three peaks marked by gray on the upper trace are
from the Ala residues located at the N- and C-terminal moieties.60 Reproduced with the
permission from the Biophysical Society.
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isotope enrichment, except for the case of [1-13C]Gly labeled bR in which a pos-

sibility of contributions from a variety of other amino-acid residues at natural

abundance should be taken into account.

It is cautioned that this kind of an excellent spectral resolution of [3-13C]Ala-bR

from PM could be again severely deteriorated, when spectra are recorded either

under the conditions of lower humidity than relative humidity (r.h.) 90% 36,61 or at

a temperature below �101C.62 This may be a consequence of similarity of the data

between the temperature-dependent spectral change and the dehydration/rehydra-

tion behavior of PM studied by measurements of the lamellar spacing by neutron

diffraction.63 Still, no sufficient structural information relating to a 3D structure is

available from loops or N- or C-terminal residues under such conditions, however.

It is again emphasized that better spectral resolution can be achieved only when the
13C NMR spectra are recorded for 13C-labeled proteins of 2D crystalline lattice at

ambient temperature.

3. SITE-DIRECTED ASSIGNMENT OF 13C NMR PEAKS OF

MEMBRANE PROTEINS

3.1. Regio-specific assignment of peaks

For integral membrane proteins embedded in a membrane, the hydrophobic por-

tion of the polypeptide chain passes through at least once or several times, usually

as a-helices but in some cases as b-strands. The hydrophilic N- and C-terminal

residues, protruding from either side of the membrane, are exposed to the aqueous

phase to result in an undergoing fast fluctuation motions by taking the random coil

form. The interhelical loops between the transmembrane a-helices are located at the

membrane surface. G-protein-coupled receptors (GPCRs) form the largest known

family among integral membrane proteins of all genes encoded in the genomes of

higher eukaryotes and their highly conserved topology is made up of seven trans-

membrane helices like bR as their prototype protein. They function as a transducer

of extracellular signals like hormone, pheromones, odeorants, or light into the

activation of intracellular G-protein complex, as demonstrated by rhodopsin as a

typical GPCR, a mammalian photoreceptor protein of 40 kDa covalently linked to

11-cis-retinal through Lys 296.

It is very helpful to compare the 13C NMR spectra of [3-13C]Ala-labeled proteins

recorded by the DD-MAS technique (Fig. 2A) with those recorded by the CP-MAS

technique (Fig. 2B), to distinguish the 13C NMR signals of a rather flexible N- or C-

terminus from those of immobilized portions arising from the transmembrane hel-

ices, in view of their differential spin–lattice relaxation times.36 In fact, the 13C

NMR spectra are readily visible from the whole area of the membrane proteins by

the DD-MAS experiment when they are labeled by [3-13C]Ala, because their

spin–lattice relaxation times are of the order of 0.5 s32,36 and sufficiently short

compared with repetition times usually taken as 4 s. In contrast, the 13C NMR
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signals from such regions are almost completely suppressed by the CP-MAS

experiment owing to time-averaged dipolar interactions in the presence of their

flexible fluctuation motions, as manifested from the 13C NMR spectra of

[3-13C]Ala-labeled proteins.37 This is not always true, however, for 13C NMR ob-

servations of nuclei with longer spin–lattice relaxation times of the order of 20 s,

such as carbonyl groups of the transmembrane a-helices of bR labeled by

[1-13C]amino acids.36 In such cases, the 13C NMR signals from the transmembrane

a-helices are usually not visible by the DD-MAS experiment that usually utilizes

shorter repetition times.

Further regio-specific assignments of the observed 13C NMR peaks to the trans-

membrane a-helices, loops and N- or C-terminus is readily feasible in view of their

respective 13C chemical shifts, corresponding to the a-helix form, turned structure,

and random coil forms, respectively, with reference to the conformation-dependent

displacements of the 13C chemical shifts, to be described in the next section.

3.2. Conformation-dependent 13C chemical shifts in the solid35,36,63,64

13C chemical shifts of polypeptides, taking particular secondary structures such as

the a-helix, b-sheet, etc. in the solid-state and random coil in solution, can be

conveniently used as reference data to determine the local conformation of amino-

acid residues of interest. This is readily made possible in the solid because such 13C

chemical shifts are free from time-averaged processes due to conformational fluc-

tuations as frequently encountered in solution NMR. Recording 13C NMR spectra

of polypeptides by taking the b-sheet form is made possible in the solid, although no

solution NMR data are available due to a sparing solubility in solution. As dem-

onstrated in Table 2, the two kinds of major conformations, the a-helix or b-sheet

form in addition to the random coil form in solution, are readily distinguished for a

variety of polypeptides with reference to their significant 13C NMR peak positions

for the Ca, Cb and carbonyl carbons.64,65 The 13C chemical shifts for the random

coil form in CF3COOH or in aqueous solution in the presence of a few drops of

H2SO4 are located at the midpoint of the peak positions between the a-helix and

b-sheet forms, reflecting the time averaging among allowed conformations.66 In

general, the backbone Ca and CQO 13C shifts of the a-helix (ordinary a-helix or

aI-helix) forms are significantly displaced to high frequency (by 3.5–8.0 ppm) with

respect to those of the b-sheet forms, while the side chain Cb peak of the a-helix

form is displaced to low frequency (by 3.4–5.2 ppm) with respect to that of the

b-sheet form. The differences, D, of the 13C chemical shifts between the a-helix and

b-sheet form up to 8 ppm for the Ca, Cb, and CQO carbons do not vary strongly

among a variety of amino acid residues (Table 2), although the absolute 13C chemi-

cal shifts for the Ca and Cb carbons are strongly affected by the chemical structure

of the individual amino-acid residues. Further, it is noteworthy that the 13C NMR

signals of the random coil form are resonated at positions between the above-

mentioned a-helix and b-sheet forms.
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Table 2. 13C chemical shifts characteristic of the a-helix, b-sheet and random coil forms (ppm from TMS)a

Amino acid Residues

in Polypeptides

Ca Cb C ¼ 0

a-helix b-sheet Random coilc Db a-helix b-sheet Random coilc Db a-helix b-sheet Random coilc Db

Ala 52.4 48.2 51.1 4.2 14.9 19.9 15.7 �5.0 176.4 171.8 176.1 4.6

52.3 48.7 3.6 14.8 20.0 �5.2 176.2 171.6 4.6

52.8 49.3 3.5 15.5 20.3 �4.8 176.8 172.2 4.6

Leu 55.7 50.5 55.2 5.2 39.5 43.3 39.7 �3.8 175.7 170.5 175.7 5.2

55.8 51.2 4.6 43.7d 39.6d 4.1 175.8 171.3 4.5

Val 65.5 58.4 61.2 7.1 28.7 32.4 31.7 �4.6 174.9 171.8 174.4 3.1

58.2 32.4 171.5

Ile 63.9 57.8 61.1 6.1 34.8 39.4 37.1 �3.7 174.9 172.7 175.8 2.2

57.1 33.1 171.0

Glu(OBzl) 56.4 51.2 5.2 25.6 29.0 �3.4 175.6 171.0 4.6

56.8 51.1 5.7 25.9 29.7 �3.8 175.4 172.2 3.2

Asp(OBzl) 53.4 49.2 4.2 33.8 38.1 �4.3 174.9 169.8 5.1

53.6e 34.2e 174.9

Lysf 57.4 29.9 176.5

Lys(Z) 57.6 51.4 6.2 29.3 28.5 �0.8 175.7 170.4 5.3

Argf 57.1 28.9 176.8

Phe 61.3 53.2 8.1 35.0 39.3 �4.3 175.2 169.0 6.2

Met 57.2 52.2 5.0 30.2 34.8 �4.6 175.1 170.6 4.5

Gly 43.2 168.4

44.3 168.4

169.2

171.6g 168.5 3.1

aRefs. 64,65
bDifference in the 13C chemical shifts of the a-helix form relative to those of the b-sheet form.
cIn CF3COOH solution. A few drops of H2SO4 was added in the cases of (Ile)n and (Leu)n.
dThis assignment should be reversed.
eErroneously assigned from the left-handed a-helix.
fData taken from the data of salt-induced a-helix in neutral aqueous solution.
gAveraged values from the data of polypeptides containing 13C-labeled glycine residues.
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Such conformation-dependent displacements of the 13C chemical shifts for

particular amino-acid residues depending upon their secondary structures can be

conveniently utilized as a means to elucidate the local conformations of the re-

spective amino-acid residues for any given proteins or peptides, since all the 13C

chemical shifts of the amino-acid residue, adopting unfolded conformations in so-

lution, turn out to be independent of all neighboring residues except for the proline

residue.67 Therefore, the transferability of these parameters for the particular res-

idues from the simple model polypeptides to more complicated proteins is excellent

and can be applied to any type of proteins, as far as the amino acid residues under

consideration are virtually static (rigid) as in silk fibroin,68 collagen,69,70 and syn-

thetic transmembrane peptides of bR in the solid.71

3.3. Site-directed assignment of peaks based on site-directed mutagenesis

The first step to this end is to locate the peak(s) of reduced peak intensity, if any, in

the 13C NMR spectra of 13C-labeled mutants of membrane proteins, in which

specific amino-acid residues of interest are replaced with others, as compared with

those of the wild type. The feasibility of this approach has been extensively explored

as a convenient means to be able to assign the well-resolved 13C NMR peaks of bR.

For this purpose, the locations of the individual amino-acid residues are illustrated

in the primary sequence of bR taking into account the possible secondary structure

based on the data of X-ray diffraction studies as shown in Fig. 3. They are marked

as [3-13C]Ala (circle), [1-13C]Val (rectangular), Ala (circle), Pro (square), Trp (oval),

etc. For instance, the Ala Cb
13C NMR peaks of Ala 196 (F–G loop) and 126 (at the

corner of helix D) in [3-13C]Ala-labeled bR are straightforwardly assigned to the

peaks whose intensities are significantly reduced in the site-directed mutants A196G

and A126G, respectively, as shown in Fig. 4,60 since no additional spectral change

was noted by the introduction of this sort of site-directed mutagenesis. Here, the so-

called aI- (ordinary right-handed a-helix) and aII-helices are defined on the basis of

the conformation-dependent 13C chemical shifts of [3-13C]Ala-labeled bR with ref-

erence to the 13C chemical shifts of (Ala)n in the solid and in hexafluroisopropanol

(HFIP) solution, respectively.31 The so-called latter aII-helix was originally pro-

posed by Krimm and Dwivedi72 as an anomalous a-helix found for bR embedded in

membrane by infrared spectra, although no such anomaly was noted later by X-ray

diffraction studies.6 Nevertheless, this definition is still useful to characterize the

manner of an a-helix form in membrane proteins and should be ascribed to a

residue whose time-averaged deviation of torsion angles at ambient temperature is

different from that of static ones at low temperature and leads to anharmonicity

associated with local anisotropic fluctuation.71

In many instances, however, a more complicated spectral change in the difference

spectrum can arise from an accidental overlap of signal under consideration with

that of another residue and an accompanied local conformational change is intro-

duced by site-directed mutagenesis as encountered in A84 and A39V.33 It is

straightforward to assign the peak at 16.88 ppm to Ala 84 from helix C, as it is
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decreased in A84G as compared with the wild type, although an additional signal of

Ala 240 from the C-terminal moiety taking the random coil form is superimposed

upon it. In addition, the most intense peak at 16.40 ppm of A39V in the DD-MAS

NMR spectrum free from efficiency of cross-polarization is clearly decreased as

compared with the wild type. Several other peaks are also modified, as seen by the

increased peak intensity at 16.26 ppm in the CP-MAS NMR spectrum as well as the

low-frequency displacement of the peak Ala 103 at 17.20 to 17.10 ppm at the loop

region. This is because Ala 39 is located at the turn of the helix B at its cytoplasmic

end (see Fig. 3) and its replacement with Val may result in an accompanied modified

secondary structure of helix B at the cytoplasmic end and the C–D loop through

interactions among cytoplasmic loops and the C-terminal a-helix. The assigned Ala

Cb peaks so far obtained by the site-directed mutagenesis are summarized in Table 3.

Accidental overlaps of signals inevitably occur owing to the fact that only 12 and

9 peaks are resolved for [3-13C]Ala- and [1-13C]Val-labeled bR, respectively, in spite

of 29 Ala and 21Val residues being involved.60,73,74 Therefore, it is also possible to

utilize another type of 13C-labeled probe such as Gly, Pro, Ile, etc., in order to

obtain additional information about conformation and dynamics to get rid of the

inconvenience caused by the accidental overlaps of 13C NMR signals. This ap-

proach is very important as viewed from the differential sensitivity to the protein

Fig. 3. Schematic representation of the primary structure of bacteriorhodpsin taking into
account its secondary structure based on X-ray diffraction studies. Residues marked by
circle, rectangular box, diamond, and oval are Ala, Val, Pro, and Trp, respectively.
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dynamics between the Ala Cb and carbonyl carbons of a variety of amino acid

residues, to be described later. The most suitable alternative probes other than

[3-13C]Ala are [1-13C]Val or Ile instead of [1-13C]Ala, Gly, etc. in which 13C NMR

signals from the interfacial domains could be suppressed34,75 due to the interference

of the frequency of fluctuation motion with the frequency of the magic angle spin-

ning,76 are described in the next section.

At least nine 13C NMR signals are resolved in the 13C NMR spectrum of

[1-13C]Val-labeled bR as illustrated in Fig. 577. Tanio et al.73 showed that the 13C

NMR signal of the lowest frequency occurs at 171.1 ppm of [1-13C]Val-labeled bR is

ascribed to Val 101, on the basis of the comparative 13C NMR spectra of wild-type

(A) and V101A mutant (B) (Fig. 6), although this peak was also assigned to Val 199

superimposed upon the peak of Val 101 with reference to the data of V199A.73 In a

similar manner, the peak at 172.0 ppm turns out to be ascribed to both Val 49 and

Val 130. Accordingly, the 13C NMR signals of [1-13C]Val-bR are well-resolved and

assigned to Val residues in the loop regions, Val 34 (A–B loop), 69 (B–C loop), 101

(C–D loop), 130 (D–E loop), and 199 (F–G loop),73,74 with reference to the data of

the site-directed mutants and data obtained using enzymatic cleavage. Therefore,

Fig. 4. Site-specific assignment of the 13C NMR signals of [3-13C]Ala-labeled bac-
teriorhodopsin from PM (A), as compared with those of its site-directed mutants, A126G
(B), and A196G (C) mutants.60 Reproduced with permission from the Biophysical Society.
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they can be utilized as very convenient diagnostic probes to examine a plausible

change in the conformation or dynamics or both in the cytoplasmic and extracel-

lular loops of bR as a function of pH, ionic strength, temperature, etc. The assigned

peaks for [1-13C]Val-labeled bR so far obtained are based on a variety of mu-

tants,73–75 V29A, V34A, V49A, V101A,V130A, V151A, V167L, V179M, V180A,

V187L, V199A, V213A, V217A as summarized in Table 3. The assigned 13C chem-

ical shifts of [1-13C]Pro,-, Ile- and Trp-bR are summarized in Table 3, based on the
13C NMR spectra of their appropriate site-directed mutants.74 It is noted

from Table 3 that the Cb
13C NMR peaks of the loop regions available from

Table 3. Assigned 13C chemical shifts for [3-13C]Ala and [1-13C]Val residues in [3-13C]Ala-,

[1-13C]Val-labeled bacteriorhodopsin from purple membrane

Chemical shifts Ala residues Val/Pro/Ile/Trp residues

[3-13C]Alaa,bLoop 17.78 196

Loop 17.36 160

aII-helix 17.27 184

Loop, aII-helix 17.19 103, 235

Random coil, aII-helix 16.88 240, 244–246, 84

aII-helix 16.38 39, 168

aII-helix 16.52 81

aII-helix 16.20 215

aII-helix 16.14 53

aII-helix 15.92 51

aII-helix 15.91–15.67 228, 233

aI-helix 15.02 126

[1-13C]Valc Loop 171.07 101, 199

Loop, a-helix 171.99 49, 130

Loop 172.84 34, 69

a-helix 173.97 151, 167, 180

a-helix 174.60 136, 179, 187

a-helix 174.99 217

a-helix 177.04 29, 213

[1-13C]Prod Loop 173.1

Random coil 174.4, 174.6 236, 238

a-helix 174.3 50

a-helix 176.0 91

a-helix 177.7 186

[1-13C]Ilec Loop 171.2, 172.9 78, 198

Random coil 173.5 4

a-helix 175.4 222

[1-13C]Trpc a-helix 175.0 189

a-helix 175.8 182

aRef. 35.
bRef. 101.
cRef. 74.
dRef. 83.
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[3-13C]Ala-bR are resonated at higher frequency than those of the a-helix forms,

although Ala 184 and 235 are accidentally overlapped by the peaks of the loops. It

is also noted that the peak position of the random coil is located at the boundary

that divides them. On the contrary, the 13C chemical shifts of the loop regions of

[1-13C]Val, Pro, Ile are at lower frequency than those of the a-helix form, except for

Val 49, and the peak positions of the a-helices are located at the higher frequency

side with respect to that of the random coil. The unusually low-frequency shift of

the 13C NMR peak of Val 49 in the Val-Pro sequence is due to the so-called proline

effect in which the carbonyl 13C chemical shift of the amino acid residue in the Val-

Pro sequence is displaced to lower frequency by 1.4–2.5 ppm.78,79

It is cautioned, however, that this approach cannot always be utilized for mutants

in which any single mutation at a certain key position causes global conformational

change as encountered for the 13C NMR spectra of [3-13C]Ala-labeled D85N mutant

of bR.80 Caution is also a prerequisite for several 13C-labeled proteins in which certain

signals from the surface areas are preferentially suppressed when the frequency of

fluctuation motions, if any, interferes with the frequency of the magic angle spinning

or proton decoupling of the order of 104–105Hz,76,81 as described in Section 4.1.

Fig. 5. 13C CP-MAS (left) and DD-MAS (right) NMR spectra of [1-13C]Val-labeled wild
type (A) and V101A mutant (B) of bacteriorhodopsin, respectively.77 Reproduced with per-
mission from the IOS Press.
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3.4. Spectral editing using Mn2+-induced spectral broadening

Even under such situations, the present approach using site-directed mutations for

the assignment of peaks turns out to be still effective, as far as such accompanied

conformational changes remain relatively local and their sites of the reduced peak

intensities by site-directed mutation can be readily identified. This type of peak

assignment, however, is also made easier, if many of the superimposed signals from

other residues, located at the surface, could be preferentially removed.This can be

achieved by editing the spectra utilizing Mn2+-ion-induced line broadenings from

the observed spectral pattern, when their sites under consideration are located at the

membrane surfaces. For this purpose, Tuzi et al. proposed a unique way to pref-

erentially remove such perturbed signals arising from the residues located near a site

at the surface to which Mn2+ ion can bind.82 In fact, the 13C NMR spectra of bR

labeled by [3-13C]Ala-, [1-13C] Pro-, Val-, Ala-, etc. were compared between prep-

arations with and without Mn2+ ion.82,83 This approach is very effective when

several modified 13C NMR peaks from surface residues are due to an accompanied

conformational change arising from the site-directed mutagenesis that can be pref-

erentially broadened by the accelerated transverse relaxation rate in the presence of

specific dipole–dipole interactions between Mn2+ ions and the carbons under con-

sideration. The broadened line widths (1/pT2C), which are expressed by a function

of distances between electron and nuclear spins, r, and the correlation time of

Fig. 6. 13C CP-MAS NMR spectra of [3-13C]Ala-labeled A215G (A) and A81G (B) in the
absence (top solid traces) and presence (mid solid traces) of 40 mM Mn2+ ion. The corre-
sponding spectra of the [3-13C]Ala-labeled wild-type bR are superimposed on the top and
middle traces as dotted traces. Difference spectra between the spectra of the wild-type and
mutant bRs in the presence of the Mn2+ ion are shown as the bottom traces.60 Reproduced
with permission from the Biophysical Society.
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rotational reorientation of the spin pair (tr) based on the Solomon–Bloembergen

equation, can be described as follows:84,85

1=T2c ¼ ½SðS þ 1Þg2cg2b2=ð15r6Þ�½4tc1 þ 3tc1=ð1þ o2
ct

2
c1Þ þ 13tc2ð1þ o2

et
2
c2Þ� (1)

1=tc1 ¼ 1=T1e þ 1=tr þ 1=tm; 1=tc2 ¼ 1=T2e þ 1=tr þ 1=tm

where T2c is the spin–spin relaxation time of a 13C nucleus, r the distance between

the 13C nucleus and Mn2+ ion, S the total electron spin, oc and oe are the nuclear

and electronic Larmor precession frequencies, gc the gyromagnetic ratio of 13C, g

the g factor of Mn2+, b the Bohr magneton, T1e and T2e are the spin–lattice and

spin–spin relaxation times of an electron, tr the rotational correlation time of the

Mn2+–bR complex and tm is the lifetime of the Mn2+ complex. The g-factor and

T1e of Mn2+ are assumed to be identical to those of an aqua ion. tm is assumed to

be longer than T1e (3� 10�9 s). When tr is longer than T1e, the line width corre-

sponding to the calculated 1/pT2c value becomes greater than 100Hz in the area

within 8.7 Å of Mn2+ ion.82 Therefore, the upper bound of the interatomic dis-

tances between the 13C nuclei in bR and the Mn2+ bound to the hydrophilic surface

for the production of suppressed peaks is thus estimated as 8.7 Å.82

Utilizing this procedure, the emerging 16.20 ppm peak in the presence of the

Mn2+ ion, superimposed upon complicated 13C NMR spectra of [3-13C]Ala-labeled

bR, was selected by the difference spectrum between the wild type and the A215G

mutant (Fig. 6A, left bottom) and straightforwardly assigned to Ala 215, even

though respective spectra without Mn2+ ion are rather complicated due to the

presence of accompanied spectral changes due to inevitable, conformational

changes (Fig. 6A, left top and middle). In a similar manner, the 16.52 ppm peak was

also unequivocally assigned to Ala 81 in view of the difference spectrum between

wild type and A81G in the presence of Mn2+ ion (Fig. 6B, right bottom). It is

noteworthy that the resulting conformational changes occur even in the inner part

of the transmembrane a-helix by replacement of Ala 81 with Gly and result in a

dispersion signal at 15.39 and 15.25 ppm.

It is also very important to examine in more detail how the present approach to

edit spectra by utilizing Mn2+ ion-transverse relaxation is useful as a diagnostic

means to assign the 13C NMR peaks of bR labeled with [1-13C]Gly, Ala-, Leu, Val-,

Ile-, Trp-, Pro-, etc. It appears from Fig. 7B that in addition to the main peak, a

broad envelope centered at 175 ppm is present for the 13C CP-MAS NMR spectra

of [1-13C]Gly labeled bR as a background signal ascribable to several superimposed
13C NMR signals from amino-acid residues with substituents at Ca

64,65 of natural

abundance such as Ala, Leu, and Val. Instead, the intense 13C NMR peak at

171.7 ppm recorded by the CP-MAS and DD-MAS NMR spectra arose from the

a-helical segments, as viewed from the conformation-dependent 13C chemical shifts

for [1-13C]Gly residues.63,64 It is also noteworthy that most of the peak intensity

from the Gly residues involved in the a-helix, as detected by the DD-MAS NMR, is

suppressed by the Mn2+ ion, whereas the corresponding peak from the CP-MAS

NMR is not. This means that the 13C NMR signals of the Gly residues lo-

cated at the interfacial regions from [1-13C]Gly labeled bR could be preferentially
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suppressed due to the interference of the fluctuation frequency with that of the

magic angle spinning, as will be discussed later in Section 4.1.

In general, the 13C CP-MAS NMR signals of bR labeled with [1-13C]amino-acid

residues, except for Gly, spread over the region between 171 and 178 ppm. In

particular, the 13C NMR signals resonating at higher frequency than 174.9 ppm are

ascribed to those of the a-helix, whereas the lower frequency signal than this are

assigned to either a turned structure in the loop or b-sheet. As demonstrated in the

schematic representation shown in Fig. 3, there appears no Leu residue involved in

the N- or C-terminal moieties which take randomly coiled segments and their sig-

nals can be easily evaluated in view of the 13C chemical shifts of [3-13C]Ala- or

[1-13C]Ala-, Pro-, Ile-labeled bR.36,74,83 Therefore, it is unlikely that Leu residues

are involved in the segment of the random coil form in spite of the possibility of the

observed peak positions in the intense signals at 175.0 and 174.7 ppm, which are

visible by the DD-MAS NMR (Fig. 9C) but not by CP-MAS NMR (Fig. 2D). It is

probable that these signals may arise from residue(s) rather than the incorporated

[1-13C]Leu by scrambling.

Fig. 7. 13C DD-MAS (A and C) and CP-MAS (B and D) NMR spectra of the [1-13C]Gly
and Leu-labeled bR from PM, respectively, without (solid traces) and with 40 mM Mn2+ ion
(dotted traces).74 Reproduced with permission from John-Wiley and Son, Ltd.
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As demonstrated in Fig. 8, the 13C NMR spectra of [1-13C]Val-bR were com-

pared under the conditions with and without Mn2+ ion. The 13C peak intensities of

[1-13C]Val residues located at the loop regions, Val 69 (172.9 ppm) from B–C loop,

Val 130 (172.0 ppm) from D–E loop and Val 101 and 199 (171.0 ppm) from the C–D

and E–F loops, respectively, are almost completely suppressed by the accelerated

transverse relaxation effect in the presence of 40 mM Mn2+ ion, although those of

the inner part of the transmembrane a-helix including Val 213 (177.0 ppm) and 49

(172.0 ppm) are not.75 This finding is obviously consistent with the secondary

structure in Fig. 3 together with the prediction based on Eq. (1).

It is surprising to note that the 13C relative intensities of peaks in [1-13C]Trp

recorded by the DD-MAS NMR with (gray) and without Mn2+ ion (black) given in

Fig. 9 and Phe-labeled bR (data not shown) are almost the same as those recorded

by the CP-MAS NMR. In general, it is well recognized that 13C DD-MAS NMR

observation of signals from the transmembrane a-helices of bR labeled with

[1-13C]amino acids is very difficult because of expected spin–lattice relaxation times

which might be of the order of 10–20 s.34 In contrast, it is found that such 13C NMR

signals from [1-13C]Trp- or Phe-labeled bR can be easily recorded by the DD-MAS

method, probably because the 13C spin–lattice relaxation times of the transmem-

brane a-helices of [1-13C]Trp- and Phe-labeled bR are made shorter by at least one

order of magnitude as compared with those of other amino-acid residues such as

Gly, Ala, and Val.34 Obviously, this is caused by the presence of the two-site jump

Fig. 8. 13C CP-MAS NMR spectra of [1-13C]Val-labeled bR from PM without (solid trace)
and with 40mM Mn2+ ion (gray trace). 13C NMR peaks of Val 130 and 101 are superim-
posed upon the peaks of Val 49 and 199, respectively.75 Reproduced with permission from
Elsevier.
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Fig. 9. 13C CP-MAS NMR spectra of [1-13C]Trp-labeled bR without (solid trace) and with
40mM Mn2+ ion (dotted trace) (A), deconvoluted spectra without (B) and with 40mM Mn2+

ion (C), and corresponding 13C DD-MAS NMR spectrum (D). Several asterisked peaks
arose from 13C signals probably scrambled from incorporated [1-13C]Trp.75 Reproduced with
permission from John-Wiley and Son, Ltd.
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motions of the aromatic side-chains, especially in the membrane environment that

could serve as a sink of the shortened spin–lattice relaxation times.86,87 It is no-

ticeable that the 13C NMR peaks of [1-13C]Trp-labeled bR are distributed in a

rather narrow range (ca. 2 ppm) as compared with those of [1-13C]Val-labeled bR

(6 ppm) described above, because there is neither Trp residue in the loop regions nor

involvement in a specific sequence Trp-Pro that would result in the displacement of

the peaks to low frequency, if any (see Fig. 3). The peak intensities of the two

a-helical peaks resonated at 177.0 and 174.9 ppm are appreciably suppressed by the

accelerated relaxation rate caused by the proximity of the Trp residue close to the

bound Mn2+ ions at the surface areas, although the 13C Trp peaks so far assigned

are limited to Trp 182 and 189 ascribed to 175.8 and 174.9 ppm, respectively,

utilizing the site-directed mutants W128F and W189F.74 Indeed, Trp 182 is located

at the inner part of the transmembrane a-helix, which is not influenced by the added

Mn2+ ion, whereas Trp 189 is present at the shaded area, which could be strongly

influenced by the Mn2+ ion, as illustrated in Fig. 10.

Three of the transmembrane a-helices (helices B, C, and F) are involved in a kink

at positions of Pro 51, 91, and 186 among a total of 11 Pro residues, because the Pro

residues lack the proton donors required for the hydrogen bonds of normal a-helix,

Fig. 10. Schematic representation of the secondary structure of bR. Shaded areas represent
residues located within 8.7 Å from oxygens included in the potential cation binding sites. Pro
residues are circled and Pro 50, 91, and 186 are indicated by the arrows.83 Reproduced with
permission from Elsevier.
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according to the model structure of bR reported by X-ray diffraction studies.4–8

Naturally, these kinks contribute to efficient packing of the a-helices around the

retinal. It is expected that the 13C NMR signals of these three kinds of Pro residues

located at the inner part of the transmembrane a-helices can be readily distin-

guished from those of the others located near the surfaces based on the Mn2+-

induced transverse relaxation rates, as described already. These three residues are

located at positions separated more than 8.7 Å from the surface, whereas the rest

are located at positions within 8.7 Å as shaded areas (Fig. 10). Consistent with this

prediction, Tuzi et al.83 showed that the following three resonance peaks remain at

177.7, 176.0 and 174.3 ppm (Fig. 11B) from the total seven resolved peaks (Fig.

11A) when the 13C CP-MAS NMR spectra of [1-13C]Pro-labeled bR were recorded

in the presence of 40 mM Mn2+ ion. In contrast, only two peaks occur at 174.4 and

174.6 ppm in the corresponding DD-MAS spectrum (Fig. 11C). The other peaks in

the CP-MAS spectrum (Fig. 11A) are almost completely suppressed in the DD-

MAS spectrum (Fig. 11C) due to their longer spin–lattice relaxation times (of the

order of 10–20 s as found for [1-13C]Val- or Ala-labeled bR) as compared with the

repetition time (4 s).34,73 The major peaks in the DD-MAS NMR spectrum with

shorter spin–lattice relaxation times (of the order of 1 s73), superimposed upon the
13C NMR signals from the naturally abundant carbonyl peaks are obviously as-

cribed to Pro 236 and 238 located at the flexible C-terminal tail of the bR pro-

truding from the cytoplasmic membrane surface. Naturally, such signals from the

residues fully exposed to the surface are suppressed by the fast transverse relaxation

rate by the Mn2+ ion. The three peaks at 174.3, 176.0 and 177.7 ppm, visible by the

Fig. 11. 13C CP-MAS NMR spectra of [1-13C]Pro-labeled wild-type bR from PM in the
presence (A) and absence (B) of 40 mM Mn2+ ion, and 13C DD-MAS NMR spectra of
[1-13C]Pro-labeled wild-type bR in the presence (C) and absence (D) of 40 mM Mn2+ ion.83

Reproduced with permission from Elsevier.
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CP-MAS NMR spectrum in the presence of 40 mM Mn2+ ion, are assigned to Pro

50, 91, and 186 with reference to 13C NMR spectra of P50G, P91G, and P186A

mutants, respectively.83

3.5. Conformation-dependent 13C chemical shifts in membrane proteins

The existence of the conformation-dependent displacement of the 13C chemical

shifts for polypeptides and proteins, as discussed in Section 3.2, was initially pro-

posed for the interpretation of the 13C NMR spectral data available from the solids

as early as 1985 by Saitô and coworkers.63,64,88 The conformation-dependent 13C

chemical shifts turned out to be well related by the local conformation of the amino-

acid residues defined by a set of torsion angles (j and c) as demonstrated for the
13C chemical shifts of the Ala Cb carbons with reference to the theoretically eval-

uated counter map of the 13C chemical shift (nuclear shielding constant) for the

Ala-residue from N-acetyl-N0-methylalanine amide.89–91 In the case of carbonyl 13C

chemical shifts, however, the effect of hydrogen bonding is more significant than

that of the local conformation.89 It was therefore shown, on the basis of the ex-

perimental data and the predicted values given by this chemical shift map, that the

map successfully predicts the 13C chemical shifts of the Ala residues in polypeptides

and fibrous proteins.92,93 Instead of utilizing the 13C chemical shifts from solid

peptides, however, Spera and Bax94 proposed an alternative approach utilizing the

database of the 13C chemical shifts from globular proteins in solution, in which the

Ca and Cb chemical shifts are empirically related to the torsion angles determined

by X-ray diffraction studies. Later, this relationship has been utilized to determine

the protein backbone angle restraints package as TALOS.95 Wishart et al.96 found,

on the basis of the chemical shift database for a variety of proteins, that their 1H,
13C, and 15N chemical shifts reveal strong correlations to protein secondary struc-

ture and later proposed an automated 1H and 13C chemical shift prediction pro-

gram SHIFTY.97 Similar correlations have been proposed by several authors based

on the 13C NMR data on globular proteins or calculated spectra.98–100

It is cautioned, however, that the use of such a database from solution NMR is

not always appropriate for the interpretation of solid-state NMR data, because of a

possible source of errors arising from the chemical shift references for the solid and

solution NMR studies. Moreover, further larger dispersions of chemical shifts from

the solution NMR of globular proteins cannot always be ignored. Such data,

however, are not always free from ambiguities in choosing the appropriate chemical

shifts of the ‘‘random coil,’’ which are essential for data collection in solution

NMR. These are simply treated as hidden parameters, and not always as necessary

parameters for the interpretation of the solid-state NMR, unless 13C NMR data of

the fully hydrated samples are concerned. In fact, the 13C chemical shift data

available from such databases are in many instances ‘‘biased’’ as a reference for

solid-state NMR because of choice of reference data for both solid and solution

NMR. It is advised therefore to utilize the database from the solid state, if one aims

to interpret the 13C chemical shift data from solid-state NMR.64,65
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In membrane proteins, however, it should be borne in mind that the secondary

structures of fully hydrated membrane proteins are far from static under physio-

logical condition, in spite of proposed models available from diffraction studies on

crystalline samples at lower temperature. Indeed, they are very flexible even in the

2D crystal, because they are embedded in flexible lipid bilayers at ambient tem-

perature, undergoing various kinds of molecular motions with correlation times of

the order of 10�2–10�8 s. In fact, it is notable from Tables 2 and 3 that the spread of

the distribution of the conformation-dependent 13C chemical shifts of membrane

proteins is much larger than that of the reference polypeptides in the solids: 13C

chemical shifts of the a-helix forms spread over 3 and 2 ppm for [1-13C]Val- or Pro-,

and [3-13C]Ala-labeled bR, respectively; and 13C NMR peaks from the turned

structures located at the loop region of [1-13C]Val-bR spread over 3 ppm. It may

well be recognized, therefore, that the concept of the conformation-dependent dis-

placement of 13C chemical shifts as predicted under static condition should be

modified to some extent in such flexible membrane proteins.

Most of the 13C NMR peaks from the transmembrane a-helices occur at the peak

position of the aII-helix rather than aI-helix form, as far as the 13C chemical shifts of

[3-13C]Ala-labeled bR are concerned with reference to those of (Ala)n in HFIP

solution, consistent with the prediction by Krimm and Dwivedi72 based on IR

measurements (see Table 3). This is also true for a variety of membrane proteins

other than bR, including phoborhodopsin ppR, its transducer pHtrII and E. coli

DGK.37,42–44 The estimated proportion of the aII-helix form in the transmembrane

peptides of bR in lipid bilayers, however, is much less than that estimated from the

Ala Cb signals as in the case of Ala 14, 53, and 139 as judged from the carbonyl 13C

shift with reference to the peak positions of (Ala)n in HFIP solution.70 Therefore,

most of the aII forms as judged by the 13C chemical shifts of the Ala Cb carbons

should not always be interpreted in terms of the static picture as proposed on the

basis of infrared spectral data72 but of the dynamic picture of membrane proteins

undergoing a variety of fluctuation motions in the environment of the lipid bilay-

ers.82 In fact, it is conceivable that the 13C NMR peaks of the Ala Cb in the

transmembrane peptides pointed toward the lipid bilayers could be much influenced

by the local fluctuation of the peptide unit in the lipid bilayers,whereas those of the

carbonyl groups are not, because they are not in direct contact with the lipids.82

Consistent with this view, it is also interesting to note that the 13C NMR signals of

the [3-13C]Ala-labeled cytoplasmic or amphipathic a-helices protruding from the

membrane surfaces of bR,33,34 ppR,42 pHtrII43, and E. coli diacylglycerol, which

undergo fluctuation motions with correlation times of the order of 10�6 s, occur at

the peak positions of the aII-helix, even though they are not embedded within lipid

bilayers. Indeed, the 13C chemical shifts of the above-mentioned Ala Cb from the

cytoplasmic a-helix in bR are shifted to higher frequency when the temperature is

raised.101

Nevertheless, it is also demonstrated that the above-mentioned cytoplasmic

a-helix can be considered as the normal aI-helix rather than the aII-helix as judged

by the 13C chemical shifts of the Ca and CQO carbons.34 Therefore, the 13C NMR

signals of the more flexible transmembrane a-helices in membrane proteins and
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their fragments in lipid bilayers, or cytoplasmic and amphipathic a-helices pro-

truding from the membrane surfaces can be interpreted in terms of the dynamic-

dependent displacements of 13C chemical shifts as viewed from their Ala Cb signals.

As mentioned earlier, the 13C chemical shifts of the CQO carbons are more sen-

sitive to the manner of hydrogen bonding rather than that of the secondary struc-

ture as defined by a set of torsion angles (j, c).89 In this connection, it should be

cautioned that the database of the 13C chemical shifts accumulated from globular

proteins without this sort of fluctuation motion should be treated more carefully.

4. BACKBONE DYNAMICS AND STRUCTURES IN THE

INTERFACIAL DOMAINS OF BACTERIORHODOPSIN FROM

PURPLE MEMBRANE

4.1. Surface dynamics

4.1.1. Site-directed suppression of 13C NMR signals by slow motional fluctuations

As demonstrated already, the 13C NMR spectra of 13C-labeled membrane proteins

including bR are not always fully visible at ambient temperature, depending upon

the types of incorporated 13C labels. For instance, the 13C NMR signals of

[1-13C]Ala-labeled bR from PM with and without 40mMMn2+ ion turned out to be

very similar,75 because the 13C NMR signals from the interfacial domains located

within approximately 8.7 Å from the membrane surface were already suppressed by

the failure of peak narrowing. This is due to the interference of the motional

frequency of internal fluctuation with the frequency of the magic angle spinning (to

be described below in more detail), and not because of the accelerated transverse

relaxation by the added Mn2+ ion.34 In contrast, it is shown that the corresponding
13C NMR signals from this region are fully visible from [3-13C]Ala-labeled bR of

PM taking the 2D crystal, as judged by careful comparison of individual peak

intensities between the experimental and deconvoluted peaks by taking into account

the relative proportions of the contributed residues.32 Indeed, the 13C NMR peaks

of Ala Cb are sensitive to the fluctuation frequency interfering with the frequency of

proton decoupling (E105Hz), whereas those of the CQO signals are sensitive to a

fluctuation frequency interfering with the frequency of the magic angle spinning

(E104Hz).76,81

Theoretically, the expected 13C NMR linewidth 1/pT2
C, under CP-MAS or DD-

MAS NMR conditions, depends strongly on either the coherent frequency of the

proton decoupling or the magic angle spinning, when they interfere with the fre-

quency of the corresponding incoherent random fluctuation motion, if any.76,81 In

such cases, the overall relaxation rate 1/T2
C can be dominantly determined by the

following second or third terms instead of the first term of the static component by

1=TC
2 ¼ ð1=TC

2 Þ
S þ ð1=TC

2 Þ
M
DD þ ð1=TC

2 Þ
M
CS (2)

where (1/T2
C)S is the transverse component due to static C–H dipolar interactions,
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and (1/T2
C)MDD and (1/T2

C)MC S are the transverse components due to the fluctuation of

the dipolar and chemical shift interactions in the presence of the internal fluctuation

motions, respectively. The latter two terms are given as a function of the correlation

time tc by

ð1=TC
2 Þ

M
DD ¼ Sð4g2I g2S_

2=15r6ÞIðI þ 1Þðtc=ð1þ o2
It

2
cÞÞ (3)

ð1=TC
2 Þ

M
CS ¼ ðo2

0d
2Z2=45Þðtc=ð1þ 4o2

rt
2
cÞ þ 2tc=ð1þ o2

rt
2
cÞÞ (4)

Here. oI and oS are the gyromagnetic ratios of the I and S nuclei, respectively, and r

is the internuclear distance between the spins I and S. oo and oI are the carbon

resonance frequency and the amplitude of the proton decoupling RF field, respec-

tively. or is the rate of spinner rotation. d the chemical shift anisotropy and Z the

asymmetric parameter of the chemical shift tensor.

Clearly, the transverse relaxation rate is dominated by modulation of either di-

polar interactions or chemical shift anisotropies, if internal fluctuations cannot be

ignored as in the membrane proteins. It is expected that a decoupling field of 50 kHz

is sufficient to reduce the static component and the (1/T2
C)MCS term will be dominant

in the overall 1/T2
C, as far as carbonyl groups with larger chemical shift anisotropies

are concerned.34 In addition, it is expected that the Ca carbon signal could also be

affected by both the (1/T2
C)MDD and (1/T2

C)MCS terms, depending upon the frequency

range of either 50 kHz (oI) or 4 kHz (or), respectively. Of course, it is possible to

avoid the above-mentioned interference with a frequency of the order of 104Hz by

increasing the spinning rate up to as fast as 20 kHz. In this case, however, one

should take special precaution to prevent unnecessary heating of the samples as well

as dehydration due to the centrifuging effect on fully hydrated membrane proteins.

On the contrary, it is obvious that spinning the sample at about 4 kHz is more

preferable as one of the best ways to detect fluctuation motions of the order of

104Hz, if any.

This means that the observation of such site-directed suppression of peaks with

respect to the spectra of the wild type protein provides one a very convenient and

unambiguous means to detect the presence of conformational fluctuation motions

at specific residues under certain conditions. For instance, several 13C NMR signals

from the loop region as well as some transmembrane a-helices of bR are signifi-

cantly suppressed for the [3-13C]Ala-labeled D85N mutant or bacterio-opsin in

which the retinal-helix interactions are completely removed or partly modified33,80

as a result of respective modified protein dynamics. In this connection, it is inter-

esting to note that the 13C DD-MAS NMR signals of the C-terminal a-helix (helix

G0, as illustrated in Fig. 12) in [1-13C]Ala-labeled bR from PM (2D crystal) are

visible at a temperature 01C in the presence of fluctuation motions with the cor-

relation times of the order of 10�6 s as judged from the carbon spin–lattice relax-

ation times TC
1 and spin–spin relaxation times TC

2 under the high-power proton

decoupling,34 but are also almost completely suppressed at a temperature below

�101C by DD-MAS NMR as a result of reduced correlation times to the order of

10�4 s leading to their suppressed peak intensities. Of course, they are fully visible at

ambient temperature as far as the correlation time is of the order of 10�6 s34, which
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is free from such interference. This finding is consistent with the earlier experiment

utilizing a hydrophobic fluorescence probe by Renthal and coworkers,102 who

claimed that the C-terminal tail of bR is held at the membrane surface with motion

on a timescale of 13–25 ns.

Experimentally, it is possible to evaluate a relative contribution of the 13C NMR

signals (f) from residues located at the surface areas by comparing their peak in-

tensities in the presence (I) with those in the absence of 40 mM Mn2+ ion (I0) (as

discussed in Section 3.4) as

f ¼ 1� I=I0, (5)

provided that the relative contributions of the surface areas are defined as residues

located within 8.7 Å from the membrane surface, leading to completely suppressed

peaks by the accelerated transverse relaxation process caused by the Mn2+ ion.

Alternatively, the predicted proportion of residues near the surface (8.7 Å from the

membrane surface),g, are defined by

g ¼ n=n0 (6)

where n and n0 are the number of respective residues located within such areas and

total number of such residues, respectively. If f ¼ g, there are no suppressed peaks

in the surface areas due to interference with slow fluctuation motions. If fog, 13C

Fig. 12. Schematic representation of secondary structure and dynamics for bR as a typical
membrane protein, consisting of the C-terminal a-helix (helix G0 protruding from the mem-
brane surface), its interaction with the C-D and E-F loops (dotted lines) leading to the
cytoplasmic surface complex, and seven transmembrane a-helices (A–G). Note that the pro-
tein dynamics differ substantially between 2D crystals (PM) and regenerated monomeric
species in lipid bilayer.
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NMR signals from the surface areas might be suppressed to some extent due to

interference with the fluctuation frequencies.

Interestingly, the relative contributions, f, thus obtained by the [1-13C]Val- and

Ile-labeled bR from PM are in good agreement with the proportions of the re-

spective residues, g, estimated from the expected number of these residues within

8.7 Å from the negatively charged residues, as summarized in Table 4.74 In contrast,

it is shown that the relative proportions f of the 13C NMR signals from the surface

areas of [1-13C]Gly-, Ala-, Leu-bR are substantially lower than the expected g

values: they are 0.12, 0 and 0.11 for [1-13C]Gly , Ala-, Leu-bR, respectively, while

the expected proportions based on the predicted number of these residues from the

surface areas are 0.67, 0.62, and 0.49, respectively. These findings indicate that 13C

NMR signals from the surface areas of these systems are substantially suppressed

even in the absence of the Mn2+ ion due to the interference of the incoherent low-

frequency motions with the coherent frequency of the magic angle spinning, as

demonstrated for [1-13C]Ala-labeled bR.75 This is also true for the 13C NMR peak

intensities of [1-13C]Phe- and Trp-labeled preparations, owing to the presence of

low-frequency conformational fluctuations present in these residues that interferes

with the frequency of the magic angle spinning.

It appears that such low-frequency, residue-specific dynamics, leading to com-

pletely or partially suppressed peaks in the absence of Mn2+ ion, is well related to

the possibility of conformational fluctuations for bR from PM labeled with

[1-13C]Gly, Ala, Leu, Phe, Trp, etc. caused by the time-dependent deviation from

the torsion angles corresponding to the lowest energy minimum of a particular

conformation. Naturally, it is conceivable that conformational space allowed for

such a fluctuation is strongly related to the presence or absence of bulky side-chains

at Ca: the allowed space for such Val or Ile residues may be limited to a very narrow

Table 4. Comparison of relative proportion (f) of the 13C NMR signals from the surface

areas as estimated from the 13C NMR intensity ratio with (I) and without (I0) Mn2+ iona

Estimated from 13C

signals (1-I/I0), f

Predicted amounts

of residues near the

surface (8.7 Å from

the membrane

surface), g

Suppressed 13C

NMR peaks from

the surface area by

slow motions

Gly 0.14 0.67 Suppressed

Ala E0b 0.62 Almost completely

suppressed

Leu 0.11 0.49 Suppressed

Phe 0.24 0.55 Suppressed

Trp 0.24 0.38 Suppressed

Val 0.41 0.38 None

Ile 0.50 0.56 None

aRef. 74.
bRef. 45.
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area expressed in a Ramachandran map, together with a limited w1 rotation around

the Ca–Cb bond. Here, the side-chains at the Ca are expressed by Ca–CbH(X)(Y),

where X and Y are substituents on Cb. This minimum, however, may be very

shallow for Gly residues in view of the widely allowed conformational space. The

low-frequency, residue-specific backbone dynamics discussed above may be present

also for the Ala, Leu, Phe, and Trp residues, because the backbone dynamics in

these systems could be coupled with a possible rotational motion of the w1 angle

around the Ca–Cb bond, as represented schematically by the Ca–Cb H2–Z, where Z

is H, isopropyl, phenyl or an indole group.

Accordingly, it is concluded that the 13C NMR signals of [1-13C]Val and Ile

residues among a variety of [1-13C]amino-acid residues can serve as the most ap-

propriate probes, to examine the local conformation and dynamics of bR from PM

especially at the surface area. Otherwise, it should be anticipated that the carbonyl
13C NMR signals are not fully visible from those located at the membrane surface

(Ala, Leu, Phe, and Trp), because of interference between the fluctuation frequency

and the frequency of magic angle spinning.

4.1.2. Distinction of the flexible portion by cross-polarization, relaxation parameters,

and order parameters

As demonstrated earlier, the interfacial domains of bR, consisting of the N- or C-

terminus and the interhelical loops protruding from the membrane surfaces, are

very flexible at ambient temperature owing to exposure to the aqueous phase even

in 2D or 3D crystalline preparations, as compared with those of the transmembrane

a-helices, as far as their fully hydrated preparations are concerned. It is therefore

expected that the distinction of such flexible interfacial domains from the trans-

membrane a-helices can be readily made possible by means of a differential cross-

polarization rate or relaxation parameters, including the spin–lattice relaxation

times TC
1 and spin–spin relaxation times under proton decoupling TC

2 , depending

upon the fluctuation frequencies under consideration. In particular, 13C NMR sig-

nals of the rapidly fluctuating C-terminus can be readily distinguished from those of

the transmembrane a-helices, as viewed from the presence of their peaks as indi-

cated by the gray peaks in the DD-MAS NMR spectra of [3-13C]Ala-labeled bR

from PM but by the absence in the corresponding CP-MAS NMR (Fig. 260) due to

averaged dipolar interactions by fast fluctuation motions (see Fig. 12). Engelhard

and coworkers103 also demonstrated, on the basis of a 13C NMR study of [3-13C]

and [4-13C]Pro-labeled bR, that the first part of the C-terminus is fixed to the

membrane via salt bridges between divalent cations and negative charges of the C-

terminus as well as by loops. As will be discussed in more detail later, it was

shown101,104 that the cytoplasmic loops and the C-terminal a-helix are not always

present independently but are held together to form the cytoplasmic surface com-

plex, which undergoes fluctuation motions with a correlation time of the order of

10�4 s as manifested from the suppressed 13C peak intensities of [1-13C]- or

[2-13C]Ala-labeled bR,34 as schematically illustrated in Fig. 12. The timescale for the

fluctuation motions of the transmembrane a-helices was previously estimated to be
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of the order of 10�2 s, as estimated from a possible chemical exchange process

among various conformations undergoing slow anisotropic fluctuation (Fig. 12).61

The measurement of the 13C spin–lattice relaxation times, TC
1 , for [1-13C]Gly-,

Ala-, or Val-, and [2-13C] or [3-13C]Ala-labeled bR from PM has proved to be also

very useful for locating such rather flexible portions protruding from the membrane

surfaces.32,34,73 In fact, the TC
1 values of the transmembrane a-helices for the first

three carbons determined by CP-MAS NMR are of the order of 16–24 s, whereas

those of the C-terminus or loops are 1–2 s as determined by DD-MAS NMR. In this

connection, the presence of two distinct TC
1 values for the single peak at 172.0 ppm

of [1-13C]Val-labeled bR, 15.2 and 1.22 s by CP-MAS and DD-MAS, respectively,73

can be unequivocally explained in terms of the two superimposed peaks originating

from different portions, namely, Val 49 from the transmembrane a-helix and Val

130 from the D–E loop as confirmed by examination of the respective site-directed

mutants.73,74 Recording the 13C NMR spectra of the [1-13C]Val-labeled transmem-

brane a-helices by DD-MAS NMR measurements is not always suitable because of

such long TC
1 values as compared with acceptable repetition times. Distinction of

the 13C NMR signals among the transmembrane a-helices, C-terminal a-helices,

loops, and random coil is also feasible from their respective differential backbone

dynamics by careful examination of the TC
1 values of [2-13C]- or [3-13C]Ala-labeled

bR from PM, although their changes as viewed from [3-13C]Ala-labeled bR are

much smaller when compared to those of the others mentioned above.34

Carbon spin–spin relaxation times under proton decoupling TC
2 can provide

motional information about the individual carbon site of interest, in contrast to the

case of proton spin–lattice relaxation times in the rotating frame in which infor-

mation on individual sites would be masked by the presence of the rapid spin–spin

process. It is noted, however, that the TC
2 values strongly depend on the frequencies

of proton decoupling or magic angle spinning as demonstrated in Eqs. (2)–(4),76,81

although such motions, if any, would result in suppressed peaks as demonstrated

above rather than the expected changes in the relaxation parameters. It is shown

that the peak occurs at the lowermost frequency at 171.1 ppm of [1-13C]Val-labeled

bR from PM ascribable to Val 199 and Val 101 from the loop regions that exhibit a

TC
2 value of 14.1ms as compared with the values of the transmembrane a-helices

(5–10ms).73 Such distinctions, however, disappear on several mutants including

T46V, D85N, D96N, and E204Q because of the presence of interactions between

Asp 96 and the backbone near the extracellular surface at Val 199.

It is emphasized that the absence of these 13C NMR peaks from the loop region

of [1-13C]Ala- and [2-13C]Ala-, [1-13C]Gly , or Phe-labeled bR from PM indicates

that the turned structure of the loop is not static at ambient temperature as an-

ticipated from that of the globular protein, but slowly fluctuates among various

preferred conformations. To clarify this point further, the surface dynamics of bR

was examined by measurements of site-specific 13C–1H dipolar couplings in

[3-13C]Ala-labeled bR.105 Motions of slow or intermediate frequency (correlation

timeo50 ms) scale down the 13C–1H dipolar couplings according to the motional

amplitude. The 2D dipolar and chemical shift (DIP-SHIFT) correlation tech-

nique106 was utilized to obtain the dipolar coupling strength for each resolved peak
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in the 13C MAS spectrum, providing the molecular order parameter of the respec-

tive site. To this end, typical dipolar dephasing curves available from the DIP-

SHIFT experiment are shown in Fig. 13, with the best-fit simulations scaled by the

scaling factor of the homonuclear frequency-switched Lee Goldburg (FSLG) de-

coupling scheme.107 The order parameter as the ratio between the measured (mo-

tionally averaged) dipolar coupling and the rigid limit value in which the dipolar

couplings are scaled to 1/3 by the rotation of the Ala methyl groups (22.8 kHz) is

utilized as a measure of additional motional fluctuation of the Ca–Cb vector. Typi-

cal order parameters for the mobile sites in bR from PM are between 0.25 and 0.29.

These can be assigned to Ala 103 of the C–D loop and Ala 235 at the C-terminal

a-helix which protrudes from the membrane surface, and Ala 196 of the F–G loop,

as well as to Ala 228 and Ala 233 of the C-terminal a-helix and Ala 51 from the

Fig. 13. 13C-1H dipolar dephasing curves for the signals at 16.0 ppm (A: Ala 51, 228, and
233), 16.5 ppm (B: Ala 81), 17.0 ppm (C: Ala 184), and 17.2 ppm (D: Ala 103 and 235). The
solid lines represent best-fit numerical simulations with a dipolar coupling of 3.8 kHz (A),
4.3 kHz (B), 3.8 kHz (C), and 3.3 kHz (D), translating into order parameters of 0.29, 0.33,
0.29, and 0.25, respectively.105 Reproduced with permission from Springer.
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transmembrane a-helix. Such order parameters depart significantly from the value

of 0.33 for rotating methyl groups and are obviously direct evidence for the fluc-

tuation motions of the Ala Ca–Cb vectors of the intact preparations of fully hy-

drated bR at ambient temperature. The order parameter for Ala 160 from the

expectantly more flexible E–F loop, however, is unavailable under the highest field

conditions (749.98MHz for 1H frequency), probably because of the increased

chemical shift anisotropy together with intrinsic fluctuation motions result in an

unresolved 13C NMR signal, based on Eq. (4).

4.2. Blue membrane

In view of its highly halophilic growth condition (ca. 4M NaCl), it is expected that

cation binding to negatively charged lipid head groups and amino-acid residues

located at the membrane surface plays an important role in protein dynamics as

well as its secondary structure through lipid–protein interactions as a result of

partial electric shielding of the negatively charged groups and/or through assembly

of the surface structure owing to the formation of salt bridges among charged

residues from loops and cytoplasmic a-helix or metal ion-mediated interac-

tions.61,108 Lowering the pH of the medium or removal of such cations from the PM

(which increases the apparent pKa value of Asp 85), however, shifts the absorbance

maximum from 568 (PM) to 604 nm (blue membrane), hereafter referred to as acid

or deionized blue membrane, respectively.109–111 In particular, the blue membrane

has an altered photocycle and no proton transport activity.109

In order to gain insight into the protein dynamics and secondary structure, Tuzi

et al.60 recorded the 13C CP-MAS NMR spectra of [3-13C]Ala-labeled acid-blue and

deionized blue membranes, as illustrated in Fig. 14. It is interesting to note that the
13C NMR spectra of two kinds of blue membranes, deionized (pH 4) and acid blue

at pH 1.2 are very similar and different from that of the native PM. This suggests

that when the surface pH is lowered, either by removal of cations or by lowering the

bulk pH, a substantial change is induced in the secondary structures of the protein

as well as in their dynamics. In particular, the 13C NMR signals at 17.78–17.20 and

16.41 ppm which are ascribable to Ala residues at the CD, EF, and FG loop regions

involving Ala 103,160, and 196 and those at the transmembrane F, G0, B a-helices

involving Ala 184, 235, 39, and 168 of [3-13C]Ala-labeled bR from PM (Fig. 14A)

are suppressed in the acid-blue and deionized blue forms (Figs. 14B and C), al-

though the rest of the peaks were broadened as a whole. Further, it was shown that

the 13C CP-MAS and DD-MAS NMR spectra of deionized [3-13C]Ala-labeled

160G mutant of bR are very similar to those of the wild-type, even though their

spectral patterns in the purple form are quite different especially at the loop regions

in which signals occur at high frequency.104 The absence of such 13C NMR signals

from the loops and some transmembrane a-helices should be obviously ascribed to

the changes in the protein dynamics in which an increased fluctuation frequency,

from the order of 102Hz in PM to the order of 105Hz in blue membranes, interferes

with the frequency of the proton decoupling, to result in suppressed peaks, on the
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basis of the arguments described in Section 4.1. This interpretation is in contrast to

the previous one in which the 13C NMR signals of interest were considered to be

displaced to low frequency in the blue membranes.60

It is interesting to compare the 13C CP-MAS (left) and DD-MAS (right) NMR

spectra of [1-13C]Val-labeled bR from PM (Fig. 15A) with those of [1-13C]Val-

labeled deionized blue membrane (Fig. 15B), in order to gain insight into its

dynamic features as viewed from the 13C NMR spectra of [1-13C]Val-labeled prep-

aration.112 Fig. 15C shows the 13C CP-MAS and DD-MAS NMR of the regen-

erated Na+- purple form. Two things are noteworthy in Fig. 15: first, the 13C NMR

spectra of Na+- purple are not always the same as those of the native PM. This is

consistent with a view that surface secondary structure is stabilized by divalent

cations through cation-mediated linkages,104 to be discussed in more detail in the

next section. Second, the 13C NMR peak intensities ascribable to the loop regions of

the blue membrane are substantially suppressed both in the CP-MAS and the DD-

MAS NMR spectra, consistent also with those of the 13C NMR spectra of

[3-13C]Ala-labeled preparations (see Fig. 14). However, it is rather surprising to

note that the extent of the peak suppression by the blue membrane is not always the

Fig. 14. 13C CP-MAS NMR spectra of [3-13C]Ala-labeled bR from PM at neutral pH (A),
its acid blue form at pH 1.2 (B), and its deionized blue form (pH 4) (C).60 Reproduced with
permission from the Biophysical Society.
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same for the 13C CP-MAS and DD-MAS spectra. This may be a consequence of the

presence of a distribution in the fluctuation frequencies in the blue membranes.

4.3. Surface structure

Naturally, it is anticipated that the surface structure of membrane proteins is gen-

erally very important for exhibiting their biological functions, because any biologi-

cal signals could be initiated or received at the membrane surfaces. Nevertheless, the

surface structure of bR is still obscured, or inconsistent, among a variety of 3D

structures so far revealed by cryoelectron microscopy and X-ray diffraction stud-

ies.5–9 This is because it can be easily altered by a variety of intrinsic or environ-

mental factors such as the crystallization process either in the 2D or 3D crystals,

temperature, pH, ionic strength, crystallographic contact, etc.35,113 In addition,

the dynamic picture of membrane proteins to be observed at the physiological

temperature can be lost when all of the 3D structures have been obtained at cry-

ogenic temperatures. As an alternative means, fluorescence,102,114 spin labeling,115

and atomic force microscopy (AFM)113 techniques have been utilized to probe such

structures at ambient temperature, although these techniques are not always free

Fig. 15. 13C CP-MAS (left) and DD-MAS (right) NMR spectra of [1-13C]Val-labeled PM
(A), deionized blue membrane (B) and regenerated Na+-PM from deionized blue membrane
(C).
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from plausible perturbations due to steric hindrance by the introduced probes,

except for the case of AFM. For this reason, the surface structure to be discussed on

the basis of the conformation-dependent 13C chemical shift (d) herein should not be

considered as a static picture compatible with that available from diffraction studies

in spite of the data available from solid-state NMR but as a picture consisting of

dynamic equilibrium among various conformers available from solution NMR:

d ¼ Sipidi (7)

where pi is the fraction of the conformer i under consideration.

It appears, from the 13C NMR data described above, that mono- or divalent

cations present in the growth medium of bR (Table 1) play an essential role for

regulating the protein dynamics, especially at the membrane surface, through stab-

ilization of its secondary structure at the membrane surface consisting of several

negatively charged amino-acid residues (see Fig. 3), besides their potential role for

maintaining neutral surface pH. The presence of the specific cation-binding sites

to bR was initially proposed to explain the alterations of color and the above-

mentioned function of bR,116,117 although Szundi and Stoeckenius demonstrated

that a lowered surface pH, induced by the removal of nonspecific surface-bound

cations, can explain the purple-to-blue transition.118,119 Obviously, the latter view is

consistent with the similarity of the 13C NMR spectra of [3-13C]Ala-labeled bR

between the cation-free and acid-blue membranes, as shown in Fig. 14.

Nevertheless, it is also probable that the above-mentioned dynamic change is not

simply caused by neutralization of the surface pH owing to the non-specific cation

binding but by stabilization of the secondary structure by the specific cation binding

leading to an assembly of specific surface structure, as already noted in the dynamic

structure. Undoubtedly, the current site-directed 13C NMR spectroscopy is an un-

rivaled means to be able to clarify the dynamics as well as the structural features of

the membrane surface that cannot be revealed by diffraction methods.5–8 For this

purpose, Tuzi et al.60 compared the 13C NMR spectra of [3-13C]Ala-labeled bR

from PM with those of Na+-regenerated PM prepared from the deionized blue

membrane at neutral pH, as illustrated in Fig. 16. Here, the 13C CP-MAS (A) and

DD-MAS (B) NMR spectra of the Na+ purple form of bR (black traces) are

superimposed on the spectra of the native purple form (gray traces). Indeed, most of

the transmembrane a-helices are restored in the Na+ purple form as viewed from

the very similar spectral pattern between Na+ purple and PM. Only the four peaks

arising from the loops and C-terminal a-helix designated by the arrows in Fig. 16

differ between the Na+ and the native purple form in the presence of 10mM NaCl.

These spectral changes are ascribed to a local conformational change near the

specific cation-binding site(s) caused by replacement of divalent cations with the

Na+ ion. However, the remaining peak positions at the loop region as well the peak

intensity at 15.91 ppm ascribable to the C-terminal a-helix are not always identical.

Interestingly, the 13C NMR spectra of the Na+ purple form treated with 5 mM

Ca2+ ion exhibits characteristics intermediate between those of the native purple

form and the Na+ form. The broadened or less intense peak at 15.91 ppm in the

spectra of the Na+ purple form becomes narrower and approaches the line shape in
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the spectra of the native PM by Ca2+ treatment. This spectral change can be

ascribed to a recovery of the cytoplasmic surface complex consisting of the C-

terminal a-helix and C–D and E–F loops in the presence of a divalent cation.31,34,35

The most preferred binding site for the divalent cations is further revealed as near

Ala 196 at the extracellular side instead of the expected site near Asp 85,60 by

utilizing 5 mM Mn2+ ion as probe for the transverse relaxation agent instead of

Ca2+ ion.

Several pieces of evidence have been presented on how specific surface electrical

charges at the cytoplasmic surface are involved in efficient proton uptake during the

photocycle in relation to the biological significance of the above-mentioned surface

complex. Riesle et al.120 proposed that the surface-exposed amino acids Asp 36

(A–B loop), Asp 102, and Asp 104 (C–D loop) and Glu 161 (E–F loop) seem to

collect efficiently protons from the aqueous bulk phase and funnel them to the

Fig. 16. Comparison of 13C CP-MAS (A) and DD-MAS (B) NMR spectra of [3-13C]Ala-
labeled bR at pH 7.0 between native purple form (gray traces) and Na+ purple form (black
traces).60 Reproduced with permission from the Biophysical Society.
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entrance of the cytoplasmic proton pathway. Checover et al.121,122 showed that a

dominant ‘‘proton binding cluster’’ of the wild-type protein consists of Asp 104,

Glu 161, and Glu 234 (C-terminal a-helix), together with Asp 36 as a mediator to

deliver the proton to a channel. In particular, replacement of Glu 234 (C-terminal

a-helix, designated by G0 in Fig. 3) with cysteine disrupted the structure of the

cluster,121 probably through disruption of the surface structure. It is anticipated,

therefore, that such a surface structure could be altered by site-directed mutations

at the key positions mentioned above, through modified salt bridges and/or metal

ion-mediated interactions.

To gain insight into this problem, Yonebayashi et al.104 examined how the cy-

toplasmic surface structure of [3-13C]Ala-labeled bR, consisting of the C-terminal

a-helix and cytoplasmic loops, is altered by site-directed mutation at the former (R

227Q) and the latter (A160G, E166G, and A168G) and by cation binding with

reference to the displaced 13C NMR peaks of Ala 228, Ala 233 (C-terminal a-helix),

Ala 103 (C–D loop), and Ala 160 (E–F loop). In fact, deletion of the C-terminal

a-helix by papain or mutation at the C-terminal a-helix and E-F loop resulted in a

substantial conformational change in the loop region of the 13C chemical shifts (Ala

103 and Ala 160) as viewed from the displaced 13C chemical shifts as compared with

those of the intact bR, as summarized in Table 5. Most notably, lowering the

temperature of bR from 401C to �101C results in the displaced 13C NMR peak of

the C-terminal a-helix to a low frequency direction by about 0.41 ppm.34 In con-

trast, the low-frequency displacement of the 13C chemical shifts of Ala Cb peaks of

a-helix to the normal position, 15.5 ppm at �101C, correspond to the a-helical Ala

Cb peak of (Ala)n in the solid-state.63,64,88 This can be ascribed to a recovery of the

perturbed aII-helix to the unperturbed aI-helix form.104 This is because a fluctuating

or perturbed a-helix conformation with a low-frequency motion could be recog-

nized as an aII-helix form as viewed from the high frequency displacement of the 13C

NMR signals.71

It appears, therefore, that the C-terminal a-helix as an unperturbed form, en-

countered for WT at low temperature, could be readily visualized by an ‘‘open’’ form

consisting of the C-terminal a-helix extended straightforwardly from the G0-helix
(Fig. 17A). This can be schematically shown as a vertical cylinder protruding from

the membrane surface that is free from mutual interactions with nearby loops, as

illustrated in Fig. 17A as superimposed upon the drawing by Grigorieff et al.4 It is

expected that this type of the ‘‘open’’ form is dominant under the condition that the

pH is lower than 4.5.101 In addition the M-like state of D85N at pH 1080 and

mutants at the C-terminal a-helix (R227Q) and in the vicinity of the E–F loop

(E166G and A168G), due to the loop regions and the cytoplasmic ends of the helices

acquiring motional flexibility with a frequency range of up to 105Hz, resulting in the

selectively suppressed 13C NMR signals of [2-13C]Ala-bR34 and 16.38 ppm ascribable

to Ala 39 (helix B)73 and 168 (helix F) in [3-13C]Ala-bR,104 respectively. In contrast,

it is plausible that in order to facilitate the maximum mutual interactions with the

nearby loops the tilted C-terminal a-helix toward the direction to the helices B and F

might be more preferable as a ‘‘capped’’ form (see Fig. 17B). Undoubtedly, this form
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is more suitable to prevent the accelerated fluctuation motions in the cytoplas-

mic ends of the B and F helices (Fig. 3) by forming a cytoplasmic structure or

cytoplasmic complex. This means that the cytoplasmic surface complex of WT at

ambient temperature is formed among the C-terminal a-helix and C–D and E–F

loops and probably the A–B loop.This reults in the loss of stability of the C-terminal

a-helix itself, mainly due to stereochemical requirement for the formation of complex

through salt bridges among charged residues and/or cation-mediated interactions

utilizing divalent cations such as the Ca2+ ion (see Table 6).104

Table 5. Displacements of 13C chemical shifts of the C-terminal a-helix and loops from

[3-13C]Ala-labeled bacteriorhodopsin and its mutants (Ref. 104)

C-terminal a-

helix

Loop (ppm) References

Ala 228, 233

(ppm)

Ala 103 160

Wild

type

201Ca 15.91 17.19 17.36 b,c

401C 16.40 17.62 b,c

�101C 15.50 17.58 17.30 b,c

A160G 201C 15.91 17.61 d

01C 15.67 17.43 – d

WT high ionic

strength

(100mM NaCl)

15.89 17.56 17.37 b

decreased pH

(pH 4.5)

15.89/15.67 17.57 17.27 e

(pH 1.2) 15.76 f f e

Deionized 15.76 f f e

Added Ca2+ 15.91 17.51 17.37–17.15 d

papain-cleaved None 17.52 17.27 b

R227Q (C-terminal

a-helix)

15.88/15.68 17.54 17.28 d

A228G (C-terminal

a-helix)

15.87 17.58 17.32 b

D85N (pH 7) (C-helix) 15.84 17.59 17.40 g

(pH 10)

(C-helix)

15.87/15.61 f f g

E166G (F-helix) 15.91/15.68 17.53 17.30 d

A168G (F-helix) 15.91/15.68 17.53 17.30 d

aReference state: pH 7, 10mM NaCl, 201C, unless otherwise specified.
bRef. 101.
cRef. 33.
dRef. 104.
eRef. 60.
fPeaks suppressed.
gRef. 80.
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Such surface structure should be realized as a rapidly interconverting system, at

least, between the above-mentioned two forms as described by Eq. (7), although the

relative proportions of these forms vary depending upon the environmental factors

such as temperature, pH, ionic strength, etc. It is also pointed out that such a

conformational change illustrated in Fig. 17 might be related to the consequence of

the conformational switch responsible for proton uptake after the release of a proton

from the extracellular surface in the photocycles. This view is obviously consistent

Fig. 17. Schematic representation of the C-terminal a-helix (G0 as added cylinder) super-
imposed upon the 3D structure (cytoplasmic side) of bR by Grigieff et al. Small capital
letters, A–G, denote the transmembrane helices. A. An ‘‘open’’ form in which the C-terminal
a-helix is straightforwardly extended from helix G. B. A ‘‘capped’’ form in which the C-
terminal a-helix is tilted toward the direction of the B- and F-helices to be able to interact
with the nearby loops through salt bridges and/or metal ion-mediated bonding.104 Repro-
duced with permission from Springer.

Table 6. Summary of conditions leading to formed or disrupted cytoplasmic complex as

judged from the 13C chemical shifts of the C-terminal a-helix (Ref. 104)

Formed Disrupted Reference

Wild type Ambient temperature (401C) Low (�101C) a

High ionic strength (410 mM NaCl) Deionized b

Neutral pH Low pHo4.5 c

Mutants D85N (pH410) d

R227Q b

E166G b

A168G b

aRef. 101.
bRef. 104.
cRef. 60.
dRef. 80.
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with that of the presence of a cytoplasmic surface complex that plays an important

role in facilitating the efficient proton uptake by preventing unnecessary fluctuations

in the cytoplasmic surface of the WT, by taking into account the recent findings by

Checover et al.121,122 Consistent with this view, Brown et al. also showed that Arg

227 located at the end of the helix G plays an important role through a cluster of

interacting residues to facilitate proton transfer from the cytoplasmic domain.123

It is expected that partial neutralization of negatively charged residue(s) by site-

directed mutagenesis would also lead to the modified cytoplasmic structure as

viewed from a 13C NMR spectral change, if such a mutation site is located at the

above-mentioned ‘‘proton-binding cluster.’’ Indeed, Asp 102 and 104 are located at

the C–D loop constituting cytoplasmic surface complex, because Asp 36, 38, 102,

and 104 and Glu 161 seem to efficiently collect protons from the aqueous bulk

phase and funnel them to the entrance of the CP proton pathway.120–122 In order to

gain insight into such a possibility, Arakawa112 recorded the 13C NMR spectra of

[1-13C]Val-labeled D102N, D104N, and D102/104N as illustrated in Fig. 18. Ob-

viously, at least two types of arrowed peaks at 171.5–171.6 and 172.4–172.6 ppm

emerge in these mutants from the degenerated peaks of the wild type at 171.9 (Val

49/130) and 172.8 ppm (Val 34/69), respectively (see the top trace of Fig. 16), as a

reference for wild-type bR from PM. Naturally, it is likely that such affected peaks,

both at the peak positions and intensities accompanied by a plausible conformat-

ional change at the C–D loop, could be transmitted to subsequent conformational

Fig. 18. 13C CP-MAS (left) and DD-MAS (right) NMR spectra of [1-13C]Val-labeled
D102N (top), D104 (middle), and D102N/D104N (bottom) mutants. The arrowed peaks
emerged in these mutants from the spectra of the wild type.112
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changes at Val 130 at D–E loop and Val 34 at A–B loop through movements in the

transmembrane helices, B, C, D, and E, in view of the schematic representation of

bR taking into account of the secondary structure in Fig. 3. This finding indicates

that such a conformational change of bR from PM, if any, turns out to be more

conveniently visualized by this sort of characteristic displacement of 13C NMR

signals from [1-13C]Val-labeled bR than that of [3-13C]Ala-labeled bR.124

Even though the negatively charged amino-acid residues are associated with the

binding site for protons and a variety of mono- or divalent cations as discussed

above, the most preferred cation-binding site is located at the F–G loop near Ala

196 on the extracellular surface.60 Besides, several negatively charged amino-acid

residues, Glu or Asp residues located at the cytoplasmic (CP) surfaces turns out to

be also involved as additional sites for loosely bound divalent cation, essential for

stabilization of EC structure and proton pump activity.125,126 Among four Glu

residues (Glu 9, 74, 194, and 204) located at the EC surface, a proton is transferred,

during photocycle, from the protonated Schiff base to the proton acceptor Asp 85

and another proton is subsequently released on the EC side from the proton re-

leasing complex (Glu 204, Glu 194, and a bound water). Lazarova et al. showed

that Glu 194 is the group that controls the pKa of Asp 85.127 To clarify the con-

tribution of the extracellular (EC) Glu residues to the conformation and dynamics

of bR, Saitô et al.128 recorded the 13C NMR spectra of [3-13C]Ala- or [1-13C]Val-

labeled bR and a variety of mutants in which extracellular Glu residues are replaced

with Gln: E9Q, E74Q, E194Q/E204Q (2Glu), E9Q/E194Q/E204Q (3Glu) and E9Q/

E74Q/E194Q/E204Q (4Glu). Replacements of Glu 9 or 74 as well as Glu 194/204 at

the EC surface by glutamine(s) induced conformational changes at the cytoplasmic

(CP) surface structure consisting of the C-terminal a-helix and loops, as viewed

from the 13C NMR spectra of [3-13C]Ala- and [1-13C]Val-labeled proteins.

As demonstrated in Fig. 19, the 13C CP-MAS (left) and DD-MAS (right) NMR

spectra were recorded for [3-13C]Ala-labeled 2Glu (C and D), 3Glu (E and F) and

4Glu (G and H) as well as those of the wild-type (A and B), respectively. The

resulting spectral lines from whole areas of these mutants were significantly broad-

ened, as encountered with those of the wild-type, owing to partially failed proton

decoupling interfering with the fluctuation frequency of the order of 105Hz.81 As a

result, the three well-resolved low-frequency peaks 15.34, 15.02, and 14.74 ppm of

wild-type are no longer resolved for these multiple mutants, as in the cases of

[3-13C]Ala-labeled bO33 or D85N mutant.80 In addition, the increased peak intensi-

ties at 19.83 ppm from the lipid methyl group of 3Glu and 4Glu as recorded by the

DD-MAS spectra are interpreted in terms of increased numbers of surrounding lipid

molecules due to the presence of a disrupted or disorganized trimeric structure.40

Therefore, the multiple mutants containing at least both E194Q and E204Q cause

a retinal–protein perturbation that is not seen in the individual single mutants,

consistent with the altered absorption spectrum. In addition, the 13C NMR signals

at 17.78 (Ala 196 from the F–G loop) and 15.91 ppm (Ala 228 and 233 at the C-

terminal a-helix) of these mutants are appreciably suppressed as compared to those

of the wild-type in the CP-MAS NMR only, other peaks occur at 16.33 (Ala 39 and

168) and 16.20 ppm (Ala 15) (both the CP ends of B and F helices, respectively).
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Major dynamic changes induced for the triple or quadruple mutants are clearly seen

from the broadened 13C NMR peaks of the [3-13C]Ala- labeled 3Glu and 4Glu

mutants due to acquired global fluctuation motions of the order of 10�4�10�5 s

arising from the disrupted trimeric form. In such mutants, 13C NMR signals of

[1-13C]Val-labeled 3Glu and 4Glu mutants were substantially suppressed from Val

residues near to the CP and EC surfaces (including 8 Å depth from the surface) in

spite of the presence or absence of 40 mM Mn2+ ion. It is therefore concluded that

these Glu residues at the EC surface also play animportant role in maintaining the

native secondary structure of bR in the PM.

5. BACKBONE DYNAMICS IN THE TRANSMEMBRANE a-HELICES

5.1. Kinked structure

Based on the site-directed mutants together with the Mn2+-induced spectral editing

described in Section 3.4, the 13C NMR positive peak at 17.27 ppm in the difference

Fig. 19. 13C CP-MAS (left) and DD-MAS (right) NMR spectra of [3-13C]Ala-labeled wild
type (A and B), E194Q/E204Q (2Glu) (C and D), E9Q/E194Q/E204Q (3Glu) (E and F), and
E9Q/E74Q/E194Q/E204Q (4 Glu) (G and H) mutants. The assigned peaks so far performed
are indicated at the top traces.128 Reproduced with permission from the Biophysical society.
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spectrum between [3-13C]Ala-labeled wild-type bR and A184G mutant in the pres-

ence of the Mn2+ ion is unequivocally ascribed to Ala 184 located at the helix F as

revealed by an X-ray diffraction study at low temperatures in spite of the 13C NMR

peak position in the loop region, as illustrated in Fig. 20C.82 It is likely that this sort

of anomaly could be caused by an altered conformation and dynamics of the

transmembrane a-helix F at Ala 184 at ambient temperature in the lipid bilayer

caused by the presence of a kinked structure at Pro 186, which results in the absence

of the intrahelical hydrogen bond between Trp 182 and Pro 186, as demonstrated in

Fig. 21. In fact, it is noted that this anomaly disappears when the 13C CP-MAS

NMR spectrum of [3-13C]Ala-labeled P186A mutant is recorded in the presence of

the Mn2+ ion, as illustrated in Fig. 20D: the Ala 184 signal at 17.27 pm is displaced

to a low frequency from the normal position of the a-helix by removal of the kinked

structure by replacement of Pro 186 with Ala.

In order to clarify how a conformational change in the transmembrane a-helix is

induced in the helix F, Saitô et al.75 recorded the 13C NMR spectra of WT and P186

mutant of [3-13C]Ala,184[1-13C]Val187-labeled transmembrane peptide F (164–194)

both in the lipid bilayer and in the solid. Interestingly, the 13C NMR signal of the

[3-13C]Ala-labeled fragment occurs at 17.4 ppm which corresponds to the loop re-

gion in the DMPC bilayer (Fig. 22A), while the corresponding peak from the P186L

mutant occurs at 15.8 ppm of the normal a-helix conformation. It is noted that the

former peak position is very close to that of 17.27 ppm as observed for the intact

wild-type protein from PM. In addition, the 13C chemical shift of [1-13C]Val187 of

the wild-type fragment occurs at 172.0 ppm far from the a-helix region, while the

corresponding peak of P186L mutant is at the normal a-helix region (Fig. 22B).75 In

contrast, no evidence of the kinked structure is present in the solid, because the 13C

chemical shifts of the [3-13C]Ala184 and [1-13C]Val187-labeled peaks are almost the

same for the transmembrane peptides corresponding to the wild-type and the P286L

mutant. This means that the spectral change caused by the kinked structure is more

pronounced in the lipid bilayer in which conformational and dynamic changes

could be more easy than in the more flexible environment in the lipid bilayer.

The three Pro residues that serve as the kinked structures in PM are located in the

inner part of the transmembrane a-helices, Pro 186 (helix F), Pro 50 (helix B), and

Pro 91 (helix C) among the total 10 Pro residues, as pointed out already in Section

4.1. It is emphasized that the acquired protein dynamics due to the presence of the

kinked structure and its physiological significance can be visualized by solid-state

NMR alone. This aspect will be discussed in more detail in the following section.

5.2. M-like state

Photoisomerization of the retinal from the all-trans to the 13-cis form initiates

proton transfer steps from the cytoplasmic to the extracellular side via the J, K, L,

M, N, and O intermediates of a cyclic reaction.129 These intermediate states can

be distinguished over picosecond to millisecond ranges, and a series of the cycle

is completed in less than 10 ms. Global conformational changes of the protein
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backbone occur in the M and/or N intermediates with a deprotonated and a pro-

tonated retinal Schiff base, respectively. Such global conformational changes may

be part of the proton access switch between the deprotonation and reprotonation of

the Schiff base.130,131 Kamikubo et al.132 showed on the basis of low-resolution X-

ray diffraction studies that characteristic conformational changes of the M inter-

mediate occur at helices B and G and the change of the N intermediate occurs at

helices F and G. Therefore, D85N and D85N/D96N mutants at alkaline pH with

the unprotonated Schiff base can be conveniently used as an excellent model system

Fig. 20. 13C CP-MAS NMR spectra of the [3-13C]Ala-labeled A184G in the absence (A)
and (B) presence of the Mn2+ ion. The corresponding spectra of [3-13C]Ala-labeled wild-type
bR are superimposed as dotted traces. (C) Difference spectrum between the spectra of the
wild-type and mutant bRs in the presence of Mn2+ ion. (D) 13C CP-MAS NMR spectra of
[3-13C]Ala-labeled P186A in the presence of the Mn2+ ion.82 Reproduced with permission
from the Biophysical Society.
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to achieve an M-like state at ambient temperature without illumination to clarify

this problem, because a resultant structural change in these systems is very simi-

lar to that of the M photointermediate according to previous X-ray diffraction

studies.130,133

It is expected that such global conformational as well as concomitant dynamic

changes, if any, could be suitably examined by the site-directed solid-state NMR

approach, utilizing the conformation-dependent displacement of peaks,35,63,64 as

well as the preferentially suppressed peak intensities,34–36 so far examined. In re-

flecting such a global conformational change, the 13C NMR spectrum of [1-13C]Val-

labeled D85N (Fig. 23, top trace) is substantially varied even at neutral pH as

compared with that of the wild-type (Fig. 5, top (left)). The intense 13C NMR peak

at 172.03 ppm from the wild-type is ascribed to the superimposed signals from Val

49 (B helix) and Val 130 (D–E loop) (Fig. 5). The corresponding peak from D85N,

however, is split into the following two components:134 the intense 13C NMR peak

for Val 49 is displaced to 172.30 ppm by an accompanied conformational change,

while the peak for Val 130 is almost completely suppressed at neutral pH. In

contrast, the former peak is almost completely suppressed at pH 10 as a result

of acquired local fluctuation motion at the helix B with a frequency of 104Hz,

Fig. 21. A proposed kinked structure in the transmembrane a-helix F (164–194) in the lipid
bilyer, caused by lack of the intrahelical hydrogen bond between Trp 182 and Pro 186.75

Reproduced with permission from Elsevier.
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concomitant with deprotonation of Schiff base at the M-like state.The latter peak

emerges again at the same time at 171.80 ppm at pH48 caused by passing through

fluctuation motions with frequencies from 104 to 105Hz. Of course, such prefer-

entially suppressed peaks either at neutral or alkaline pH are ascribed to the in-

terference of an acquired fluctuation frequency either at the D–E loop or at the

helix B, respectively, with the frequency of magic angle spinning.76 This interpre-

tation is consistent with the spectral behavior of Val 130 from [1-13C]Val-labeled

D85N/V49A as a function of pH, described below.134 This interpretation is there-

fore in contrast to the previous one by Kawase et al.80 in which such spectral change

was interpreted in terms of the pH-induced displacement of peaks alone.

Kawase et al.80 and later Kira et al.134 examined the 13C NMR spectra of

[3-13C]Ala-, [1-13C]Val-, Pro-labeled D85N, D85N/V49A, and D85N/D96N mu-

tants at both neutral (protonated) and alkaline pH (410) (unprotonated), as com-

pared with those of the wild-type. The peak intensities of the three to four 13C

NMR signals of the [3-13C]Ala-labeled residues from the transmembrane a-helices,

including Ala 39, 51, and 53 (helix B) and 215 (helix G), were suppressed in D85N

and D85N/D96N proteins both in the CP-MAS and DD-MAS spectra, irrespective

of the pH, as demonstrated by Kawase et al.80 This observation is due to the

conformational change and subsequent acquisition of the low-frequency motions,

which interfere with the frequency of the proton decoupling.81 Greater spectral

changes were achieved as mentioned above,80,134 however, at pH 10, which indicate

large-amplitude motions of the transmembrane helices upon deprotonation of the

Schiff base and the formation of the M-like state in the absence of illumination

Fig. 22. 13C CP-MAS NMR spectra of wild type (A) and P186L mutant (B) of chemically
synthesized [3-13C]Ala,184[1-13C]Val187-labeled transmembrane peptide F (164–194) incorpo-
rated in DMPC bilayer, recorded at ambient temperature.75 Reproduced with permission
from Elsevier.
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(see Fig. 24). A similar pH-dependent spectral change was noted for the [1-13C]Val-

labeled D85N/V49A mutant: the less intense Val 130 at pH 7 (171.95 ppm) is

recovered at pH 8 and 9 in a similar manner to the case of D85N mentioned above.

However, the whole spectra were almost completely suppressed at pH 10, but they

were fully recovered again after the pH was lowered.134 This is obviously caused by

an accelerated conformational fluctuation which might be triggered by relaxed he-

lix–helix interactions in the absence of any van der Waals contact between Lys 216

at the Schiff base and Val 49 residues of the wild-type. In fact, it was shown that the

peptide CQO of Val 49 forms a hydrogen bond with a water molecule connected

to Asp 85.135 Nevertheless, local dynamics at Pro 50 neighbored with Val 49 turned

out to be unchanged irrespective of the charged state of SB as viewed from the 13C

NMR of [1-13C]-labeled Pro50. This is because the 13C NMR peak intensity of

[1-13C]Pro50 residues in D85N mutant among three Pro residues active as hinges

was unchanged even at pH 10, while the peak intensities of the remaining two Pro

residues, Pro 91 and Pro 186, were completely suppressed (see Fig. 11).

Fig. 23. 13C CP-MAS NMR spectra of the [1-13C]Val-labeled D85N mutant at various pH
values (from 6 to 11).134 Reproduced with permission from Springer.
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Undoubtedly, acquisition of such fluctuation motion at the cytoplasmic side of

the transmembrane B and C a-helices in the M-like state of D85N mutant (Fig.

24B) is responsible for a transient environmental change from the hydrophobic to

hydrophilic conditions both at the Asp 96 and Schiff base (SB) as compared with

the ground state (Fig. 24A), resulting in a reduced pKa value of Asp 96 in the M-like

state, which makes proton uptake more efficient. Further, it is demonstrated that

the presence of the van der Waals contact of Val 49 with Lys 216 at the Schiff base

is essential to trigger this sort of dynamic change, as revealed from the 13C NMR

data of the D85N/V49A mutant.

5.3. Long-distance interaction among residues for information transfer

As pointed out already, proton transfer in bR is activated by photoisomerization of

all the trans-retinal to the 13-cis form, followed by proton transfer from the retinal

Schiff base to Asp 85, release of a proton from residues or water molecule(s) at the

extracellular surface, and uptake from the cytoplasmic surface through reprotona-

tion of the Schiff base by Asp 96. This results in a proton transfer from the cy-

toplasmic to the extracellular side.135,136 It appears that this process proceeds with

induced conformation and/or dynamic changes at both the extracellular and cy-

toplasmic side owing to protonation of Asp 85.81,137 This means that the infor-

mation of the protonation at Asp 85 should be transmitted to both the extracelluar

and the cytoplasmic regions, through specific side-chains or through backbone

interactions.

Fig. 24. Schematic representation of dynamic behavior of the B and C a-helices of D85N
accompanied with protonation of Schiff base, as viewed from the 13C NMR spectral behavior
of Val 49 and Pro 91, described in the text. (A) Ground state at pH 7, and (B) M-like state at
pH 10.134 Reproduced with permission from Springer.
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Tanio et al.73,138 recorded the 13C NMR spectra of a variety of mutants,

[1-13C]Val-labeld V49A, V199A, T46V, T46V/V49A, D96N, and D85N (along with

the cytoplasmic half channel) and [3-13C]Ala-labeled E194, E194D, E204Q, Y83F,

D85N, and D85N/R82Q mutants (along with the extracellular proton transfer

chain), in order to clarify how such interactions, if any, could be modified by changes

of electric charge or polarity in mutants. This is based on the expectation that such

interaction should also exist in bR even in the unphotolyzed state, among backbone,

side-chains, bound water molecules, etc. Results with the T46V mutant suggest that

there is a long-distance effect on the backbone conformation between Thr 46 and Val

49.73 From the spectra of the D85N and E204Q mutants there also appears to be

coupling between Val 49 and Asp 85 and between Asp 85 and Glu 204, respectively.73

Further, the low-and high-frequency displacements (or possibly peak suppression by

acquired fluctuation frequency to the order of 105Hz) of the single carbon signals of

Ala 196 (in the F–G loop) and Ala 126 (at the extracellular end of helix D), re-

spectively, reveal conformational (or dynamic) differences in E194D, E194Q and

E204Q from the wild-type.138 The same kind of conformational change at Ala 126 is

noted in the Y83F mutant, which lacks the van der Waals contact between Tyr 83

and Ala 126 present in the wild type. Indeed, the absence of a negative charge at Asp

85 in D85N induced global conformational as well dynamic changes as described

already, as well as the local conformational changes at Ala 126 and Ala 196 as in

other mutants. Unexpectedly, however, no such change at Ala 126 was observed in

R82Q (even though Asp 85 is protonated at pH 6) or D85N/R82Q mutant. The

changes induced in the Ala126 signal when Asp 85 is uncharged could be interpreted

in terms of displacement of the positive charge at Arg 82 in the photocycle toward

Tyr 83, where Ala 126 is located. This is because the underlying spectral change

might be interpreted in terms of the presence of a perturbed Ala 126 mediated by Tyr

83 located between Arg 82 and Ala 126.12 Indeed, the reorientation of Arg 82 has

been later observed by X-ray diffraction studies on the M intermediate of the wild-

type139 and D96N and E204Q,140,141 in which Asp 85 is protonated and the Schiff

base is deprotonated. Petkova et al.141a also proposed, on the basis of a 15N NMR

study on [Z1,2-
15N2]-labeled bR and D85N mutant, that one arginine, probably Arg

82, is perturbed in the M intermediate trapped at �441C in the presence of 0.3M

guanidine chloride and D85N, respectively.

As illustrated in Figs. 25 and 26, it is also possible to examine how local con-

formational changes of remote residues in the inner part of the transmembrane

a-helices, for instance, at either Ala 81, 84 (helix C), 53, 51 (helix B), or 215 (helix G)

residues whose relative locations can be visualized based on recent X-ray diffraction

data6 as shown in Fig. 26.77 This approach is made possible by spectral editing by

the Mn2+ion-induced selective line broadening for the residues at the surface areas,

as illustrated in Fig. 25. It is shown77 that local conformational changes are found

to be induced at the site of Ala 53, 84, 126, and 25 located at the vicinity of Asp 85

in E204Q mutant (Fig. 25B), although no spectral change was induced at the vi-

cinity of Ala 81, 51, and 184. The E204D mutant exhibited more localized and

smaller perturbations to Ala 53 and 215. A distinct spectral change at Ala 84 is still

distinguishable (Fig. 25C). This means that site-directed mutation at the side-chain
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of E204 induced a local conformational change near to the retinal (as viewed from

the signals of Ala 53 and 215) and the proton channel (as viewed from the effect of

Asp 85) and this effect is more prominent in the E204Q mutant. In contrast, a

conformational change at Ala 81 is distinct for the E194Q mutant but not detect-

able for E194D.

In order to reveal a possible involvement of Arg 82 and Thr 89, it is more

preferable to utilize the R82Q mutant with pKa 7.2, responsible for protonation at

Asp 85, instead of the wild-type with pKa of ca. 2.5.
142 In fact, it was shown that the

13C NMR signals of [1-13C]Val-labeled Val 213 and Val 49 of the R82Q mutant are

appreciably shifted to low frequency by raising the pH, owing to induced local

Fig. 25. 13C CP-MAS NMR spectra of the [3-13C]Ala-labeled wild type (A), E204Q (B), and
E204D (C) mutants. All spectra were recorded in the presence of 40 mM Mn2+ ion. Dotted
spectra in the traces B and C are from 40 mM Mn2+-treated wild type.77 Reproduced with
permission from the IOS Press.
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conformational changes.77 The apparent pKa for R82Q as determined by a plot of

the displaced 13C NMR peaks of Val 213 and 49 residues in R82Q mutant against

pH is 8.3 and 8.2, respectively (Fig. 27A, and B), which is close to that of 7.8 for

Asp 85 as determined by the absorption maximum and coupled with the charged

state of Asp 85. In contrast, the pKa value of the wild-type is 8.8, as viewed from the

displacement of the 13C NMR signal of Val 49 in spite of a pKa 7.8 from the

absorption spectra, and seems to be coupled with an unidentified amino-acid res-

idue via an interaction with Thr 89. In fact, there appears to be no pH-dependent

change in the pH-titration study for T89S mutant (Fig. 27C). This means that these

induced local conformational changes at the helices B and G are strongly influenced

by the deprotonated state of Asp 85 in R82Q. In other words, the backbone con-

formational and fluctuation changes are mediated by the reduced interactions

among the helices B, C, and G, and by the structural change of the side chains of

Arg 82, both of which are induced by the protonation of Asp 85. Such structural

and fluctuation changes would cause long-distance effects between the cytoplasmic

and extracellular surface regions and regulation of the pKa of internal amino acids

in bR, as in the lowered pKa of Asp 96 in D85N.80

Fig. 26. Relative locations of Ala residues whose peaks are changed by mutations of side-
chains in Glu 204 and Glu 194 shown upon the 3D structure of bR.77 Reproduced with
permission from the IOS Press.
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Fig. 27. Plots of 13C NMR peaks of Val 213 (A), Val 49 (B), and Val 199 (C) in R82Q
(circles), T89S (square) and WT (triangles) against pH.77 Reproduced with permission from
the IOS Press.
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6. BACKBONE STRUCTURES AND DYNAMICS IN MONOMERS

So far, we have discussed the 13CNMR data of bR from PM consisting of its trimeric

form packed to a 2D hexagonal crystalline lattice or X-ray diffraction data on a 3D

crystal in the presence of detergents.4–8 Under such conditions, the 13C NMR signals

are fully visible as far as the fully hydrated [3-13C]Ala- or [1-13C]Val-labeled bR from

PM are examined at ambient temperature. As regarding the role of the underlying

lipid-protein interactions leading to effective protein-protein interactions in PM,

specific high-affinity binding of lipids to bR may be critical for lattice assembly. In

such an arrangement of the bR trimer, 10 lipid molecules per bR monomer, com-

prising 6–7 phospholipids, 2–3 sulfoglycolipids, and 1 squalene fill the space between

the proteins.143,144 Indeed, the presence of such negatively charged endogenous lipids

is essential for the 2D crystalline array of bR when one attempts to regenerate it by

incorporation into the dimyristoylphosphatidylcholine (DMPC) bilayer.145

It is expected, however, that the backbone dynamics could be substantially

modified when such a 2D lattice assembly is distorted or disrupted as in bacterio-

opsin (bO) prepared from either an hydroxylamine-treated bR or retinal-deficient

E1001 strain in which retinal–helix interactions is absent owing to lack of retinal.33

The resultant protein dynamic change caused by the removed retinal through the

modified helix–helix interaction resulted in the preferentially suppressed 13C NMR

signals of [3-13C]Ala-labeled bO at the loops and transmembrane a-helices near to

the membrane surface. At the same time, the 13C NMR spectrum of [1-13C]Val-

labeled bO was also partly suppressed especially in the region of the loops at lower

frequency by acquisition of the fluctuation motions.33

6.1. bR mutants incapable of forming 2D lattice

It was shown by the presence of the bilobed feature in CD spectra that the trimeric

structure is preserved for the bR mutant W12L but is disrupted for W80L.45 A

possibility of the disrupted trimeric structure, however, is expected for these mu-

tants, because the side-chain of one of these two Trp residues, which are oriented

outward from the transmembrane a-helices at the interface for lipid–protein inter-

actions, is absent in these mutants.45 In particular, Krebs and Isenbarger146 showed

that the interaction between sulfoglycolipid, 3-sulfate-Galpb1-6Manpa1-2Glcpa-1-

archaeol (S-TGA-1), in the interior of the bR trimer and Trp 80 is thought to be

crucial for the lattice assembly. This is due to the fact that the trimeric form is

disrupted by substitution of Trp 80 with smaller amino acids as in the W80L

mutant. To clarify the potential role of these Trp residues for the stabilization of the

2D lattice, Saitô et al.45 compared the 13C NMR spectra of [3-13C]Ala-labeled

W12L and W80L with those of the wild-type, as demonstrated in Fig. 28. It is

noteworthy that the relative peak intensities of the lipid per transmembrane

a-helices are increased appreciably as a result of the disrupted crystalline lattice.

This is judged from the substantially increased peak intensity of the surround-

ing lipid methyl group (marked by the asterisk) at 19.0 ppm61 with respect to the
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protein peak at 16.8 ppm (Ala 84 and 240, 244–246 at the C-terminal end, which is

indifferent from the manner of crystalline packing): these values were evaluated,

from the spectra in which the lipid methyl peak is not overscaled, as 22 and 10 for

W80L and W12L, respectively, with reference to 1 for the wild type. Further, the
13C NMR signals from the transmembrane a-helices were substantially broadened

for the W12L and W80L mutants as compared with those of the wild type, except

for the peaks from the C-terminal residues protruding from the membrane surface,

including the peaks at 16.8 and 15.8 ppm from the C-terminal end undergoing

random fluctuation motions and Ala 228 and 233 from the C-terminal a-helix, G0,
respectively, connected to the transmembrane a-helix G33,35,101 (see Fig. 3). This

finding indicates that the trimeric structure is not restored both in W12L and W80L,

although the CD measurement is less sensitive to this change for W12L mutant.

In addition, the 13C NMR signals from the loops and several 13C NMR peaks

from the transmembrane a-helices near to the surface, including Ala 39, 53, 168,

and 215 were preferentially suppressed33,35,101 in these mutants as encountered

when retinal–protein interactions are substantially modified as in the case of

D85N mutant80 or they are absent as in bO.33 This is due to the acquired internal

fluctuation with a correlation time of 10�5 s, which interferes with the proton

decoupling frequency of 50 kHz.81 Further, it should be noted that the 13C CP-MAS

Fig. 28. 13C CP-MAS (left) and DD-MAS (right) NMR spectra of [3-13C]Ala-labeled W80L
(A and D), W12L (B and E), and wild-type (C and F). The intense asterisked peak at
19.8 ppm for W80L and W12L is ascribed to the lipid methyl group.45 Reproduced with
permission from Elsevier.
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NMR spectra of the [1-13C]Ala- and Val-labeled mutants are almost completely

suppressed, owing to the presence of fluctuations in the transmembrane a-helices

with a timescale of 10�4 s, which interferes with the magic angle spinning. The

present finding indicates that the hexagonal lattice in the 2D crystals regulates the

protein dynamics of the individual helices, restraining molecular fluctuation of the

transmembrane helices from the 104Hz of proteins from a disrupted or disorgan-

ized lattice (monomer) to 102Hz in the crystalline lattice consisting of the trimeric

structures. This situation is schematically displayed together with their correspond-

ing correlation times in Fig. 12.

6.2. bR structure in lipid bilayer

It is anticipated that oligomerization as well as lattice formation is not always

straightforward for a number of membrane proteins overexpressed in a host cell like

E. coli, unless identification and incorporation of such specific endogenous lipids to

promote the formation of a 2D lattice are seriously taken into account. As a ref-

erence system to examine the 13C NMR spectra of such proteins by site-directed

NMR approach, it seems to be very important to gain an insight into how the 13C

NMR spectra of [3-13C]Ala- or [1-13C]Val-labeled bR incorporated into neutral

lipid bilayers such as egg phosphatidylcholine (PC), dimyristoylphosphatidylcholine

(DMPC) or dipalmytoylphosphatidylcholine (DPPC) are modified by the presence

or absence of a 2D crystalline lattice.

For this reason, it is very important to record the 13C NMR spectra of

[3-13C]Ala- or [1-13C]Val-labeled bR reconstituted into a variety of lipid bilayers

with different gel-to-liquid crystalline phase transition temperatures at various

temperatures. The absorption maximum of the reconstituted bR preparations at

560 nm is very similar to that of delipidated bR (558–562 nm) as compared with that

of intact bR from PM (568 nm) and close to that of the solubilized protein in

detergents as a monomer (550 nm).147 In fact, well-resolved 13C NMR spectra were

recorded for the [3-13C]Ala-labeled bR reconstituted into an egg PC bilayer together

with the intense peak ascribable to the lipid methyl group at 19.7 ppm as shown in

Fig. 29, although several peaks from the loops and some transmembrane a-helical

regions occur at higher frequencies, 17.8–17.4 ppm from PM. These are still sup-

pressed as a characteristic feature of the monomeric form as mentioned above, in a

similar manner to that of the W80L and W12L mutants (see Fig. 28).46 Obviously,

the peak at 19.7 ppm arises from the endogenous lipids from Halobacteria which are

tightly associated with bR during the process of reconstitution into the lipid bilayer.

Further, it is noteworthy that the 13C NMR spectra of [1-13C]Val-labeled bR in

lipid bilayers are almost completely suppressed at ambient temperatures because of

the acquired fluctuation motions in the transmembrane a-helices with a frequency

of the order of 104Hz in the absence of a 2D crystalline lattice.45,46

In the presence of such endogeneous lipids, it is anticipated that the 2D lattice

assembly could be formed when the temperature of bR in neutral lipid bilayers is

lowered to that of the gel phase in the presence of higher ionic strengths.145 Saitô

et al.46 showed that this is the case at low temperature in the presence of a 10mM
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NaCl solution in DMPC or DPPC bilayers adopting the gel phase: the phase be-

havior of the surrounding lipids can be conveniently examined by means of the

methylene 13C chemical shift of the fatty acyl chains as a sensitive probe, either the

gel (trans: 32.6 pm) or the liquid crystalline phase (gauche/trans; 30.3 ppm).40,71 It

turns out that the characteristic 13C NMR spectra of the 2D crystalline lattice were

observed for [3-13C]Ala-labeled bR reconstituted in the DMPC or the DPPC bilayer

at temperatures below 0 or 201C adopting the gel phase, respectively.46 Besides, it is

interesting to note that the 13C NMR peak of the methyl signal from the endogenous

lipids at 19.7 ppm, which is ascribed to the side-methyl group of the (3R, 7R, 11R)-

15-tetramethylhexadecyl (I) group61 as fatty the acyl chain of the phospholipids from

Halobacteria, is

CH3

CHH3C (CH2)3 CH (CH2)3 CH (CH2)3 CH CH2 CH2

CH3 CH3 CH3

substantially suppressed at lowered temperature both in the CP-MAS and DD-MAS

NMR spectra. Their spectral features are changed from the liquid crystalline to the

gel state forming a crystalline lattice. This type of peak suppression is obviously

caused by a slowered fluctuation motion with a frequency of the order of 105Hz as a

result of a specific lipid–protein interaction within the 2D crystalline lattice.

Fig. 29. 13C CP-MAS (left) and DD-MAS (right) NMR spectra of [3-13C]Ala-labeled bR
reconstituted into the egg PC bilayer (A and B; 1:50mol ratio) and from PM (C,D). The
intense peaks at 19.7 and 14.1 ppm are ascribed to lipid methyl groups from Halobacteria and
egg PC, respectively.46 Reproduced with permission from Elsevier.
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In the case of [1-13C]Val-bR, which is sensitive to fluctuation motions of 104Hz,

this condition is more stringent than that of [3-13C]Ala-bR, which is sensitive to

fluctuation motions of 105Hz. A 13C NMR spectral pattern characteristic of 2D

lattice is achieved at 01C as viewed from the [1-13C]Val-labeled bR in the DPPC

bilayer (Fig. 30C), while this feature is achieved from the [3-13C]Ala-labeled bR at

201C (Fig. 30B). Therefore, a suitable choice of 13C-labeled amino acid, either

[3-13C]Ala or [1-13C]Val as well as the manner of protein aggregation is very im-

portant for the study of the conformation and dynamics of membrane proteins by

the site-directed 13C NMR approach, as summarized in Tables 7 and 8.

7. MEMBRANE PROTEINS OVEREXPRESSED IN E. COLI

It is interesting to extend the present approach, utilizing site-directed 13C NMR so

far established for bR and its mutants from both the 2D crystalline or monomeric

preparations, to various types of membrane proteins. They include pharaonis

phoborhodopsin (ppR) consisting of seven transmembrane a-helices linked to retinal

as a photoreceptor active for negative phototaxis,148 its cognate transducer pHtrII

consisting of the two transmembrane a-helices to yield signaling for phototaxis149

Fig. 30. 13C CP-MAS NMR spectra of [1-13C]Val- (left) and [3-13C]Ala- labeled bR (right)
reconstituted into DPPC bilayer (1:50mol ratio) at 201C (A, B) and 01C (C and D). 13C
NMR signals from carbonyl and methyl regions are given at higher frequency (A, C) and
lower frequency (B, D), respectively.46 Reproduced with permission from John-Wiley and
Son, Ltd.
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activated by receiving incoming light through formation of a tightly complexed form

with ppR, and E. coli diacylglycerol kinase (DGK), which catalyzes conversion of

diacylglycerol and MgATP to phosphatic acid and MgADP.150

7.1. Phoborhodopsin and its cognate transducer

7.1.1. Phoborhodopsin

Halobacterium salinurum membrane contains a family of four photoactive retinal

proteins, called archaeal rhodopsins that are similar to our visual pigments in their

Table 8. 13C NMR spectral features of a variety of membrane proteins recorded in intact

preparation or in lipid bilayers at ambient temperature (Ref. 37)

Number of

transmembrane

a-helices

[3-13C]Ala-

labeleda
[1-13C]Val-

labeleda
Fluctuation

frequency of

transmembrane

a-helices (Hz)

References

bR 2D crystal (7)n +++ +++ 102 61

monomer

(WT)

7 ++ + 104–105 46

monomer

(W80L)

7 ++ – 104 45

ppR monomer 7 ++ + 104–105 42

ppR*/

pHtrIIb
2:2 complex 7+2 ++ + 104 42

pHtrII aggregated (2)n + + 103 43

pHtrII*/

ppR

2:2 complex 2+7 + � 104 43

DGK monomer 3 + � 104 44

a+++, well-resolved and fully visible; ++, well-resolved but signals from the loop and some

transmembrane a-helices are missing; +, broadened; -, suppressed.
bAsterisked proteins were 13C-labeled.

Table 7. 13C NMR peak intensities of 13C-labeled bR recorded by CP-MAS NMRa

2D crystal Monomer

[3-13C]Ala-

labeled

[1-13C]Ala-

labeled

[1-13C]Ala-

labeled

[3-13C]Ala-

labeled

[1-13C]Ala-

labeled

[1-13C]Val-

labeled

C-terminal a-

helix

+b +b c +b +b c

Loop + � + � � 7

Transmembrane + 7 + 7 � 7

a-helix

akey: +; fully visible, 7; partially suppressed, —; completely suppressed.
bThese peaks are also visible by DD-MAS NMR.
cNo Val residue is present in the C-terminal a-helix.
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structure and photochemistry: bR and halorhodopsin (hR) harvest solar energy by

light-driven transport of proton and chloride, respectively.151 Sensory rhodopsin I

(sR I) and phoborhodopsin II (pR or sensory rhodopsin II, sR II) are photorecep-

tors active as positive and negative phototaxis, respectively, that use the energy of

absorbed photons to send signals to the flagellar motor via HtrI and HtrII, re-

spectively.148 Here, pharaonis phoborhodopsin (ppR) is a pigment protein from

Natronobacterium pharonis and corresponds to the pR of H. salinurum with 50%

homology of amino-acid sequence.152

These two photoreceptors with proton transport are activated to yield signaling

for phototaxis, through their plausible conformational changes, after receiving in-

coming light they are tightly complexed to their respective cognate transducers

consisting of two transmembrane helices (TM1 and TM2) of HtrI and HtrII, re-

spectively.153 It is believed that the activation of the transducer HtrII by its receptor

pR leads to a conformational change of TM2 that propagates to the tip of the

coiled-coil cytoplasmic domain, as illustrated in Fig. 31A.149 A ribbon diagram of

the top view from the cytoplasmic side for 2:2 complex of ppR (seven transmem-

brane a-helices, A-G and A0-G0) and pHtrII (1-114) (TM1, TM2, TM10, and TM20)
as revealed by X-ray diffraction is also shown in Fig. 31B. The next steps in the

signaling cascade involve the homodimeric histidine kinase CheA, the coupling

protein CheW, and the response regulators/aspartate kinase CheY and CheB, in

analogy to the bacterial sensory system.154,155 Phosphorylated (P) CheY functions

as a switch factor of the fragellar motor. CheB (a methylesterase) together with

CheR (a methyltransferase) are involved in the adaptation processes of the bacteria.

Fig. 31. (A) Two-component signaling cascade. The activation of the transducer HtrII by its
receptor SRII (ppR) leads to a conformational change of TM2 that propagates to the tip of
the coiled-coil cytoplasmic domain, based on the structure taken from Ref. 156. The next
steps in the signaling cascade involve the homodimeric histidine kanase CheA, the coupling
protein CheW, and the response regulators/aspartate kinases CheY and CheB. Phosphory-
lated (P) CheY functions as a switch factor of the flagellar motor. CheB (a methylesterase)
together with CheR (a methyltransferase) are involved in the adaptation process of the
bacteria. (B) Ribbon diagram of the top view from the cytoplasmic side of the receptor-
transducer complex. a-helices in the receptors and transducers are indicated by A-G, A0-G0

and TM1, TM2, TM10, and TM20, respectively.149 Reproduced with permission from Nature
Publishing Group.
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It is anticipated that ppR reconstituted in egg PC bilayer at ambient temperature

is present as a monomer in view of the absence of endogenous lipids as in Ha-

lobacteria and also in comparative site-directed 13C NMR data with those of re-

constituted bR and its mutants in lipid bilayers45,46 as discussed in the previous

section. However, oligomeric structures consisting of dimeric or trimeric forms were

revealed by cryo-electron microscopic or X-ray diffraction studies on 2D or 3D

crystals containing such lipids at low temperature.11–13 Arakawa et al.42 showed

that the 13C NMR spectra of [3-13C]Ala-labeled ppR reconstituted in egg PC bilayer

(Fig. 32B) exhibited the spectral pattern characteristic of the monomeric state: 13C

NMR signals are absent from the loop regions in spite of the presence of three Ala

residues, in a similar manner to that observed for the reconstituted bR in lipid

bilayers (Figs. 29A and B). Instead, seven 13C NMR signals are resolved for the

transmembrane a-helices, at 16.8–15.0 ppm, consisting of the normal aI-helices and

aII-helices
71 in the presence of low-frequency fluctuation motions. In addition there

is a peak at 14.1 ppm arising from egg PC.

It is notable that the 13C NMR peak of ppR at 15.9 ppm ascribable to the Ala

residues located at the cytoplasmic a-helix is readily distinguished in the DD-MAS

NMR spectrum (Fig. 32B, right) in a similar manner to that of bR but is suppressed

in the CP-MAS NMR spectrum (Fig. 32B, left). This is because this portion is too

flexible in the absence of the cognate transducer, pHtrII, with fluctuation frequen-

cies4108Hz to be observed by the CP-MAS NMR, as compared with that of bR in

which the C-terminal a-helix is held together with A–B, C–D, E–F loops through

salt bridges or metal-ion-mediated interactions leading to prevent ion of any un-

necessary fluctuation104 (see Fig. 12). Nevertheless, it is interesting to note that

distinct dynamic changes are accompanied for ppR by complex formation with the

truncated cognate transducer pHtrII (1–159), as revealed by the increased peak

intensity at 15.9 ppm (asterisked) ascribable to the C-terminal a-helix by 13C CP-

MAS NMR, together with the improved spectral resolution for signals from the

whole area (Fig. 32A). This observation is consistent with a view that the accom-

panied change in the ‘‘effective molecular mass’’ from the system of 7 transmem-

brane a-helices (ppR alone) to 18 transmembrane a-helices of the complex

[2� (7+2)] transmembrane a-helices as a 2:2 complex results in a change of the

fluctuation frequency from 104–105 to104Hz.37,42 In particular, the increased in-

tensity in the CP-MAS NMR spectrum at 15.9 ppm is caused by efficient magnet-

ization owing to the immobilized cytoplasmic a-helix due to the complex formation.

Therefore, it appears that the mutual helix–helix interaction between the extended

TM2 helix of pHtrII (1–159) beyond the surface and the cytoplasmic a-helix of ppR

plays also an important role for stabilization of the complex, as schematically

illustrated in Fig. 33.

It is noteworthy that the 13C CP-MAS NMR spectrum of the transmembrane

a-helices from [1-13C]Val-labeled ppR in egg PC bilayer is clearly visible, although

the corresponding peaks from the loops are partly suppressed. Interestingly, the

former peaks are appreciably suppressed in the presence of the transducer pHtrII

(1–159) as revealed by the 13C CP-MAS NMR spectrum when compared with those

of free ppR, leaving no spectral change in the loop regions. It is also notable that a
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reduced lipid–protein interaction by diluting the polar lipids by neutral lipids as in

the present experimental condition is more preferable for observation of better 13C

NMR signals from the [1-13C]Val-bR preparation. This may be the reason why

better 13C NMR spectra were obtained for ppR expressed in E. coli that lacks polar

lipids. It is worthwhile, however, to examine the conditions to record the maximum
13C NMR signals under the condition of 2D array in the presence of such polar

lipids at low temperature.

Fig. 32. Comparison of the 13C CP-MAS (left) and DD-MAS (right) NMR spectra of
[3-13C]Ala-labeled phoborhodopsin (ppR) in the presence (A) or absence (B) of its truncated
transducer (pHtrII (1–159). The asterisked peak of the CP-MAS NMR spectrum in the upper
trace indicates the peak of the C-terminal a-helix.37 Reproduced with permission from Else-
vier.

Fig. 33. Schematic representation of 2:2 complex between ppR and pHtrII.159
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7.1.2. Cognate transducer

The cognate transducer pHtrII is composed of a cytoplasmic domain divided into

linker, methylation, and signaling regions, in addition to the transmembrane do-

main consisting of the two helices, TM1 and TM2.148 The truncated transducer

pHtrII (1–159) under consideration consists of the C-terminal residue protruding

from the cytoplasmic membrane surface (82–159) mainly as linker (Fig. 34) that

may participate in the coiled-coil form responsible for phototaxis besides the two

transmembrane a-helices.149 by analogy with the X-ray diffraction picture of four-

helical-bundle structure of the cytoplasmic domain of a serine chemotaxis recep-

tor.156 Indeed, each monomer is a E70 turn a-helix folded back on itself to form

two long antiparallel coiled-coil structures.156

Fig. 35 illustrates the 13C DD-MAS (left) and CP-MAS (right) NMR spectra of

the [3-13C]Ala -labeled pHtrII (1–159) recorded at ambient temperature from the

samples reconstituted in an egg PC bilayer, where panels A and B are from the

complex with ppR, and C and D are from uncomplexed pHtrII (1–159). All of the

Ala Cb
13C NMR signals from the protein (15.0–16.7 ppm) recorded by DD-MAS

NMR can be assigned to the peak position of the aII- helix (16.7–15.5 ppm) and its

boundary with the ordinary aI –helix (15.5–15.0 ppm), with reference respectively to

the 13C chemical shifts of (Ala)n in hexafluoroisopropanol (HFIP) solution or solid

state:31,36,70,72 this is the case because no 13C NMR signal appears at the position of

the random coil (16.9 ppm) or b-structure (19.9 ppm).35,36,60,63,64 Of course, this aII-

helix is not visible in the X-ray diffraction study, because the truncated

pHtrII(1–114) used in the X-ray diffraction lacks the corresponding cytoplsamic

a-helical region revealed by the solid-state NMR.

The intense aII-helical
13C NMR peaks resonated at 16.7 and 16.3 ppm are

clearly seen as a doublet peak for pHtrII (1–159) complexed with ppR, besides a

broad envelope at 15.5 ppm, as recorded by the DD-MAS NMR (Fig. 35A) but

Fig. 34. Amino-acid sequence of truncated pharaonis pHtrII (1–159). Two transmembrane
a-helices, TM1 and TM2, are shown by the bars above the sequence. Location of 13C-
labeled.43
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substantially suppressed by the CP-MAS NMR (Fig. 35B), leaving the signals of the

low-frequency envelope peaks at 15.5 ppm unchanged. This is the case where the

peaks under consideration were preferentially suppressed by a reduced cross po-

larization rate owing to the presence of rapid molecular motion (with a correlation

time or fluctuation frequency of the order of o10�6 s (or 4106Hz). This finding is

consistent with the previous observations about the C-terminal a-helix protruding

from the surface of bR34–36,104 and ppR.42 The relative proportion of the high-

frequencies doublet, which is suppressed by CP-MAS NMR, to the low-frequency

envelope peaks, including contributions from the unsuppressed peaks extending to

the peak position of the aII-helix in this DD-MAS NMR experiment, is found to be

38%: 62% as judged from the relative peak intensities recorded by the 13C DD-

MAS and CP-MAS spectra, respectively (Figs. 35A and B). This is very close to the

relative proportions of the Ala residues involved in the C-terminal cytoplasmic

a-helix as compared to those of the transmembrane a-helices, 43%:57%. Therefore,

the high-frequency aII-helix and low-frequency envelope peaks are fully visible and

unambiguously assigned, respectively, to the cytoplasmic and transmembrane

a-helices. It is therefore emphasized that the observed cytoplasmic aII-helix (82–159)

revealed by the site-directed NMR could be a candidate for participation in the

Fig. 35. 13C DD-MAS (left) and CP-MAS (right) NMR spectra of [3-13C]Ala- labeled
pharonis truncated pHtr II (1–159) in the complex with ppR (A, B), reconstituted in the egg
PC bilayer, as compared with those in the absence of ppR (C and D). 13C NMR signals of the
low-frequency region (12–20 ppm) from the [3-13C]Ala proteins alone are presented. The
intense or sharp 13C NMR signal resonated at the highest peak position 14.1 ppm is ascribed
to the methyl peak of the egg PC.43
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coiled-coil portion of the full-length transducer that plays an essential role for the

signal transduction. In this connection, it is emphasized that the present NMR

approach could be a very useful means for the identification of this type of a

secondary structure, if any.

Surprisingly, the high-frequency doublet peaks of the 13C NMR signals of

[3-13C]Ala-pHtrII(1–159) in the absence of ppR are not always fully visible at am-

bient temperature even by the DD-MAS method (Fig. 35C). The resulting dynamic

change leads to a failure in our attempt to fully detect the 13C NMR signals by

narrowing the peaks in the free state, due to interference of the incoherent fre-

quency of the motional fluctuations with the coherent frequency of the proton

decoupling essential for the successful peak narrowing.81 The lowered fluctuation

frequencies in the cytoplasmic a-helix of pHtrII (1–159) from 4106Hz of the com-

plexed to the order of 105Hz (5� 104Hz) of the free states, results in the prefer-

entially suppressed peak intensities at 16.7 and 16.3 ppm, as a result of interference

of the fluctuation frequency with the proton-decoupling frequency, as viewed from

the 13C NMR signals of the [3-13C]Ala-labeled residues. It appears, however, that

this observation conflicts with our expectation: fluctuation motions of the cyto-

plasmic a-helices of the transducer alone should be more pronounced in the free

state than in the complexed state, because the frequency of the local fluctuation

motions in the free state also depends upon the resulting reduced ‘‘effective mo-

lecular mass’’ and interhelical interactions. In fact, this view was confirmed when

one compares the fluctuation frequencies of the transmembrane a-helices of ppR as

estimated from the 13C NMR spectra of [1-13C]Val-ppR with and without pHtrII as

summarized also in Table 8, 37 although the corresponding spectral changes are

rather less pronounced as compared with those of the present observation for

[1-13C]Val-pHtrII(1–159). This obvious conflict, however, may be compromised

only when the uncomplexed transducers are not present as monomer or dimer but

exist as aggregated or clustered forms in the lipid bilayer. This finding also rules out

the possibility that this moiety is a random coil even in the absence of ppR. Oth-

erwise, it would be expected that the intensity of the 13C NMR signal from the

random coil would appear at the characteristic peak position of 16.9 ppm, and

should be invariant in spite of the presence or absence of ppR.

7.1.3. Signal transduction

It is thought that light excitation of ppR complexed with pHtrII induces an outward

movement of its helix F, as revealed by time-resolved spin-labeled ppR.157 It was

also shown that the flap-like movement of the helix F of ppR upon light excitation

induces a conformational change in the transmembrane domain of the spin-labeled

transducer, together with the arrangement of the receptor-transducer 2:2 complex

with a 2-fold symmetry axis by distance measurements by spin-labeled ppR and

transducer.158 An important outcome of this work is the decoupling of the TM2

motion from the return of the photoreceptor to the ground state, which enables the

transducer to exist separately in the active state and to operate independently of the

photoreceptor.
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This view is consistent with the data present already42,43 and recent site-directed

solid-state NMR of [3-13C]Ala-labeled ppR and its complex with pHtrII(1–159) by

Kawamura et al.159,160 In particular, Kawamura et al.160 found evidence of the role

of specific interactions between the C-terminal a-helix of ppR and the extended

a-helix of pHtrII for the stability of the former in the ground state. This is based on

a comparative study on the wild-type and ppR (1–220), in a similar manner to that

of bR to make the proton uptake efficient (see Fig. 17B). It turned out, however,

that this kind of interaction is broken for the D75N mutant of ppR taking activated

state161 (corresponding to the M-like state in bR) without photoillumination, to

weaken the interaction between ppR and pHtrII (1–159) and to make pHtrII

(1–159) rigid, as viewed from the 13C NMR spectra of [3-13C]Ala-labeled pHtrII

(1-159).160

7.2. Diacylglycerol kinase

Diacylglycerol kinase (DGK) from E. coli is a small, 121 amino acid, integral

membrane protein that catalyzes the conversion of diacylglycerol and MgATP to

phosphatic acid and MgADP. It has been shown that DGK is homotrimeric both in

the micellar system and in 1-palmitoyl-2-oleyl-sn-glycero-3-phosphocholine (POPC)

vesicles.162,163 The topology of DGK as revealed by the sequence data and

b-lactamase and b-galactosidase fusion experiment consists of three transmembrane

domains and two cytoplasmic domains, as shown schematically in Fig. 36.164,165

Wen et al.166 showed that DGK is extremely tolerant to sequence changes with

three-quarters of the residues tolerating non-conservative changes. The conserved

residues are distributed with approximately the same frequency in the soluble and

transmembrane portions of the protein, but the most critical active-site residues
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Fig. 36. Schematic representation of conformation and topology of DGK based on the
published data. Ala and Val residues used for 13C-labeling are shown as circled and boxed
residues, respectively.44 Reproduced with permission from Elsevier.
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appear to residues in the second cytoplasmic domain. In addition, mutant/wild-type

subunit mixing experiments indicate that these active site residues are shared be-

tween subunits within the trimer.166,167

Yamaguchi et al.44 recorded the 13C NMR spectra of [3-13C]Ala-labeled E. coli

DGK reconstituted in a POPC bilayer, using the CP-MAS and DD-MAS methods

as shown in Fig. 37. It is expected that these labeled Ala residues can be utilized as

intrinsic probe to examine the conformation and dynamics of both transmembrane

and cytoplasmic domains in view of their distribution as shown in Fig. 37. Sur-

prisingly, the 13C NMR spectra of [3-13C]Ala-labeled DGK recorded by both the

methods are broadened to yield rather featureless peaks at physiological temper-

atures, both in DM solution (spectrum not shown) or in lipid bilayers of the liquid

crystalline phase. The 13C NMR spectra of [3-13C]Ala-labeled DGK recorded by

the DD-MAS (A-C) and CP-MAS (E-F) methods in POPC bilayers are substan-

tially broadened as far as the samples are retained in the lipids of the liquid crys-

talline phase at temperatures between 201C and �51C (Fig. 37). The intense peaks

at 16.8 ppm are more pronounced in the DD-MAS spectra and ascribed to Ala

residues involved in the a-helix form of the N-terminal region as a result of pro-

truding from the membrane surface. They can be assigned to the Ala residues

located at the more flexible N-terminal a-helical regions anchored at the membrane

surface rather than to the transmembrane a-helices aligned with the membrane

normal. The spectral resolution of the CP-MAS NMR spectrum, however, was

substantially improved to yield the four peaks 14.5, 15.5, 16.0, and 16.7 ppm at
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Fig. 37. 13C DD-MAS (left) and CP-MAS (right) NMR spectra of [3-13C]Ala-DGK in
POPC bilayer at various temperatures. The asterisked peaks are ascribed to the methyl peak
from POPC.44 Reproduced with permission from Elsevier.
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�101C just below the phase-transition temperature of the POPC bilayer (-51C). This

situation is also realized in the DPPC bilayer in which the gel-to-liquid crystalline

phase transition occurs at 411C, as evaluated from the peak position of saturated

fatty acyl chains from the lipid bilayer:71 the well-resolved spectra consisting of up

to six peaks ascribable to the transmembrane and amphipathic a-helices and loops

were observed at temperatures below 351C but the spectrum was broadened at 451C

for the liquid crystalline phase.

It is also notable that the 13C NMR spectra of [1-13C]Val-labeled DGK were

completely suppressed at temperatures corresponding to the liquid crystalline phase

of both the POPC and DPPC bilayers but those including the peaks from the loops

were recovered to some extent in the gel-phase lipids.44 This means that the broad-

ened or completely suppressed peaks of the 13C NMR spectra of [3-13C]Ala- and

[1-13C]Val-labeled DGK in the lipid bilayers of the liquid crystalline phase are

ascribed to the presence of the interference of motional frequencies of DGK with

the frequencies of the proton decoupling or the magic angle spinning (105 or 104Hz,

respectively). While DGK can be tightly packed in the gel phase lipids, DGK is less

tightly packed at physiological temperatures, where it becomes more mobile. The

fact that the enzyme activity is low under conditions where motions are restricted

and high when conformational fluctuations can occur suggests that the acquisition

of low-frequency backbone motions, on the microsecond to millisecond timescale,

may facilitate the efficient enzymatic activity of DGK. This means that the dynamic

aspect is very important to understand the function of this enzyme, even if a cry-

stallographic observation is unsuccessful.

The present observations demonstrate that the site-directed 13C NMR approach

is very useful for probing the conformation and dynamics of the membrane proteins

in a membrane environment, as summarized in Table 8.

8. MEMBRANE-BINDING PROTEIN

So far, we were concerned with site-directed solid-state NMR studies on fully hy-

drated integral membrane proteins in which anisotropic spin interactions leading to

broadened line widths are not averaged as they are in solution NMR but a variety

of motions with various timescale from millisecond to microsecond are persistent

because of integration into the lipid bilayer. It is still difficult to obtain structural

information for peripheral membrane proteins which are not integrated but bound

to a membrane surface, because the persistent anisotropic interaction with the

membrane surface still hampers the utilization of the solution NMR approach.

The pleckstrin homology (PH) domain of phospholipase C-d1 (PLC-d1) is one of

the most extensively studied, because it has been proposed that it regulates the

membrane localization of PLC-d1168,169 through its high-affinity specific interaction

with phosphatidylinositol 4,5-bisphosphate (PIP2)
170 and with D-myo-inositol 1,4,5-

trisphosphate (IP3). A high-resolution structural model of phospholipase C-d1

(PLC-d1) pleckstrin homology (PH) domain forming a complex with IP3 has been
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determined by X-ray diffraction.171 Structural information of PLC-d1at the mem-

brane surface is indispensable, because functionally more important interactions

with its ligand, PIP2, or other proteins included in the signal transduction pathways

takes place in the membrane surface.

Tuzi et al.172,173 examined the 13C DD-MAS (B) and CP-MAS (A) NMR spectra

of [3-13C]Ala-labeled PH domain complexed with PIP2 in a PC/ PIP2 bilayer with

reference to the peak positions available from the complex with IP3 in solution

(vertical peaks at the bottom), as shown in Fig. 38. Five resolved peaks, occur at

18.82, 16.99, 15.83, 15.37, and 14.41 ppm; these were assigned to the five Ala res-

idues incorporated, Ala 112, 88, 116, 118, and 21, respectively, with reference to the
13C chemical shifts of the respective site-directed mutants which are replaced by

other types of residue. It is interesting to note that the local conformations of the C-

termini of the a2-helix and b7-strand are altered by the membrane localization of

Fig. 38. High-resolution solid-state NMR spectra of the [3-13C]Ala-labeled PLC-d1 PH
domains forming complex with PC/PIP2 vesicles obtained by (A) the CPMAS and (B) the
DDMAS method. Assignments of the individual signals are shown at the top of the spectra.
The vertical bars at the bottom of the spectra indicate the chemical shifts of the [3-13C]Ala
signals for the PLC-d1 PH domain-IP3 complex in solution.172
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the PH domain, as viewed from the displaced peaks of Ala 88, which is included in

the a2-helix and of Ala 112. This is located at the C-terminus of the b7-strand

flanking with the C-terminus of the b5/b6 loop. However, the N- and C-terminal

a-helices, containing Ala 116, 118 and 21, located at the surface opposite to the lig-

and binding site of the PH domain show virtually no conformational changes (see

Fig. 39 for their locations). Taking into account the highly amphipathic nature of

Fig. 39. (A) A schematic representation of the three-dimensional structure of the PLC-d1
PH domain. The a-helices and b-sheets are indicated by cylinders and arrows, respectively.
Ala residues are indicated by open circles. IP3 is shown by a CPK model. (B) The amp-
hipathic a2-helix viewed from the C-terminus. Hydrophilic and hydrophobic residues are
shown by gray and black circles, respectively. (C) A model of the conformational change of
the PLC-d1 PH domain-induced at the membrane surface.172
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the a2-helix as shown by a helical wheel in Fig. 39B, it is plausible to predict a

hydrophobic interaction between the hydrophobic face of the a2-helix and the

hydrophobic inner layer of the lipid bilayer. Further, it is proposed that the ori-

entation of the a2-helix causes an opening of the hydrophobic cluster between the

a2-helix and the b7 strand, as illustrated in Fig. 39C.

It is therefore concluded that site-directed solid-state NMR provides an excellent

means to probe the conformational features of membrane-binding proteins which

cannot be examined by any other spectroscopic means.

9. CONCLUDING REMARKS

It is demonstrated that well-resolved 13C NMR signals of fully hydrated membrane

proteins are successfully recorded at ambient temperature, as far as they are se-

lectively labeled with [3-13C]Ala and/or [1-13C]Val and embedded in lipid bilayers,

as manifested from the 13C NMR studies on bR and its mutants from PM. For this

purpose, it is also important to record the 13C NMR spectra by a single-pulse,

dipolar decoupled-magic angle spinning (DD-MAS) in order to detect signals from

the flexible portions located at the membrane surface from which 13C signals are

suppressed by the CP-MAS experiment. It is demonstrated that this site-directed

NMR approach is an unrivaled means for revealing the conformation and dynam-

ics of membrane proteins on the basis of the conformation-dependent displacement

of 13C chemical shifts and the preferentially suppressed peaks by CP-MAS alone or

by both CP-MAS and DD-MAS NMR, depending upon the types of respective

fluctuation motions. In particular, slow local motions with a fluctuation frequency

of the order of 104–105Hz, which are very important in relation with their bio-

logical functions can be readily detected by the preferentially suppressed peaks due

to the interference of the fluctuation frequency with the frequency of the proton

decoupling or the magic angle spinning.

It should be taken into account, however, that several the 13C NMR signals from

the loops and some transmembrane a-helices are preferentially suppressed when 13C

NMR spectra of [3-13C]Ala-labeled bR were recorded in a monomeric state as in a

reconstituted lipid bilayer. In addition, the 13C NMR signals were almost com-

pletely suppressed when the 13C NMR spectra were recorded for [1-13C]Ala- or Val-

labeled bR in lipid bilayers. This is obviously caused by accelerated backbone

dynamics with a fluctuation frequency from 102Hz in the 2D crystal to 104Hz in the

monomeric state in the absence of specific protein–protein interactions as well as

lipid–protein interactions in the absence of specific endogeneous lipids. Keeping this

fact in mind, this approach turns out to be very useful to examine the conformation

and dynamics of a variety of membrane proteins such as a photoreceptor protein

(pharaonis phoborhodopsin; ppR), its transducer pHtrII (1–159), receptor-trans-

ducer complex [ppR/pHtrII (1–159)], and a membrane enzyme (diacylglycerol kin-

ase; DGK), which are overexpressed in E. coli and present as monomers. In fact,

several 13C NMR signals are missing from the amino-acid residues located at the
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flexible portions such as loops and transmembrane a-helices near to the membrane

surface as compared with the data from the 2D crystalline preparation. In such

cases, it is also very important to search for the best experimental conditions leading

to the observation of the full 13C NMR signals.
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J. Biochem. (Tokyo), 2001, 129, 373–382.
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92. H. Saitô, R. Tabeta, A. Shoji, T. Ozaki, I. Ando and T. Miyata, Biopolymers, 1984, 23, 2279–2297.
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Biochim. Biophys. Acta, 1998, 1375, 84–92.

148. W. D. Hoff, K. -W. Jung and J. L. Spudich, Annu. Rev. Biophys. Biomol. Struct., 1997, 26, 223–258.

149. V. I. Gordeliy, J. Labahn, R. Moukhametzianov, R. Efremov, J. Granzin, R. Schlesinger, G. Buldt,

T. Savopol, A. J. Scheidig, J. P. Klare and M. Engelhard, Nature, 2002, 419, 484–487.

150. C. R. Sanders II, L. Czerski, O. Vinogradova, P. Badola, D. Song and S. O. Smith, Biochemistry,

1996, 35, 8610–8618.

151. J. K. Lanyi, J. Struct. Biol., 1999, 124, 164–178.

152. R. Seidel, B. Scharf, M. Gautel, K. Kleine, D. Oesterhelt and M. Engelhard, Proc. Natl. Acad. Sci.

USA, 1995, 92, 3036–3040.

153. X. -N. Zhang, J. Zhu and J. L. Spudich, Proc. Natl. Acad. Sci. USA, 1999, 96, 857–862.

154. J. J. Falke and G. L. Hazelbauer, Trends Biochem. Sci., 2001, 26, 257–265.

155. J. L. Spudich and H. Luecke, Curr. Opinion Struct. Biol., 2002, 12, 540–546.

156. K. K. Kim and H. Yokota, S-H. Kim,, Nature, 1999, 400, 787–792.

157. A. -A. Wegener, I. Chizov, M. Engelhard and H. -J. Steinhoff, J. Mol. Biol., 2000, 301, 881–891.

158. A. -A. Wegener, J. P. Klare, M. Engelhard and H. -J. Steinhoff, EMBO J., 2001, 20, 5312–5319.

159. I. Kawamura, N. Kihara, S. Tuzi, Y. Ikeda, K. Nishimura, H. Saitô, N. Kamo and A. Naito, The
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High-pressure biochemistry started to emerge in the 1960s and 1970s and focused

on the effects of pressure on proteins, nucleoproteins and membranes. During the

same time, NMR spectroscopy was combined with high pressure since it is the only

generally applicable method to monitor pressure-induced structural changes at the

atomic level in solution. However, up to now the application of many, if not most, of

the currently available multidimensional high-resolution NMR experiments is im-

possible under high pressure in protein solutions due to the restricted volume of the

high-pressure glass cells, which causes a poor signal–to–noise ratio. In addition, a

prerequisite for the understanding of pressure effects on proteins is the knowledge

about the dependence on 1H chemical shifts in random coil model tetrapeptides and

buffer systems. Furthermore, we review various high-pressure NMR experiments

on proteins and the recent advances made in this field.

1. INTRODUCTION

The application of high pressure is capable of delivering a wealth of important

information about the physicochemical properties of proteins, especially folding as

well as the dynamics and structure of folding intermediates.1 In combination with

NMR spectroscopy, the stability of proteins can be studied at atomic resolution

without chemical perturbations, such as denaturants (for a review see ref. 2). Thus,

high-pressure NMR spectroscopy can yield local information about mechanical and
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dynamical properties of proteins and can be used to stabilize folding and unfolding

intermediates. In addition, at pressures of 200MPa, the phase behaviour of water

allows the observation of protein denaturation in aqueous solution at temperatures

down to 255K.3 High pressure influences protein aggregation and association as

well.1,4–12 The application of high-pressure NMR spectroscopy towards biochem-

istry has been reviewed several times,3,13–17 and a new series of meetings (Inter-

national Conference in High Pressure Biosciences and Biotechnology, HPBB) as

well as the recent special edition of applications of high pressure to biomolecules

(BBA 1595, 2002) shows the growing attention of the scientific community in this

field. Recent advances in high-pressure NMR spectroscopy on folding intermedi-

ates and denatured states of proteins have been covered by the Akasaka

group.2,18–22

For NMR experiments under high pressure on commercially available NMR

instruments home-built high-pressure apparatus were designed independently by

Yamada23 and the group of Lüdemann.24 With these systems pressures up to

200MPa were reached. Wagner25 used this technique to study pressure effects on

ring–flip motions in the basic pancreatic trypsin inhibitor (BPTI). In 1972,

Jonas26,27 introduced a probe, which can be pressurized and allowed to extend the

pressure range for NMR spectroscopy up to 1000MPa.16,28,29 Nevertheless, the

design of special metallic high-pressure probes may lead to severe problems. The big

advantage of the ‘Yamada glass cell method’ (for review see refs. 30,31,32) is its use

in all commercially available probes and thus availability for all modern NMR

applications to proteins. However, the restricted volume of the high-pressure glass

cells causes a poor signal-to-noise ratio, which up to now renders the application of

most of the multidimensional NMR experiments impossible. To overcome this

problem cells made of sapphire or zirconium oxide were introduced by a number of

groups33–36to increase the amount of sample in the detection coil. Synthetic quartz

cells37 were designed to extend the pressure range for NMR spectroscopy up to

600MPa.

There are generally two responses of proteins towards the application of pressure.

They result from the property that pressure favours states with a smaller specific

volume. This is described by the standard equations which define the reaction

volume DV and activation volume DV] of a thermodynamic reaction:

d lnK

dp

� �

T

¼ �DV

RT
and

d ln k

dp

� �

T

¼ �DV#

RT
(1)

where K is the equilibrium constant, k the rate constant, p the pressure, T the

absolute temperature and R the gas constant. Thus, any equilibrium in a population

of conformers of proteins, including low-lying excited states and partially or com-

pletely unfolded conformations, connected with a non-zero volume change will be

shifted towards the more compact state by the application of hydrostatic pressure.

The volume decrease in proteins observed upon partial or complete unfolding of the

native structure depends on three kinds of interactions: (1) Ionic pairs in aqueous

solution are strongly destabilized by hydrostatic pressure due to the electrostrictive
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effect of the separated charges, thus favouring the dissociation and disruption of

ionic interactions under pressure. (2) Exposure of hydrophobic groups to water

leads to a hydrophobic solvation layer favouring the unfolding of proteins at

elevated pressure. (3) Evolutionary selected areas with non-optimized packing den-

sity through van der Waals’ forces are key points where volume fluctuations can be

probed by pressure, this is displaying the high anisotropy of compressibility found

in proteins. These issues were discussed in detail by Silva et al.1 and Akasaka19,20,22

and are summarized in Fig. 1.

The underlying molecular and energetic origins for protein misfolding and ag-

gregation (for review see refs. 38 and 39–42) leading to amyloidosis and disorders

like, e.g. the transmissible spongiform encephalopathies (TSEs) and Alzheimer’s

disease (AD) are still an open question.

One possibility to investigate oligomeric proteins and protein aggregates is high-

hydrostatic pressure.1 As an example, the protein transthyretin (TTR) can be

viewed. Under normal conditions native TTR forms a stable tetramer. Compression

of TTR leads to a monomeric molten-globule like intermediate. Upon decompres-

sion TTR forms a tetrameric pre-aggregate with a conformation different from the

native form leading to fibrillar aggregation. A repeated compression changes the

conformation from fibrillar structures back to a monomeric molten-globule like

intermediate state. The structure of such an intermediate state with pre-amy-

loidogenic properties can be characterized by keeping it at a temperature of 41C and

Fig. 1. Schematic representation of pressure effects in proteins connected with a nonzero
volume change. (a) Pressure effect on a single conformation represents a highly anisotropic
compression. (b) Shift of any equilibrium in a population of conformers of proteins towards
a more compact state.
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avoiding the aggregation that way.1 In this sense, an elegant alternative to inves-

tigating multiple misfolding pathways of the proteins involved in neurodegenerative

diseases with denaturing agents is applying hydrostatic pressure, which allows

studying intermediate forms in the folding pathway of such proteins different from

those obtained by denaturing agents43–46(for review see refs. 41,47). As seen in case

of the prion protein pressure induces scrapie-like prion-protein misfolding and

amyloid-fibril formation.48–51 Irreversible aggregation of shaPrP(90–231) was ob-

served above 450MPa, and incubation of shaPrP(90–231) at 600MPa overnight led

to the formation of amyloid fibrils, whereas pressures up to 200MPa lead to re-

versible effects and recovery of the original structure after pressure release.48

Fine-tuning of temperature and pressure would lead to a stabilization of the

intermediate pre-amyloidogenic conformations from proteins involved in neurode-

generative diseases and subsequently to a structural characterization of such an

intermediate. The combination with NMR spectroscopy would allow a structure

determination of pre-amyloidogenic intermediates at the atomic level. This review

describes the experimental technique used for proteins and will summarize the

recent advances made in the sampling of the conformational space of proteins by

high-pressure NMR spectroscopy pioneered by Akasaka.

2. HIGH-PRESSURE NMR SPECTROSCOPY

As pointed out above, high-pressure NMR spectroscopy is the most exciting method

for studying the structural anisotropy and conformational dynamics of proteins.

At present two conceptually different methods are applied for high-pressure NMR

experiments: (i) specifically designed non-magnetic metal autoclaves26,29 and (ii) the

so-called Yamada glass cell method.23,32,37 Pressurizing of the whole probe allows to

obtain very high pressures,28,29 but may result in severe problems: (a) limitation of

space in high-resolution, high-field NMR spectrometers, (b) perturbations of the

magnetic field homogeneity and (c) the difficulty to construct reliable low impedance

radiofrequency feedthroughs through the thick metal parts of the autoclaves. How-

ever, the Yamada glass cell method can be applied much easier since it does not

require special probes. A disadvantage of the glass cell method is the inherent low

sensitivity since the sample volume contained in the thick-walled sample tubes is

rather small. Typically, borosilicate or quartz-glass capillaries with an outer diameter

of 1–5mm and an inner diameter of 0.1–1.2mm are required to withstand a pressure

up to 200MPa.

The typical active volume in 5mm capillaries is 50 mL. Such a small amount of

sample material within the NMR coils causes a poor signal–to–noise ratio, which

limits useful applications of most of the multidimensional NMR experiments im-

portant in protein science. Therefore, a number of groups were investigating set ups

with larger active volumes.34,35

The maximum pressure pmax obtainable is a function of the tensile strength t

of the material and the quotient outer and inner diameters do and di. It can be
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approximated by

pmax ¼ t lnðd20=d
2
i Þ (2)

In Table 1, mechanical and physical parameters of different materials used for the

production of high-pressure capillaries are listed. Quartz and sapphire display a

much higher tensile strength than borosilicate glass. The effective tensile strength

given in Table 1 includes the possible existence of faults in the material, which

substantially reduces the maximum pressure the capillaries can resist, their number

is also much dependent on the details of fabrication process. As the probability for

faults decreases with size of the piece of material, small capillaries can endure much

higher forces. Selected quartz capillaries with an outer diameter of 3mm and an

inner diameter of 1mm were reported to sustain pressures up to 400MPa. Yamada

even reported that quartz capillaries made out of synthetic quartz can withstand

pressures up to 600MPa.37

The use of sapphire cells with 5mm outer diameter and 0.8mm wall was first

suggested by Roe33 for pressures up to 41.5MPa. Urbauer et al.34 reported that

sapphire cells with 5mm outer diameter and 1mm inner diameter tolerate pressures

up to 100MPa (US patent No. 5977772).

Arnold et al.35 were using single crystalline sapphire cells with an inner diameter

of 1.73mm and an outer diameter of 3.18mm, available from Saphikon (Milford,

NH, U.S.A.). In contrast to amorphous materials such as borosilicate and quartz

glass, sapphire single crystal should contain only few faults due to the manufac-

turing method. However, the commercially available sapphire cells have still a large

spread in their quality and have to be tested before use. Although most cells can be

used up to 200MPa, some of them burst at pressures below 70MPa but also

pressures above 350MPa were reached.35 A disadvantage of sapphire compared to

borosilicate glass is its high thermal expansion coefficient, which may lead to me-

chanical problems when changing the temperature.

In general, the sapphire cells can be used with a structure according to the de-

scriptions of Price and Lüdemann32 for borosilicate glass cells. Here, the pressurizing

fluid (methyl cyclohexane : methyl cyclopentane:50:50) is pressurized externally by a

pressure bench which is connected to the autoclave by a 6m high-strength steel tube

Table 1. Physical and mechanical properties of the materials used for high-pressure NMR

capillaries

Borosilicate Glass Quartz Glass Sapphire

Producer Schott Qsil Saphikon

Tensile strength [Nmm�2] 7 50 140

Coefficient of expansion [10�6K�1] 3 0.5 8.8 7.9

Temperature of processing [K] 825–1260 1700–2100 42053

Magnetic susceptibility [10�9m3kg�1] �0.86 �0.49 �0.21 �0.25

Note: Owing to its single crystalline structure, the coefficient of expansion and magnetic susceptibility

of sapphire are tensorial quantities (the left side, values parallel, right side perpendicular to the principal

axis of the system). (After ref. 36.)
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with an inner diameter of 100mm. The pressure is transmitted onto the NMR sample

by a Teflon hose closed by a Teflon plug, which simultaneously serves as separation

of the organic solvent from the biological sample (Fig. 2). For sealing the glass-cell

system, Price and Lüdemann32 used cone-shaped nipples. These nipples are tightly

pressed into the cone-shaped bore of the autoclave. Since the radial forces applied to

the capillary tube increase with its diameter, only small diameters in the contact area

of the capillary with the sealing cone can be used. This does not present a problem for

glass-cell systems because the glass cells can be shaped appropriately in this region.

Since the outer diameter of the sapphire capillary is constant over its length Arnold et

al.35 devised another type of pressure sealing for the sapphire cells (Fig. 2). To fix the

capillaries within the autoclave a 30-mm-long cylinder-shaped TiAl6V4 nipple was

used, which was glued around the end of the capillary. The small gap between the

bore of the autoclave and the nipple (o10mm) is sealed by an O-ring. The O-ring is

forced to the walls of the autoclave by a cone-shaped brass cylinder. A glass rod is

used to fill up the inner volume of the sapphire cell outside the NMR coil, to reduce

the amount of sample fluid needed to fill the sample tube. To prevent the probe from

damages caused by an explosion, a Teflon protection hose is applied to the lower end

of the capillaries (Fig. 2). The improvements achieved by using the new sapphire cells

were shown by Arnold et al.35 through the comparison of 1H-15N–HSQC-spectra

measured on a sample of a 0.5mM sample of the cold shock protein (Csp) from

Thermotoga maritima. It was first measured in the sapphire cell with an outer di-

ameter of 3.2mm and an inner diameter of 1.8mm and then under identical exper-

imental conditions in the glass cell with 5mm outer diameter and 1.2mm inner

diameter. Fig. 3 shows part of the spectra measured with this equipment. The data

were plotted at the same contour level. It is obvious that the signal–to–noise ratio is

much better using the sapphire cell as to be expected from the approximately two

times larger active volume, and thus filling factor, in the probe. 1D traces through the

maximum of the amide HN cross-peak of K19 in the 2D-HSQC spectra are depicted

in the bottom part of Fig. 3. The signal–to–noise ratio calculated from 1D traces is

increased by a factor of 2. The 3mm sapphire cell system can also be used in a 5mm

probe head leading to a further improvement in signal–to–noise ratio.

In conclusion, sapphire cell systems, as well as other systems to increase the filling

factor in the NMR detection coil, allow a detection of pressure effects in peptides

and proteins with a much higher sensitivity than that obtained in conventional

systems and should allow the application of most modern experiments in multi-

dimensional high-resolution NMR spectroscopy at elevated pressures.

3. APPLICATION OF HIGH-PRESSURE NMR SPECTROSCOPY ON

PROTEINS

Pressure is an additional external parameter for a solute–solution system. Its in-

crease can induce structural changes in a biomolecule via a volume change of the

solute system. In addition to the dynamical information gained by the NMR

relaxation measurements the pressure-induced structural changes observed in
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Fig. 2. Borosilicate glass and sapphire high-pressure systems. (Left) Sapphire-cell system
with O-ring gasket. The pressurizing fluid and sample are separated by a Teflon shrink hose,
which is closed by a Teflon plug. Outer diameter of the sapphire cell is 3.18mm; inner
diameter, 1.73mm. As burst protection, either a Teflon hose with 0.2- mm wall thickness or
an especially manufactured closed Teflon tube (outer diameter, 4.8mm, inner diameter,
3.5mm) was used (Right) Glass-cell system with cone-shaped metal sealing. The Duran 50
borosilicate glass capillary is glued into a cone-shaped TiAl6V4 nipple. Outer diameter of the
glass capillary is 5.0mm; inner diameter, 1.2mm. (After ref. 35.)
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high-pressure NMR spectroscopy will give information about conformational

equilibria in proteins and nucleic acids. Akasaka has discussed this in a number of

reviews.2,18–21 Proteins are sensitive to high pressure since they exhibit ‘‘packing

defects’’ and display local melting points for denaturation.1 The application of

pressure induces generally a change in the chemical shift as well as a change in

signal intensities. Both parameters, chemical shift and signal intensity, are usually

used to analyze the pressure-induced effects.2 We will discuss the recent advances

made in high-pressure NMR spectroscopy on proteins in the following sections.
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Fig. 3. Sensitivity obtainable in high-pressure borosilicate glass cells and sapphire cells. The
sample contained 0.5mM uniformly 15N-enriched Csp from Thermotoga maritima (TmCsp)
in 50mM phosphate buffer (pH 6.5), 20mM NaCl, 0.2mM Na-EDTA, 0.1 mM NaN3, 10%
D2O and 90% 1H2O. Gradient selected sensitivity enhanced 1H–15N-HSQC spectra were
recorded under identical experimental conditions either in a sapphire cell (left) with an outer
diameter of 3.18mm, inner diameter of 1.72mm or a borosilicate glass capillary (right) with
an outer diameter of 5.0mm and an inner diameter of 1.2mm. Data were recorded with a
8mm inverse triple-resonance probe at 600MHz proton frequency. Total acquisition time,
approximately 2.5 h; resolution, 2048 points in the direct dimension and 256 points in the
indirect dimension. The temperature was adjusted to 303K. (Top) Only a small part of the
spectra are shown and plotted at the same contour levels for the two experiments. (Bottom)
1-D trace through the maximum of the HN-signal of K19. (After ref. 35.)

184 WERNER KREMER



3.1. Linear tetrapeptides at pressure between 0.1 and 200MPa

A prerequisite for a qualitative as well as quantitative analyses of chemical shift

data of proteins with elevating pressure is the comparison with standard parameters

from random-coil peptides to separate specific structural features from unspecific

factors characteristic for a given amino acid residue. Very early in NMR spectros-

copy, Bundi and Wüthrich52,53 introduced the tetrapeptides Gly–Gly–X–Ala as

reference compounds for the random-coil structures. They reported the 1H-chem-

ical shifts of these peptides in aqueous solution with X representing one of the 20

DNA-encoded amino acids. Later on, 13C- and 15N-chemical shifts of these pep-

tides were published.54,55 1H- and 31P-chemical shifts are also reported for the

phosphorylated forms of these peptides with X ¼ P-His, P-Asp, P-Ser, P-Thr,

P-Tyr and P-Hyp.56–58

The interpretation of chemical shift effects induced by pressure in proteins is still

in its infancy, although at least some of the changes can be consistently interpreted

in structural terms, e.g the change of the HN-chemical shifts could be associated

with the change of the length of intramolecular hydrogen bond under pressure.59,60

Arnold et al. 61 reported a data basis for the chemical shift changes with pressure for

random-coil peptides.

Generally, the pH of a solution is dependent on pressure (for buffer systems with

low-pressure coefficients see e.g. ref. 62). Since a pressure-induced pH shift of the

solvent can also lead to shifts of the resonances, possible pH-dependent shifts have

to be separated from ‘‘pure’’ pressure-induced shifts. For this reason generally

buffer solutions, which are very insensitive to pressure, are chosen, i.e. buffers with

the least dissociation volume (e.g. Tris, MES, etc.). However, the advantage of

solution NMR spectroscopy is the near-physiological environment of proteins,

where physiological buffers are mainly based on phosphate compounds.63 In the

buffering range of the phosphate buffer, the negative dissociation volume leads to a

decrease of about 0.4 pH units when increasing the pressure from 0.1 to 100MPa.64

The pressure dependence of the chemical shifts of the amino acid X in the tetra-

peptides Gly–Gly–X–Ala was determined by Arnold et al.61 at two different pH

values separated by 0.4 pH units. At ambient pressure the pH of the samples was

adjusted to 5.0 and 5.4, respectively, before varying the pressure. In some cases they

completed the data by experiments at pH7.0.

For the tetrapeptide Gly–Gly–X—Ala, the pKa values were determined by NMR

spectroscopy.53 They are 3.9 for Asp, 4.3 for Glu, 10.3 for Tyr and 11.1 for Lys. The

pKa value of the C-terminal carboxyl group is approximately 3.3 and varies slightly

when the amino acid in position X is exchanged.53 Since only the pKa values of the

side chains of Glu and His are close to pH 5.0 and 5.4 used in their experiments61,

specific pH effects could only be expected for these two residues.

The chemical shifts usually can be represented as a linear function of pressure for

the random-coil peptides, only for a few examples significant deviations from lin-

earity can be observed (Fig. 4), which are the backbone amide proton resonance of

glutamate and the side-chain NH – resonance He1 of tryptophan. However, for a

complete description of the data, the dependence of the chemical shifts d on the
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pressure p was fitted by Arnold et al.61 with two models, with the linear relationship

d ¼ do þ dDpðp� poÞ (3)

and a second-order polynomial

d ¼ do þ d0Dpðp� poÞ þ dD2pðp� poÞ2 (4)

Here d0 is the chemical shift at atmospheric pressure p0 ¼ 0.1MPa, dDp the linear

pressure coefficient, and d0Dp and d0D2p the first- and second-order pressure coeffi-

cients. The chemical shifts d0 at atmospheric pressure and the linear pressure co-

efficients dD obtained from a regression analysis are listed in Tables 2 and 3 for all

proton resonances of the 20 common amino acids X. In addition, the first- and

second-order coefficients defined in Eqs. (3) and (4) are summarized for the back-

bone amide resonances in Table 2.

In general, the largest pressure-dependent shift changes are observed for the

backbone amide protons (see Table 2). The mean linear pressure coefficient hdHN
Dp i

for the backbone amide resonances is 0.38 ppm/GPa with a root mean square

deviation of 0.20 ppm/GPa. The mean value is close to the values observed in

proteins. The spread in pressure coefficients is clearly larger in proteins than in the
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Fig. 4. Pressure dependence of chemical shifts of selected tetrapeptides Gly–Gly–X–Ala.
The chemical shifts, d (ppm), are plotted as function of the pressure p (MPa) at different pH
values. The amino acid X is Cys (a), Asp (b), Glu (c), and Trp (d). Measurements were
performed at pH 5.0 (x), pH 5.4 (+), and pH 7.0 (*). (After ref 61.)

186 WERNER KREMER



Table 2. Chemical shifts and pressure coefficients of the amide and Ha-protons of amino acid X in Gly–Gly–X–Ala at 305K in aqueous

solution at pH 5.4

X3 First-Order Model Second-Order Model First-Order Model

dHN
0 (ppm) dHN

Dp (ppm/GPa) dHN
0 (ppm) d

0HN
D2p (ppm/GPa) dHN

D2p (ppm GPa�2) dHa
0 (ppm) dHa

Dp (ppm)

Ala 8.283 0.537 70.018 8.281 0.63 �0.44 4.326 �0.080 70.024

Arg 8.376 0.338 70.006 8.376 0.35 �0.06 4.361 �0.077 70.006

Asn 8.503 0.307 70.018 8.504 0.26 0.34 4.720 �0.046 70.006

Asp 8.418 0.323 70.006 8.419 0.29 0.18 4.634 0.026 70.006

Cys 8.070 0.781 70.024 8.409 0.38 0.010 4.565 0.010 70.006

Gln 8.440 0.335 70.012 8.440 0.33 0.05 4.349 �0.068 70.006

Glu 8.522 �0.026 +0.024 8.521 �0.15 0.53 4.293 0.110 70.012

Glumet 8.714 0.300 +0.006 8.709 0.53 �0.98

Gly 8.403 0.133 70.006 8.403 0.12 0.05 3.959 0.060 70.012

His 8.367 0.502 70.018 8.364 0.60 �0.51 4.713 �0.020 70.006

Ile 8.204 0.501 70.024 8.200 0.63 �0.66 4.189 �0.058 70.036

Leu 8.319 0.436 70.030 8.317 0.53 �0.47 4.345 �0.088 70.006

Lys 8.403 0.337 70.018 8.403 0.36 �0.25 4.301 �0.075 70.006

Met 8.428 0.383 70.018 8.426 0.45 �0.34 4.479 �0.089 70.012

Phe 8.301 0.489 70.018 8.301 0.47 0.10 4.614 �0.042 70.006

Procis 4.568 0.024 70.006

Protrans 4.416 �0.007 70.006

Ser 8.356 0.396 70.006 8.352 0.48 �0.34 4.495 0.010 70.006

Thr 8.251 0.633 70.018 8.249 0.72 �0.44 4.353 0.016 70.006

Trp 8.181 0.457 70.018 8.178 0.57 �0.57 4.652 �0.068 70.006

Tyr 8.194 0.336 70.006 8.193 0.38 �0.20 4.590 �0.011 70.006

Val 8.191 0.517 70.018 8.189 0.61 �0.45 4.146 �0.035 70.006

Glumet are the chemical shifts and pressure coefficients taken from the amide protons of Gly–Gly–Glu–Ala methyl. (Modified after ref. 62.)
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Table 3. Chemical shifts and pressure coefficients of the side-chain protons of amino acid X

in Gly–Gly–X–Ala at 305K in aqueous solution at pH 5.4. (After ref. 62.)

X3 Atom Atom

d0 (ppm) dDp (ppm/Gpa) d0 (ppm) dDp (ppm/GPa)

Ala Hb2 1.400 �0.031 70.012

Arg Hb2 1.885 �0.097 70.006 Hg2/g3 1.661 �0.083 70.006

Hb3 1.773 �0.035 70.006 Hd2/d3 3.211 �0.082 70.006

He 7.236 �0.204 70.012

HZ11/Z12/Z21/Z22 6.680 �0.090 70.042

Asn Hb2 2.842 0.009 70.006 Hd21 7.573 0.214 70.012

Hb3 2.755 0.032 70.006 Hd22 6.966 0.417 70.006

Asp Hb2 2.729 0.128 70.006

Hb3 2.592 0.089 70.006

Cys Hb2 2.977 �0.050 70.012

Hb3 2.926 0.014 70.042

Gln Hb2 2.124 �0.071 70.006 Hg2/g3 2.380 �0.032 70.006

Hb3 2.000 �0.023 70.006 He21 7.532 0.260 70.006

He22 6.929 0.395 70.012

Glu Hb2 2.086 �0.023 70.006 Hg2/g3 2.301 0.089 70.006

Hb3 1.949 �0.077 70.018

His Hb2 3.284 �0.025 70.006 Hd2 7.311 0.089 70.006

Hb3 3.210 0.006 70.006 He 8.546 0.243 70.018

Ile Hb 1.872 0.027 70.018 Hg12 1.458 �0.243 70.024

Hg13 1.190 �0.065 70.018

(Hg2)3 0.923 �0.058 70.006

(Hd1)3 0.870 �0.078 70.006

Leu Hg/b2/b3 1.624 �0.041 70.018 Hg/b2/b3 1.626 �0.041 70.018

(Hd1)3 0.931 �0.060 70.006

(Hd2)3 0.888 �0.061 70.006

Lys Hb2 1.845 �0.096 70.012 Hg2/g3 1.437 �0.174 70.030

Hb3 1.772 �0.075 70.012 Hd2/d3 1.688 �0.109 70.006

He2/e3 3.004 �0.073 70.006

(Hx)3 7.260 0.368 70.018

Met (He)3 H
b2 2.109 �0.058 70.006 (He)3 H

b2 2.109 �0.058 70.006

Hb3 2.013 �0.007 70.006 Hg2/g3 2.590 �0.079 70.006

Phe Hb2 3.121 �0.035 70.006 Hd1/d2 7.287 �0.029 70.006

Hb3 3.056 0.031 70.006 He1/e2 7.386 0.015 70.006

Hx 7.328 0.025 70.006

Procis Hb2 2.384 �0.056 70.006 Hg3 1.906 �0.103 70.006

Hb3/g2 2.188 �0.083 70.006 Hb3/g2 2.188 �0.083 70.006

Hd2/d3 3.558 �0.101 70.006

Protrans Hb2 2.266 �0.020 70.006 Hd2/d3 3.632 �0.077 70.006

Hb3/g2/g3 2.015 �0.082 70.006 Hb3/g2/g3 2.015 �0.082 70.006

Ser Hb2/b2 3.874 �0.024 70.006

Thr Hb 4.241 �0.003 70.006 (Hg2)3 1.213 �0.036 70.006

Trp Hb2 3.281 �0.047 70.012 Hd2 7.271 0.059 70.006

Hb3 3.268 0.026 70.006 He1 10.141 �0.071 70.012

(continued )
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random-coil peptides, which vary between the minimum value 0.0 ppm/GPa (Glu)

and 0.78 ppm/GPa (Cys). Whereas for amide protons in proteins in the average

downfield shifts are observed with increasing pressures, for the Ha-resonances usu-

ally upfield shifts are observed. In our random-coil peptides the average shift is

�0.025 ppm/GPa and ranges from �0.08 (Ala) to 0.11 ppm/GPa (Glu). Again the

average values in native proteins are close to that of the random-coil peptides but

the variation of the pressure coefficients is much larger.

For the side-chain resonances, Arnold et al.61 found rather small pressure-

induced shifts. The only exception are side-chain protons, which can be engaged in

hydrogen bonds and are part of polar or charged groups indicative for hydrogen

bonding to water. Interestingly, side-chain amide protons of Asn and Gln show

different pressure coefficients for their two stereospecifically different protons. The

pro-Z proton shows always a larger dependence on pressure (Table 2). In HPr from

S. carnosus some of the side-chain amide protons were stereospecifically assigned.

At 298K, the mean linear pressure coefficients are 0.27 and 0.53 ppm/GPa for the

pro-E and the pro-Z protons, respectively.65 The reason for this different behaviour

is not known but the random-coil data show that they are not due to specific

structural features of the HPr-protein. In most proteins the pressure-induced

changes of chemical shifts can be fitted well by a linear dependence, but there are

also exceptions where clearly nonlinear dependences were observed. They serve as

indicators for a conformational equilibrium shifted by pressure. In the random-coil

peptides the nonlinearities were vanishing for most of the residues showing that

larger deviations from the linearity do not occur in unstructured peptides. Only the

backbone amide of Glu and the side-chain NH of Trp showed some nonlinear

behaviour (Fig. 4). However, the quantitative analysis shows that the contribution

is very small (Tables 2 and 3). For glutamate the first-order coefficient is very small

independent of the pH. This is probably due to internal hydrogen bonds of the

carboxyl group to peptide amides. Indeed, the methylation of the C-terminal car-

boxyl group, which has a pKa-value of approximately 3.3 led to a disappearance of

the nonlinear pressure dependence indicating an interaction between the Glu 1HN

and the C-terminal Ala in the nonmethylated form (see Table 2).

Table 3. Continued

X3 Atom Atom

d0 (ppm) dDp (ppm/Gpa) d0 (ppm) dDp (ppm/GPa)

He3 7.654 �0.078 70.006

Hz2 7.179 �0.011 70.006

Hz3 7.515 0.021 70.006

HZ2 7.251 �0.006 70.006

Tyr Hb2 3.120 �0.050 70.006 Hd1/d2 7.146 �0.019 70.006

Hb3 2.915 0.033 70.006 He1/e2 6.849 0.000 70.006

Val Hb 2.114 �0.026 70.006 (Hg1)3 (H
g2)3 0.943 �0.068 70.006
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The peptide bond involving the imino group of a proline residue usually exists in

cis- and trans-conformations. In NMR spectroscopy, the two conformations can be

distinguished on the basis of their characteristic chemical shifts. From the integration

of their resonance lines the relative populations and hence the equilibrium constant

K ¼ [trans]/[cis] can be determined. At 0.1MPa and 305K, K ¼ 3.38170.008. In-

creasing pressure leads to a higher population of the cis-isomer of the peptide bond.

From the dependence of K on the pressure p the change of the partial molar volume

DV0 can be calculated as �0.25mL/mol at 305K for the transition from the trans-

configuration to the cis-configuration (Fig. 5). A possible explanation for the effect

found is the breakage of two H-bonds, which are forming g-turns66 in the short

peptide GGPA between the carboxyl C and the amide N of the C-terminal alanine

and the second glycine but may also represent differences of the partial charges of the

peptide bond itself in the two isomers.

The pressure-dependent shifts in the model-peptides Gly–Gly–X–Ala are relatively

small as to be expected for nonstructured peptides but are characteristic for specific

atoms in a given amino acid. The largest shift changes are observed for protons of

groups involved in hydrogen bonding to water. The data presented here provide a

solid basis for the interpretation of pressure-induced chemical shift changes in pro-

teins and allow to separate specific effects as pressure-induced conformational

changes of the protein from unspecific effects caused by the pressure-dependent direct

interaction between the solvent molecules and solvent-exposed residues.

3.2. Pressure-stability of phospholipid bicelles: Measurement of residual dipolar

couplings

As pointed out before, the strongly restricted sample volume (usually o50mL) to-

gether with the low filling factor of the coil is a major problem in high-pressure NMR

spectroscopic studies of protein solutions. Thus, due to the relatively poor
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Fig. 5. Left: 1-D 1H spectra of the Ha protons of proline in the tetrapeptide GGPA. The
sample contained 5mM GGPA in 50mM Tris/HCl buffer (pH 7.0) and 0.1mM DSS in 99%
D2O. (Left) Part of 1D 1H-NMR spectra at various pressures showing the Ha signal of
proline in cis- and trans- conformation, respectively. The pressure was changed from 0.1 to
150MPa in steps of 50MPa at a temperature of 305K. (Right) The logarithm of the equi-
librium constant K (the ratio of the integrals of the signals of the trans- to the cis-conformer)
is plotted as function of pressure p. (After ref 35.)
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signal–to–noise ratio, the detection of NOESY spectra of sufficient quality for struc-

tural work is impossible, since the concentration of many protein solutions is limited

to values of 1–3mM. Residual dipolar couplings (RDCs) are used very often in NMR

spectroscopic protein structure determination.67–69 RDCs are capable of replacing

NOE information to a very high extent.70 In solutions of diamagnetic proteins, RDCs

are commonly induced by the addition of magnetically orienting media to the solu-

tions. Phospholipid bicelles are frequently used as orienting medium, e.g. in mixtures

of dimyristoylphosphatidylcholine (DMPC) and dihexanoylphosphatidylcholine

(DHPC). Brunner et al.71 investigated the pressure stability of this medium and dem-

onstrated the possibility to measure RDCs in high-pressure experiments.

Brunner et al.71 analyzed mixtures, which finally contained DMPC, DHPC, and

CTAB in a molar ratio of q :1 : 0.1(3rqr3.5). The total lipid concentration

(DMPC+DHPC) of the thus prepared stock solution was 15 wt.–%. They moni-

tored the pressure stability of DMPC/DHPC bicelles by measuring the 2H NMR

signals of D2O added to the solutions. They measured the quadrupole splitting D for a

mixture with q ¼ 3.3 as a function of pressure at various temperatures. The result of

this measurement is summarized in Fig. 6. To evaluate the pressure stability of bicelles,

they defined the ‘decay pressure’, p1/2, at which the 2H NMR doublet splitting,

D, drops down to 1/2 of its initial value (see Fig. 6B). It is remarkable that the pressure

stability of the bicelles strongly increases with the temperature. For T4335K, the

oriented phase remains stable up to ca. 200MPa. Brunnet et al.71 noted that

the bicelles were extremely temperature-stable (up to ca. 375K, the maximum tem-

perature applied in their experiments). The most likely reason for the extraordinarily

high-temperature stability of DMPC/DHPC bicelles observed in their experiments is

the addition of CTAB to the solutions. In order to demonstrate the feasibility of

measuring RDCs under high pressure, 1H-coupled 1H–15N HSQC experiments of

TmCsp in a bicellar solution were performed.71 Fig. 7A and B show a selected region

of the 1H-coupled 1H–15N HSQC spectrum of 1mM TmCsp in isotropic and bicellar

solution, respectively, measured at 336K and a pressure of 150MPa. The residual
1H–15N dipolar couplings are the difference between the effective coupling constants

observed in isotropic and bicellar solution. The presence and long-term stability of

magnetically oriented phospholipid bicelles were detected by 2H NMR spectroscopy

before and after the acquisition of the HSQC spectrum. The doublet splitting, D,

remained constant within the experimental error. The common phospholipid bicelle

are highly pressure-stable especially at elevated temperatures. This allows to make use

of RDCs for the study of structural changes induced by high pressure in proteins.

Since NOEs are usually difficult to observe in high-pressure NMR spectroscopy, the

measurement of the RDCs can provide an independent source of direct quantitative

structural information.

3.3. Pressure-stabilized functional important conformers

In general, protein function involves fluctuations of the protein structure, which can

be probed by high-pressure NMR spectroscopy. Chemical shifts have been used in a
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number of proteins to report conformational changes under pressure. A reversible

change of chemical shifts with pressure was found in apomyoglobin,72 a-lactalbu-

min,73 b-lactoglobulin,74 BPTI,59,75–77 DHFR,78,79 gurmarin,80 HPr,66,81,82 the

immunoglobulin-binding domain of protein G60, lysozyme,83–85 melittin a-helix,86

P13MTCP1,87 prion,43,45,46 RalGDS–RBD,88 the RalGDS–RBD–Rap1A complex89

and ubiquitin.90–92 As an example for a typical 2-D NMR spectrum see the 1H–15N

HSQC spectrum of Ral-GDS (Fig. 8). Each amino acid residue gives a cross-peak at

a specific position (chemical shift) (Fig. 8). The response of the protein to pressure is

detected as continuous shifts of individual cross-peaks (or 1H,-15N, or 13C signals)

(see Fig. 8). Microscopic effects of pressure include compression of hydrophobic

core,83 hydrogen bond shortening,59,60,75 change of torsion angles,75 compression of

the vicinity of cavities84 and effects on protein dynamics.76,93 The amide 1H shift is

Fig. 6. (A) 2H NMR doublet splitting, D, as a function of pressure, p, observed for D2O in a
mixture containing 9 wt.-% DMPC/DHPC bicelles (q ¼ 3.3, CTAB-doped) measured at
various temperatures. (B) ‘Decay pressure,’ p1/2, at which the 2H NMR doublet splitting, D,
drops down to 1/2 of its initial value as a function of temperature for 5 wt.-% (filled circles)
and 9 wt.-% (filled squares) total lipid concentration. (After ref. 71.)
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mainly determined by the magnetic anisotropy from neighboring peptide groups and

is closely correlated with the hydrogen-bonding state of the NH group.59,60,75–77 The
15N-pressure shift depends on changes in the local electronic environment, and gives a

qualitative measure of fluctuation in torsion angles j, c and w.76 The magnitude of

the shift reflects the extent of the change in the average conformation at each site. The

magnitude of the pressure-induced chemical shift in Fig. 8 may be used as a qual-

itative measure of the conformational fluctuation at that site.88 In BPTI,59,75–77

gurmarin,80 and the immunoglobulin-binding domain of protein G60 as well as in

simple helical peptides,86,94 the 1H and 15N chemical shifts of most amide groups are

surprisingly linear with pressure. The strong linear behaviour of the chemical shift is

known from peptide studies described above.61 The observation of a linear depend-

ence of 1H and 15N chemical shifts on pressure indicates that no structural transition

occurs and the experiment monitors relatively simple compression within the folded

state. In contrast, many proteins show nonlinear pressure shifts of the amide 1H and
15N chemical shifts, including apomyoglobin,72 a-lactalbumin,73 b-lactoglobulin,74

DHFR,78,79 HPr,65,82 P13MTCP1,87 RalGDS-RBD,88 the RalGDS–RBDRap1 A

complex,89 prion43,45,46 and ubiquitin,90–92 including a part of lysozyme.83,84 The

nonlinearity can only be explained by shifting low-lying excited states with a nonzero

volume change to the more compact state of the solute–solvent system with increas-

ing pressure18–20 (Fig. 1B). As Akasaka and Li18 pointed out, the extent of nonlin-

earity as a sum over all the amide residues of a protein is strongly correlated with the

density of the cavities within the interior of the protein; the larger the density of

cavities in a protein, the larger the nonlinearity of chemical shifts for the protein.18

Low-lying excited states seem to be associated with hydration of water-accessible

cavities. Many of these proteins even undergo local unfolding at higher pressures in

Fig. 7. Selected region from the 1H-coupled 1H–15N HSQC spectrum of 1mM TmCsp in
isotropic solution (A) and in a solution containing 5 wt.-% DMPC/DHPC bicelles (q ¼ 3.0,
CTAB-doped) measured at 336K and a pressure of 150MPa. The effective 1H–15N coupling
constant giving rise to the doublet splitting in indirect spectral dimension (d1) is given to-
gether with the assignment of the signals. (After ref 71.)
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regions close to the cavities. Currently it is discussed that these low-lying excited

states and the associated conformational dynamics are closely correlated with the

functions of these proteins.

Such structural or shape fluctuations can be probed by a quantitative analysis of

the pressure-dependent NMR spectral changes. Changes in NOE intensities were

observed in most side-chain protons of hen lysozyme83 and BPTI59,75–77 at

200MPa, indicating rearrangements in side-chain packing through nonoptimized

packing density or changes in tertiary structure under pressure. Williamson et al.85

found indications in hen egg white lysozyme (HEWL) that the a-helical domain is

compressed by approximately 1% at 200MPa, as a result of tighter packing of

helices. On the other hand, the b-domain undergoes both expansion and compres-

sion, resulting in almost no overall compression. One finding is that fluctuations are

larger around water-containing cavities. It seems that the observed fluctuations are

coupled with water molecules penetrating into and out of cavities and are evolu-

tionarily designed to facilitate diffusion-controlled reactions like substrate binding

and/or product dissociation.

It has been shown that a number of proteins such as apomyoglobin,72 a-lactalbu-

min,73 b-lactoglobulin,74 DHFR,78,79 P13MTCP1,87 prion,43,45,46 RalGDS–RDB88 and

ubiquitin,90–92 are unfolding within 200–400MPa. Some of them start to partial

Fig. 8. Pressure effects observable in 1H–15N HSQC spectra of RalGDS–RBD (residues
11–97). Data were recorded at 297K and various pressures. (a) Overview plot showing the
backbone and side-chain amide cross-peaks at 3MPa (30 bar, blue), 100MPa (1000 bar,
green), and 200MPa (2000 bar, red). (b) and (c) Close up views of a selected region of the
1H–15N HSQC spectra recorded at 100MPa (1000 bar, b) and 200MPa (2000 bar, c). The
cross-peaks corresponding to the native structure are labelled by blue dots. (After ref. 89.)
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unfold43,46,74,78,88,89 producing a variety of intermediately folded conformers, which

include locally unfolded conformers, the so-called ‘molten globule (MG),’ and totally

unfolded conformers. Such a local unfolding is normally detected by the appearance

of two separate groups of cross-peaks in 2-D NMR spectra (as for RalGDS–RBD, see

Fig. 8). Whether the conformational change involves unfolding, can be judged from

the chemical shift position of the cross-peaks after the conformational change (Fig. 8).

As seen in the case of RalGDS–RBD (see Fig. 8), the relative intensities of each pair of

the cross-peaks allow us to calculate an equilibrium constant (and DG) at individual

amino acid sites as a function of pressure, and the stability difference (DG0) and the

volume difference (DV0) between the two conformers are obtained at 0.1MPa.

In apomyoglobin in the pressure range from 3 to 300MPa,72 the equilibrium is

shifted from N (native) to I (intermediate), from I to MG, and from MG to U

(unfolded) in sequence, as the pressure is increased. This means that the partial molar

volume V of apomyoglobin decreases in the following order: N4I4MG4U. This

order coincides with the decreasing order of the tertiary structure (‘‘conformational

order’’) of apomyoglobin.72 In various other globular proteins examined at or below

physiological temperatures, there is a parallel between the partial molar volume V of

a protein and its conformational order, suggesting that this correlation is common to

globular proteins. Akasaka and coworkers have put this into a theorem: The partial

molar volume of a protein decreases in parallel with the decrease in its conformat-

ional order72 ( for review see refs. 18,19,21).

As pointed out before, any equilibrium in a population of conformers of proteins,

including low-lying excited states, connected with a nonzero volume change will be

shifted toward the more compact state by the application of hydrostatic pressure.

Such low-lying excited states have been found by high-pressure NMR in a number

of proteins having important cellular functions, such as apomyoglobin,72 a-lact-

albumin,73 b-lactoglobulin,74 DHFR,78,79 HPr,65,95 prion,43,45,46 RalGDSRBD,88,89

P13MTCP188 and ubiquitin.90–92 We will discuss in the following these intermediate

conformers, which are apparently designed by nature for functional purposes.

Kitahara et al.78,79 were investigating dihydrofolate reductase (DHFR), which

catalyses a reduction of dihydrofolate to tetrahydrofolate with the aid of a cofactor

NADPH. In the folate-bound form of DHFR from Escherichia coli, they observed

only one cross-peak for each amino acid in the 15N–1H 2-D NMR spectrum at

0.1MPa; but with increasing pressure, some of them split into two cross-peaks. The

new cross-peaks increase as the old ones decrease in intensity with increasing pres-

sure. Kitahara, et al.78 showed that two conformers coexist at all pressures and that

the population of the rare conformer increases to �50% at 200MPa. They con-

cluded that the rare conformer has a smaller partial molar volume than the first

(DV0 ¼ �25mL/mol at 151C) and predicted the population of the rare conformer

at 0.1MPa to be �11%. The difference in the two conformers is visible in the hinge

parts of the M20 loop, the C-helix, and the F-helix, surrounding the cofactor-

binding pocket. They concluded from linewidth analysis that the folate-bound

DHFR undergoes a hinge motion between the ‘‘closed’’ and ‘‘open’’ forms of the

NADPH-binding pocket at a rate of o20/s. The fluctuation of the M20 loop to the

open conformer seemed to be necessary for the cofactor NADPH to bind.
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In a separate NMRmeasurement at ambient pressure, Kitahara et al.78 could show

the presence of signals of the open conformer nearly at the expected population of

(�13% compared to �11%) at positions of predicted chemical shifts. The open or

ligand awaiting conformation is actually sampled by the proteins under native con-

dition, which would be a kind of trigger conformation for an enzyme to bind a

substrate, a cofactor, or an allosteric effector. Since the open conformers are meant to

be minor, as they are more prone to ligand binding than the closed conformers, these

open conformers in various enzymes can be stably trapped and structurally char-

acterized under pressure.

Another example where an open conformer was found at high pressure is bovine

b-lactoglobulin,74 which binds a fatty acid within the central cavity.96,97 Kuwata

et al.74 analysed the pressure dependencies of 1H and 15N chemical shifts and cross-

peak intensities between 3 and 200MPa. Some 1H–15N cross-peaks were found to be

lost with increasing pressure, showing local conformational disorder. The analysis of

the cross-peak intensities as a function of pressure suggests large-amplitude confor-

mational fluctuations in the protein, represented by disorder in either side of the

b-barrel.74 These include the hydrophobic core side (bF–bH) and the noncore side

(bB–bE) and are producing intermediates I1 and I2.
74 The intermediates represent

higher-energy conformers with DG0 ¼ 6.572.0 and 4.671.3 kcal/mol (27.278.4 and

19.375.4 kJ/mol) and DV0 ¼ �90.0735.2 and �57.4714.4mL/mol.74 The analysis

of high-pressure NMR measurements revealed that b-lactoglobulin has large-ampli-

tude fluctuations leading to intermediates I1 and I2 with partially disordered barrel

structures. Such intermediates could be necessary for the interaction with small

hydrophobic ligands such as palmitic acid, which has to enter into the central cavity

of the b-barrel.74

In the case of ubiquitin, Kitahara et al.90,91 used 1H–15N 2D NMR spectroscopy

at elevated pressures from 0.1 to 370MPa and found that it fluctuates between four

major conformers (N1, N2, I and U) at pH 4.5 at 01C.91 From the analysis of

chemical shifts and cross-peak intensities as a function of pressure, they calculated

that the partial molar volume decreases in the following way: N14N24I4U (DV

of �24, �58 and �27mL/mol, for each step), and that the C-terminal domain close

to the C-terminal reactive site is partially disordered in the conformer N2 and fully

disordered in the conformer I.

An elegant alternative to investigating multiple misfolding pathways of the pro-

teins involved in neurodegenerative diseases with denaturing agents is applying

hydrostatic pressure, which allows studying intermediate forms in the folding

pathway different from those obtained by denaturing agents. As one example the

prion protein can be viewed. According to the ‘protein only’ hypothesis, prions as

causative agents of TSEs in humans and animals are principally composed of the

infectious isomer, PrPSc, of the cellular prion protein, PrPc. The conversion and

thus the propensity of PrPc to adopt alternative folds leads to the species-specific

propagation of the disease. Therefore, knowledge about the structure of the me-

tastable intermediates of PrPc and the conformational equilibrium that is involved

are critical for understanding the underlying mechanism. Kuwata et al.43 carried

out 1H–15N 2D NMR measurements under variable pressure and temperature on
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Syrian hamster prion protein shaPrP(90–231), and found a metastable intermediate

conformer of PrPc(PrPI) in which helices B and C are preferentially disordered.

They found that the intermediate PrPI coexists with normal PrPc at a population of

�1% under a closely physiological condition (pH 5.2 and 301C). Kremer et al.46

investigated the pressure dependence of two isoforms of the human prion protein.

They had to carry out 1H–15N TROSY experiments developed for high-molecular-

weight proteins,98–101 suggesting that an aggregating mechanism was leading to very

broad NMR signals. A thorough analysis of the data led them to conclude at least

for the human prion protein a two-step behaviour for the interconversion between

the cellular form and the intermediate form. One process on the fast timescale could

be detected, which clustered to the residues in the core of the helices II and III, and

a slow exchange process leading to the disappearance of the signals involving the

loop between strand b1 and helix a1 (Fig. 9). They found that the fast process was

conferred to a DG0 of about 3.2 kJ/mol and the slow process to a DG0 of 14.2 kJ/mol

leading to the suggestion of the following folding funnel for the human protein

(Fig. 10).

Pressure is known as the method of choice to dissociate dimers, tetramers and

oligomers into monomers.1,41,102 Recently, Foguel and Silva41 discussed pressure

results on the amyloidogenic proteins TTR, ataxin, a-synuclein and the prion pro-

tein. They concluded that stable intermediates can be achieved by utilizing appro-

priate pressure and temperature conditions. In combination with high-resolution

multidimensional NMR spectroscopy such intermediates can be characterized in

atomic detail. Tachibana and coworkers103,104 showed for the disulphide-deficient

lysozyme variant (0SS) that an amyloid-like fibril assembled at ambient pressure

can be dissociated through elevated pressure. 0SS is unfolded in the absence of

denaturant and forms a soluble assembly with a sedimentation coefficient of 17 S

and high amount of intermolecular b-sheet structure.104 They showed that this

material spontaneously forms amyloid-like fibrils and that pressure can dissociate

the 17 S assembly of 0SS, leading to a monomeric intermediate observable by NMR

spectroscopy.104

Pressure-jump studies were carried out to characterize the kinetics of the fol-

ding–unfolding processes in proteins with a whole number of different spec-

troscopic methods105,106 (for review see 107 and 108). In case of the small protein

p13MTCP1, Kitahara et al.87 were able to report a real-time observation of pressure-

jump unfolding kinetics by 2D1H–15N NMR spectroscopy due to its very long

relaxation times at high pressure revealed by fluorescence studies. Within the dead-

time (50min for 2-D NMR87) after the pressure jump to 300MPa, a series of
15N –1H HSQC spectra of unfolding of p13MTCP1 was measured with a midpoint of

70min accumulation time while the native conformer changed to that of alternate

folded conformers. In a separate equilibrium high-pressure NMR experiment,

Kitahara et al.87 could show that the conformers observed in the pressure-jump

kinetic experiments were identical to the conformers found in equilibrium at this

pressure. In addition, Kitahara and Akasaka91 could demonstrate for ubiquitin the

close identity of a pressure-stabilized folding intermediate with a kinetic interme-

diate found in a pulse-labeling 1H–2H exchange NMR study.
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3.4. Protein structures under pressure

A prerequisite for structural work on proteins is the detection of NOESY spectra of

sufficient quality. In high-pressure NMR spectroscopy, a protein concentration up

to 10mM is necessary for high-quality NOESY spectra due to the restricted volume

in the high-pressure glass cell. For ubiquitin, a small and highly water-soluble

protein up to 10mM, Kitahara et al.92 were able to determine high-resolution NMR

structures at 3 and at 300MPa. They were able to pinpoint down the structural

changes resulting from the conformational fluctuations already characterized

Fig. 9. Ribbon representation of the NMR structure of the human prion protein isoform
huPrP(121–230) (taken from PDB 1QM2). Residues conferring to the fast process with molar
free energy values at ambient pressure (DG0) of about 3.2 kJ/mol are coloured blue (A) and
residues involved in the slow process with molar free energy values at ambient pressure (DG0)
of about 14.2 kJ/mol coloured orange and red (B). Residues with very low-pressure stability
(DG0 lower than the mean value plus one standard deviation) are coloured red. Cavities were
calculated using a probe radius of 0.12 nm. (After ref 46.)

Fig. 10. Schematic representation of the energy landscape of folding for the human prion
protein isoform huPrP(121–230) as revealed by results from 1H–15N TROSY spectra at
elevated pressures. (After ref. 46.)
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before.91 In Fig. 11, A�E, a ribbon diagram and a surface representation of the two

structures (PDB-code: 3MPa, 1V80; 300MPa, 1V81) is shown. These structures

represent NMR snapshots of the fluctuating ubiquitin structure. Kitahara et al.92

concluded from the comparative structural analysis of ubiquitin at the two pres-

sures that there is substantial change in one localized region of the protein involving

the C-terminal segment from residues 70–76, the entire helix from residues 23–34,

and the connected loop region from residues 35–40. This change in surface area of

the protein is accompanied with a partial opening/closing of the core and increased/

decreased hydration.92

A

B C

D E

Fig. 11. NMR snapshots of fluctuating ubiquitin. Ribbon representation of the NMR
structures of ubiquitin at 3MPa (B, black taken from PDB 1V80) and 300MPa (C, red taken
from PDB 1V81) and a superposition of the two structures (A). (D) and (E), Molecular
surface representation of the two structures with the ribbon representation superimposed.
Cavities (B, C) and surfaces (D, E) were calculated using a probe radius of 0.12 nm. (Mod-
ified after ref. 92.)
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4. CONCLUSIONS

The conformational space of a protein is determined by the variables temperature

and pressure. The pressure sensitivity of proteins derives from evolutionary-induced

cavities or packing defects. In addition, protein aggregates like fibrils are sensitive

to pressure and show packing defects as well. Applying high hydrostatic pressures

allows to dissolve these aggregates and stabilize a preamyloidogenic conformation,

whose structure may be determined through distance restraints derived from NOEs

and RDCs. In summary, we can state that the combination of high hydrostatic

pressure and high-resolution multidimensional NMR spectroscopy allows to make

atomic resolution as a standard practice in high-pressure biochemistry. This pro-

mises to contribute enormously to our knowledge of protein folding and misfolding

as well as of protein structure and conformational fluctuations in the biologically

relevant conformational space.
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52. A. Bundi and K. Wüthrich, Biopolymers, 1979, 18, 299–311.
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This chapter summarizes the recent developments in both convention and hyper-

polarized (HP) xenon NMR experiments. Xenon NMR has been used in a growing

number of spectroscopy and imaging approaches to physical, chemical, and bio-

logical problems. Because of its sensitivity to chemical environment, its inertness,

and now the ability to create high polarization through optical pumping xenon has

become an extremely useful NMR nucleus to probe an enormous range of ma-

terials. Increasingly, we find that unusual materials are being examined with xenon

NMR. In addition, more powerful computational methods are now available,

making the calculation of xenon chemical shifts possible under a variety of ex-

perimentally simulated situations. Approximately half of the papers published over

the past 7 years now involve the use of HP xenon because of the dramatic en-

hancement in sensitivity it affords, and because the optical pumping technology has

become more routine. This advance has given rise to a significant increase in the

papers that describe the use of 2D methods for xenon NMR as well as static and
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even dynamic imaging. Some of the rather exotic new methods that have been

proposed recently promise to enhance the sensitivity and applicability of xenon

NMR experiments well into the future.

1. INTRODUCTION

Xenon NMR spectroscopy has evolved in status over the past two decades from

exotic to routine such that it is now used to provide detailed information for an

enormous variety of applications. Thus, xenon NMR has become a useful and

complementary experiment for the investigation of a large range of materials as will

be seen below. Also evident is the growing emphasis on the development and use of

hyperpolarized (HP) xenon experiments that can provide much enhanced sensitiv-

ity. These experiments have therefore greatly enhanced the utility of xenon NMR

studies, and exciting new developments promise even more advances to come.

This chapter follows a number of excellent reviews, some comprehensive1–4 and

others more focused5–14 on the subject of xenon NMR spectroscopy. I have chosen

to focus this review primarily on the most recent and exciting developments (in my

own opinion) during the period 1998 to the present as the previous xenon work has

been reviewed comprehensively by Ratcliffe in volume 36 of the Annual Reports on

NMR Spectroscopy.4 Thus, results from approximately 100 papers are described

from the over 500 that have been published on Xe NMR during the past 7 years.

References are made to many other papers, although not all that have appeared

since 1998 due to time and space considerations. I apologize to those authors whose

work was not featured in this review.

A number of superb and recent reviews describe xenon NMR studies in an

increasingly diverse set of applications. The ability to study biological systems has

resulted in a variety of new applications for xenon NMR, and these have been

summarized in reviews by Cherubini and Bifone,15 Goodson,16 and Oros and

Shah.17 Pietrass18,19 has reviewed xenon optical pumping methodologies, the in-

teraction of HP xenon with surfaces and described the various methods used for

polarization transfer. Brunner20,21 described the literature on polarization transfer

from xenon to surfaces and biological systems, as well as the applications of con-

tinuous-flow xenon NMR experiments enabled by high-powered laser-diode-based

optical pumping systems. Springuel-Huet et al.14 and Bonardet et al.22 have re-

viewed the extensive literature on xenon’s interaction with microporous solids, in-

cluding zeolites. As a result, some topics have received much attention in other

reviews, such as the conventional studies of xenon in porous materials (Section 2.5),

or the recent work on HP xenon in biomedical applications17 (Sections 3.5 and 3.6)

and thus are not a large focus of the present review. Instead, a significant focus of

this review is the development of new methodologies, and thus several experimental

apparatuses are described for obtaining new xenon NMR data along with the

description of new xenon experiments and the characterization of new materials.

Thermal and HP xenon studies are separated in this review in part because the

methodology is different.
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The important NMR-related properties of xenon have been discussed and are

quite well known. First of all, xenon’s inertness allows it to act as a superb probe of

its chemical environment. However, this also leads to an averaging of its chemical

shift in many situations. Perhaps most important to NMR spectroscopy is the

relatively high sensitivity of xenon, both in terms of its natural abundance (26.4%

for 129Xe and 21.2% for 131Xe), its relatively high detectivity (for 129Xe it is ap-

proximately 2% that for 1H, or 30 times that of 13C), and particularly its enormous

chemical shift range of over 7500 ppm. The 129Xe and 131Xe resonance frequencies

are 27.66 and 8.199MHz at 2.3488T (at which 1H resonates at 100MHz). The
131Xe quadrupole interaction is relatively strong, but because of xenon’s inertness, it

is normally averaged significantly.

As a result of these favorable NMR properties, xenon has been utilized in a wide

range of studies, especially as a probe of its host’s structure such as in microporous

materials and other chemical environments. As should be evident from the discus-

sion below, applications to new materials are appearing every year. In addition, the

much higher sensitivity that optical pumping provides has increased the capabilities

of xenon NMR significantly. As a result, new studies to investigate biological

materials and to carry out diffusion and imaging studies have appeared. These

developments, along with a variety of interesting new methods are described at the

end of the review.

2. CONVENTIONAL XENON NMR STUDIES

2.1. New studies of bulk xenon

One of the earliest properties of xenon studied by NMR was the gas-phase relax-

ation, which had been investigated in a detail as early as 1961.23 Xenon was ob-

served to have a T1 relaxation time that is inversely dependent on the pressure,

indicating the presence of a strong spin-rotation interaction.24 Detailed studies of

xenon relaxation in the presence of paramagnetic gases has been studied in detail by

the Jamesons.25

The gas-phase relaxation in pure xenon was recently reinvestigated by Mo-

udrakovski et al.26 Samples were prepared using heavy-walled Pyrex glass tubing

and in some cases included either enriched 129Xe or Rb for optical pumping ex-

periments at lower pressures. Three methods were used to measure the T1 values:

standard saturation recovery, field cycling into low magnetic field for long samples

at high pressure followed by small-angle pulsing, and optical pumping followed by

small-angle pulsing. Results from this detailed study showed linear relaxation be-

havior as a function of pressure above 20 amagat (1 amagat ¼ density of xenon at

1 atm and 298K) in accordance with recent high-pressure measurements,27 but

below 20 amagat, the behavior was nonlinear, with a minimum relaxation rate of

approximately 10�4 s�1 measured at 3 amagat (see Fig. 1). Interactions with the

walls increased the relaxation rate at low pressures. A small factor that was not

included was the possibility of further relaxation by Rb atoms present in the
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optically pumped samples. No effect on the relaxation rate was observed due to the

presence of xenon-131. A field-dependent relaxation effect was observed, and at-

tributed to the modulation of the chemical shift during xenon–xenon collisions.

Also, two opposing temperature dependences were observed, one that was field

dependent and the other field independent. The authors found they could account

for the temperature-dependent spin-rotation interaction as the major contributor to

the relaxation.

The xenon chemical shift has been studied in detail, in all the pure phases of

xenon. For example, the pressure-dependent chemical shift of gas-phase xenon was

first described in terms of a virial expansion by Jameson et al.28 The extreme

sensitivity of the xenon chemical shift has often provided the basis for the numerous

studies reported in the literature, especially for xenon interacting with materials.

However, in terms of pure xenon, to date, few studies have focused on supercritical

xenon. Recent studies by Baumer et al.29 focused on the measurement of the xenon

chemical shift in the supercritical state using thermally polarized xenon. The chem-

ical shift was measured at xenon pressures up to 440 amagat and reported to have a

reasonably strong nonlinear dependence on pressure, with deviations from linearity

as much as 30 ppm at 300 amagat. Up to 100 amagat, the results follow those

obtained by Jameson et al.28 Above that density, a five-parameter fit was used

to match the data, which gave two inflection points. The first is likely due to

three-body interactions, while the second inflection point might be due to wall

Fig. 1. Density dependence of 129Xe relaxation rate at 295K in a magnetic field of 9.4 T.
The inset shows for comparison the experimental data from ref. 27 (298K, 1.2T). (Courtesy
of Igor Moudrakovski. Reprinted from ref. 26 with permission. Copyright 2001, American
Institute of Physics.)
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interactions. A description of the production and possible uses of HP supercritical

xenon30,31 are provided in Section 3.2 below.

2.2. Xenon in solution

Over the years, a number of studies have probed the interaction of xenon in nu-

merous liquid environments.5 The xenon chemical shift is known to vary widely

depending on the particular solvent. For example, the xenon chemical shift in

methanol is 148 ppm32 while in methyl iodide it is 333 ppm,33 with more typical

values around 180–220 ppm.5 The xenon chemical shift is very sensitive to its liquid

environment such that it can detect the difference between protonated and deute-

rated solvents, with changes of the order of 1–4 ppm seen for various solvents.34

Most liquid-phase studies involving xenon now probe other solute species, as de-

scribed below, however fundamental studies of xenon in various solvents are still

reported.35,36

The xenon relaxation mechanism in aqueous solution was examined in detail

recently and determined to result essentially from 1H–129Xe dipolar interactions, as

might be expected.37 The 1H–129Xe nuclear overhauser effect (NOE) interaction was

detected using a truncated-driven NOE pulse sequence involving a train of low-

power 40ms saturation pulses on the protons. Xe NMR was used to detect the

NOE effect. Cross-relaxation rates from protons to xenon were measured at a range

of xenon pressures, with essentially no pressure dependence detected. The cross-

relaxation rate was determined to be 3.270.3 � 10�3 s�1. This value is within a

factor of 2.5 of the cross-relaxation measurement by Pines and coworkers38 using

the spin-polarization-induced nuclear overhauser effect (SPINOE) effect and HP

xenon, even though they used benzene as a solvent. As a result of their measure-

ments, Dimitrov et al. conclude that dipolar interactions are responsible for the

xenon relaxation time in aqueous solution. Because of the low solubility of xenon in

H2O, the Xe–H cross-relaxation rate of the order of 10�6 s�1, since the total cross-

relaxation rates must be equal: SðS þ 1ÞNHsHXe ¼ IðI þ 1ÞNXesXeH. The low cross-

relaxation rate, combined with low-xenon solubility, are the leading factors that

make polarization transfer from xenon to other solutes challenging. Mazitov et al.39

investigated the effect of paramagnetic ions on xenon relaxation. They found that

the relaxation was driven by xenon coupling to the electron spin of the ion, and

depended greatly on ion mobility. Xenon did not interact directly with the ion, but

rather with the hydrated form.

Locci et al.40 describe a method to use xenon to monitor chemical transforma-

tions, which they describe as the ‘‘Spin-Spy’’ methodology. Xenon was added to a

solution of a- and b-D-glucose and the change in concentration of these species was

monitored via the Xe chemical shift as equilibrium concentrations of the inter-

converting sugars were reached over a period of 300min. The xenon chemical shift

difference in a 1M concentration of these two species is approximately 1.3 ppm.

Xenon’s interaction with liquid crystal environments has also been reported over

the past several years.41–43 This area was reviewed extensively by Jokisaari9 in 1994.
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In a recent paper Jokisaari and coworkers investigated the effect of long-range

attractive van der Waals (vdW) forces on the chemical shift anisotropy due to the

anisotropic medium of the liquid crystal.44

2.2.1. Xenon interacting with cage molecules

An interest in the interaction between xenon and other solutes has appeared in the

past several years. This is largely driven by the increased sensitivity of HP xenon,

although several of the studies reported involved thermally polarized xenon. Cage

molecules have the potential to trap significant amounts of xenon, and these systems

have been reported as possible methods for sensitivity detection of protein-ligand

binding45 or for xenon delivery to remote locations.46 Several studies of xenon in-

teracting with cryptophane-A cages were reported recently.47–51 A picture of xenon

interacting with the cryptophane-A cage is shown in Fig. 2. Reisse and coworkers50

first showed the possibility of using cryptophane-A as a cage molecule to trap

xenon in solution. Xenon exchange between solution and the cage is slow, and

the linewidth decreases with decreasing temperature as expected. The association

constant was estimated to be approximately 3 � 103M�1 at 278K. Brotin

et al.49 have synthesized deuterated cogeners of cryptophane-A, and carried out

variable mixing time xenon-exchange experiments. Xenon’s chemical shift is sensitive

to the degree of deuteration, a fact that the authors used to probe xenon-exchange

dynamics. The experiments showed that xenon had an exchange rate constant of

20–50 between the cages and solution, but direct exchange between cages was much

slower, indicating that cage-collision-induced xenon exchange was not important in

the dynamics. The authors have also studied cryptophanol hosts.52,53

Xenon was also successfully inserted into the interior of C60.
54 Incorporating 3He

into C60 is relatively easy to accomplish, and has been reported as early as 1994.55

Fig. 2. (Left) Structural formula of crytophane-A. (Right) Xenon in the hydrophobic
pocket of crytophane-A, shown as one possible conformation based on a CPK model.
(Courtesy of Connie Chung and the Pines group. Adapted from ref. 273 with permission.
Copyright 1999, American Chemical Society.)
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Synthesizing Xe@C60 has been much more difficult. This is primarily because of the

larger size of xenon, and the fact that xenon is harder to observe than 3He by NMR.

Careful HPLC separation, attention to avoid oxidation of the C60, and use of

enriched xenon allowed the collection of both xenon and 13C spectra indicating the

presence of Xe@C60. The measured 129Xe chemical shift, 179.2 ppm, is surprising

close to that of xenon dissolved in benzene.

A study of xenon binding to a synthetic receptor, cucurbituril was reported by

Haouaj et al.56,57 Xenon forms a 1:1 complex with the receptor and exchanges on

the millisecond timescale as evidenced by the xenon linewidths of 200–800Hz.

However, the linewidth of the bound xenon located at 122 ppm changes linearly

with xenon concentration while that of the unbound xenon shows random changes

in linewidth, indicating the exchange is more complex than a two-site model would

suggest, and may involve a xenon–xenon displacement. Proton resonance shifts

were used to determine the equilibrium constant, which was estimated to be ap-

proximately 200M�1 at 298K. This is an order of magnitude smaller than xenon’s

binding constant in cryptophane-A.

2.2.2. Xenon interactions with proteins

While there have been relatively few reports58,59 of xenon interacting with proteins

until recently, the possibility of using xenon as a probe of hydrophobic binding has

sparked the attention of researchers. Xenon’s interactions with metmyoglobin, hen

egg white lysozyme, and horse cytochrome c were probed in aqueous solution.60,61

The authors used a combination of xenon NMR and thermodynamic modeling to

obtain quantitative information on the xenon–protein interactions. An important

aspect of this work is the use of a three-state model described earlier by the same

group.62 Careful measurements over a range of pressure conditions and three con-

centrations of horse metmyoglobin solutions show small, but reproducible increases

in the chemical shift with increasing pressure. Xenon is in fast exchange with the

binding sites, the protein surface, and the aqueous solvent. Using an equilibrium

model, chemical shift values and the equilibrium constant were calculated, resulting

in chemical shift values for the bound xenon of approximately 150 ppm and an

equilibrium constant of 115–323M�1 depending on the concentration.

Gröger et al.63 have explored xenon interacting with a mutant of the phospho-

carrier protein from Staphylococcus carnosus using 1H–15N HSQC experiments.

Significant changes in the chemical shift values were observed for the mutant pro-

tein, especially those close to the engineered cavity. In contrast, the wild-type pro-

tein showed much smaller, nonspecific interactions when xenon was introduced into

solution.

2.3. Xenon compounds

A variety of new xenon compounds have been synthesized and characterized by
129Xe NMR as well as by NMR of the ligand species. The Seppelt group64–68 has

reported a number of new compounds, including several xenon–gold compounds.
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The first gold–xenon compound to have been discovered was the [AuXe4]
2+

[Sb2F11]2
�64 gold(II) complex, but other gold valence states exist, including gold(III)

and gold(I). The reaction of [(F3As)Au]+[SbF6]
� with xenon yields the complex

[(F3As)AuXe]+[Sb2F11]
�.65 129Xe NMR of this compound shows only a single peak

at room temperature because of rapid xenon exchange with the excess atomic xenon

in the HF/SbF5 solution. However, at �301C, the spectrum from the compound is

distinct and is broadened to approximately 0.5 ppm by coupling to both the

Au and As quadrupolar nuclei. A somewhat similar HgXe compound

[HgXe]2+[SbF6]
�[Sb2F11]

� was also synthesized, although no xenon spectrum

was obtained. A XeCl+ ion species was created by reacting [XeF]+[SbF6]
� with

SbCl5 to obtain the product [XeCl]+[Sb2F11]
�.67 The 129Xe NMR spectrum of this

species was over 100 ppm broad, and contained a splitting resulting from the very

large 35/37Cl quadrupole moment. The authors were also successful in forming a

XeTe-based compound [F5TeOXe)+ . SO2ClF][Sb(OTeF5)6
�].68

Gerkin and Schrobilgen69 describe experiments to synthesize the highly unstable

XeO4, which was prepared from [Na4][XeO6] and 100% sulfuric acid. 129Xe of this

compound was obtained for the first time in SO2ClF, HF, and BrF5, and the

chemical shift was 5195, 5202.7, and 5193.9 ppm, respectively, with respect to gas-

phase xenon. The 17O NMR spectra were also obtained. The authors have also

published a review of multinuclear NMR as it pertains to rare-gas compounds.70

Frohn and Bardin71 reported the synthesis of triflurovinylxenon(II), the first

example of an acyclic alkenylxenon(II) compound. A beautiful xenon spectrum,

consisting of eight resolved lines displayed in a doublet of doublets pattern with

couplings of 248, 146 and 30Hz, was obtained. Several other examples of alkyl-

xenon(II) compounds have also now been published by the authors.72,73 Frohn

et al.74 have also studied the detailed properties of [C6F5Xe]+ in [C6F5Xe][AsF6].

This material was very stable as shown by its decomposition temperatures

that exceed 1501C. Xenon chemical shifts were measured in several solvents. They

also synthesized a number of difluoroalk-1-enyl xenon salts by reacting XeF2 with

appropriate fluoroboranes.75 Naumann and coworkers76 have also succeeded in

preparing a series of alkynylxenon(II) fluorides, RC�CXeF (R ¼ Me, n-Bu, and

Ph). A 19F–13C HMBC experiment was used to prove the C–Xe–F structure.
19F–129Xe and 13C–129Xe 1J couplings of 4331 and 336Hz, respectively, were ob-

served. They also succeeded in synthesizing a xenon compound with two carbon

bonds, Xe(C6F5)2
77 and two amides, [Xe(2,6-F2C6H3)][N(SO2R)2] (R ¼ F, or

CF3).
78

Table 1 lists the NMR results on xenon compounds reported since 1998. This

table follows format established by the comprehensive table compiled by Ratcliffe4

covering compounds reported through 1997.

2.4. Xenon as a probe of materials

Xenon continues to be useful to study micro- and mesoporous materials, and this is

by far the largest area of application for xenon NMR studies. Variable pressure,
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Table 1. Xe NMR parameters for Xe compounds reported after 1998

Compound Solvent T (K) d(Xe) (ppm)a J(129Xe-L)(Hz)b Reference

L ¼ 19F L ¼ 13C, 14N, 15N,
17O, 125Te

[(F3As)AuXe]+[Sb2F11]
� HF/SbF5 298 �5180.7 65

[(F3As)AuXe]+[Sb2F11]
� HF/SbF5 243 �5149.9

[XeCl]+[Sb2F11]
� HF/SbF5 290 �551 67

[Xe(OTeF5)]
+ SO2ClF 193 �1413.66 68

Xe(OTeF5)2 SO2ClF 193 �2238

XeO4 SO2ClF 195 �92.9 69

XeO4 BrF5 223 �94.7

XeO4 HF 198 �85.8

XeO4 SO2ClF 231 �90.0

XeO4 SO2ClF 223 �90.8

XeO4 SO2ClF 213 �91.6

XeO4 SO2ClF 203 �92.5

XeO4 SO2ClF 195 �92.8c

XeO4 BrF5 223 �94.5c

XeO4 HF 198 �85.8c

XeO4 SO2ClF 231 8243172X

XeO4 SO2ClF 223 8243163X

XeO4 SO2ClF 213 8243158X

XeO4 SO2ClF 203 8243150X

XeO4 SO2ClF 195 8243148X

[C2F
1F2

transF
2
cisXe]+

[BF4]
�

HF 243 �3636.1 3J(F2
cis)/30

1J(C1)/131 71

3J(F2
trans)/146

2J(C2)/18
2J(F1)/248

C6F9Xe+/AsF6
� HF 263 1J(C1)/114

C2F
1F2

transF
2
cisXe+/BF4

� EtCN 233 �3510.6 3J(F2
cis)/27

3J(F2
trans)/136

2J(F1)/197

C2F
1F2

transF
2
cisXe+/BF4

� EtCN 203 3J(F2
cis)/28

3J(F2
trans)/136

2J(F1)/188

CF2 ¼ C(CF3)Xe+/BF4
� HF 213 �3856 3J(Xe,F2trans)/

144

72

3J(Xe,F2cis)/4

CF2 ¼ C(CF3)Xe+/BF4
� EtCN 213 �3741 3J(Xe,F2trans)/

139

CF2 ¼ CHXe+/BF4
� HF 213 �4059 3J(Xe,F2trans)/

155

2J/H 55

‘CF2 ¼ CclXe+/BF4
� HF 213 �3550 3J(Xe,F2trans)/

138
3J(Xe,F2cis)/8

CF3C� CXe+/BF4
� HF 213 �3636 73

CF3C� CXe+/BF4
� HF 243 �3645 �C� C�Xe�F

343

�C� C�Xe�F 2J/

69

C6F5Xe+/AsF6
� CH3CH2CN/

CD3CN

305 67.29 74

[C6F5Xe+/AsF6
� CH3CH2CN/

CD3CN

272 67.98

[C6F5Xe+/AsF6
� CH3CH2CN/

CD3CN

253 68.37

[C6F5Xe+/AsF6
� CH3CH2CN/

CD3CN

233 68.86

[C6F5Xe+/AsF6
� CH3CH2CN/

CD3CN

213 69.17

[C6F5Xe+/AsF6
� CH3CH2CN/

CD3CN

193 69.54

C6F5Xe+/AsF6
� H2O 308 3J/69.1

(continued)
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Table 1. Continued

Compound Solvent T (K) d(Xe) (ppm)a J(129Xe-L)(Hz)b Reference

L ¼ 19F L ¼ 13C, 14N, 15N,
17O, 125Te

C6F5Xe+/AsF6
� MeCN 308 3J/67.3

C6F5Xe+/AsF6
� TFE 273 3J/62.9

C6F5Xe+/AsF6
� SO2 273 3J/57.0

C6F5Xe+/AsF6
� H2O 297 �3862.3

C6F5Xe+/AsF6
� MeCN 297 �3826.2

C6F5Xe+/AsF6
� SO2 233 �3903.0

C6F5Xe+/AsF6
� AHF 263 �3967.5

CF2 ¼ CFXe+/AsF6
� HF 263 �3641 3J(Xe,F2trans)/

147

75

3J(Xe,F2cis)/31
2J(Xe,F1)/252

CF2 ¼ CFXe+ HF 243 1J/C1 131
2J/C2 18

CF2 ¼ CFXe+/

[BF4,C2F5BF3]
�

EtCN 233 �3511 3J(Xe,F2trans)/

136
3J(Xe,F2cis)/27
2J(Xe,F1)/197

[CF2 ¼ CFXe+/

[BF4,C2F5BF3]
�

EtCN 203 3J(Xe,F2trans)/

136
3J(Xe,F2cis)/28
2J(Xe,F1)/188

trans-HCF ¼ CFXe+/

BF4
�

HF 243 �3693 3J(Xe,F2)/60 3J/H 22

2J(Xe,F1)/20

[cis-CF3CF ¼ CFXe]+

[C3F7BF3]/BF4
�

HF 263 �3431 4J(Xe,F3)/38

2J(Xe,F1)/154
3J(Xe,F2)/183

[cis-CF3CF ¼ CFXe]+

[C3F7BF3]/BF4
�

EtCN 223 4J(Xe,F3)/36

2J(Xe,F1)/84
3J(Xe,F2)/163

cis-ClCF ¼ CFXe+/BF4
� HF 263 �3545 2J(Xe,F1)/181

3J(Xe,F2)/162

trans-ClCF ¼ CFXe+/

BF4
�

HF 263 �3571 2J(Xe,F1)/204

3J(Xe,F2)/8

cis-C2F5CF ¼ CFXe+/

AsF6
�

HF 263 �3423 2J(Xe,F1)/153

4J(Xe,F3)/57
3J(Xe,F2)/183

cis-C2F5CF ¼ CFXe+/

AsF6
�

EtCN-

CD2CN(3:1)

213 2J(Xe,F1)/85

4J(Xe,F3)/44
3J(Xe,F2)/163

n-BuC� CxeF CH2Cl 195 �3761*d 4231 76

MeC� CxeF CH2Cl2 195 4241

[n-BuC� CXe]+[OSO2-

CF3]
�

CH2Cl2 195 �4015*

PhC�CxeF CH2Cl2 195 �3705* 4301

PhC�CxeF CH2Cl2/ CH3CH2CH2CN 195

�3703*

4331 �C�

C�Xe�F

336

�C� C�Xe–F2J/

96

Xe(C6F5)2 (CD3)2CO 215 �4198** 3J/45.1 1J(C)/320 77
4J/34.7 2J(C2�6)/148
5J/9.5

C6F5XeF MeCN 243 �3826.3** 4099.6

(continued)
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variable temperature, and diffusion measurements provide important information

on a variety of key structural properties for understanding and further developing

these materials. This work is expanding because of the development of novel

nanomaterials and of course because of the increased sensitivity afforded by HP

xenon. Zeolites and related materials are still well represented in these studies.

2.4.1. Zeolites

Much of the current xenon NMR work in zeolites dates back to the pioneering

work by Fraissard and coworkers,79 who showed the utility of xenon as a sensitive

probe of its chemical environment. They have mapped out the dependence of the

xenon chemical shift d on a number of different variables, which are summarized by

the following expression:

d ¼ dref þ dS þ dXe þ dSAS þ dE þ dM (1)

where dref is the reference (gaseous xenon at zero pressure, normally set to 0 ppm),

dS indicates the xenon surface interaction, dXe describes contributions from

Table 1. Continued

Compound Solvent T (K) d(Xe) (ppm)a J(129Xe-L)(Hz)b Reference

L ¼ 19F L ¼ 13C, 14N, 15N,
17O, 125Te

3J/82

[C6F5Xe]+/B(C6F5)2F2
� MeCN 243 �3802** 3J/69 1J(C)/119

C6F5XeOCOC6F5 CD2Cl2 263 �3852** 3J/86

[(C6F5Xe)2Cl
+AsF6

� CD3CN 233 �3938** 3J/81 1J(C)/195

C6F5XeF CH2Cl2 243 �3816** 4035.9
3J/80

C6F5XeF EtCN/MeCN 215 4125
3J/81

C6F5XeCl CD2Cl2 213 �4117** 3J/94 1J(C)/208

[Xe(2,6-F2C6H3)]
+/

N(SO2F)2
�

CH3CN �3941.9* 3J/54.8 78

[Xe(2,6-F2C6H3)]
+/

N(SO2F)2
�

CD2Cl2 �3941.9* 3J/58.5

[Xe(2,6-F2C6H3)]
+/

N(SO2CF3)2
�

CH3CN �3956.2* 3J/54.3

[Xe(2,6-F2C6H3)]
+/

N(SO2CF3)2
�

CH2Cl2 �3956.2* 3J/55.4

[Xe(2,6-F2C6H3)]
+/

C(SO2F)3
�

CH3CN �3934.9* 3J/54.4

[Xe(2,6-F2C6H3)]
+/

C(SO2F)3
�

CH2Cl2 �3934.9* 3J/54.9

[Xe(2,6-F2C6H3)]
+

/CH(SO2CF3)2
� CH3CN �4012.9* 3J/53.8

[Xe(2,6-F2C6H3)]
+

/CH(SO2CF3)2
� CH2Cl2 �4012.9* 3J/54.8

aReferenced with respect to neat XeOF4 at 241C unless otherwise noted.
bOne-bond coupling constants (1J) unless otherwise indicated.
cd(131Xe), d(131XeO4)XeOF4 ¼ d(131XeO4)Xe, Freon 114 � X(131Xe, Freon 114)/ X (131Xe O4)+

d(129Xe, Freon 114)XeOF4; X indicates the 131Xe absolute frequency of XeO4 in SO2ClF.
dAn appended asterisk indicates modified values as follows: for cases referenced to XeF2 in solution,

d* ¼ [d(given)�1,818]; except cases indicated by ** where d** ¼ [d(given)�1,822].
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collisions with other xenon atoms and is prominent at high xenon pressure, dSAS

indicates the presence of strong adsorption sites, which are manifest at lower xenon

pressures and dE and dM are due to the presence of electric or magnetic fields that

can perturb the xenon chemical shift.14 In addition, the presence of other atoms or

molecules can have a significant effect on the xenon chemical shift.80 A schematic

picture of the variation of the chemical shift as a function of xenon pressure is

shown in Fig. 3.

Xenon is very useful to characterize the channel and pore structure and numerous

papers have been published on this topic in recent years.81–89 Many of the appli-

cations of xenon NMR to zeolites have been reviewed previously, including exper-

iments to probe issues related to porosity, crystallinity, the influence of cations,

diffusivity of gases as well as coking, and other factors causing the blocking of

pores.14,22 Therefore, our treatment will be abbreviated.

An example of xenon’s ability to probe cation sites is the recent work on the

characterization of CuHZSM-5 zeolites and CuSAPO-34molecular sieves.90 Laser-

induced fluorescence indicated that there were at least two different sites in both of

these zeolites, while 129Xe NMR showed that the copper ions were diamagnetic

Cu+, and not paramagnetic Cu2+. This was evidenced by the monotonic increase

of the xenon chemical shift as a function of xenon pressure (see Curve 2 in Fig. 3).

In constrast, paramagnetic ions typically cause a large increase in the xenon chem-

ical shift at low pressure, such as in the case of CoNaY zeolite91 or Ni2+ cations.92

Experiments to study xenon dynamics have become much more prevalent. 2D

exchange experiments have been used to probe the movement of xenon among

zeolite pores, especially in the interesting NaA zeolite case,93 following studies of

the high level of xenon packing in the pores of this zeolite.94,95 A recent study of

xenon exchange in AgA zeolite has continued this work.96 Many of the same phe-

nomena are apparent in the AgA zeolite as were observed in the NaA experiments.

Loadings up to 8 Xe per a-cage could be accessed, with faster exchange between

Fig. 3. Variation of the chemical shift d versus Xe concentration. Different curves indicate
the various types of interactions that xenon experiences in microporous materials. (Courtesy
of Marie-Anne Springuel-Huet. Reprinted from ref. 14 with permission. Copyright 1999,
John Wiley & Sons, Ltd.)
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cages occurring above ca. n ¼ 4. The high degree of loading indicates that the silver

ions are most likely located in the b-cages, and thus do not affect xenon exchange

appreciably. There is a 40 ppm chemical shift, but it is to low field, not high field as

has been observed in AgX and AgY zeolites.97 This again points to the location of

the silver clusters as being in the b-cages. Xenon-exchange spectra for two different

loadings and mixing times can be seen in Fig. 4.

Xenon diffusion in NaX zeolite was examined using pulsed-field gradient meth-

ods by BoltWesterhoff et al.98 using Hahn echo and stimulated echo experiments.

Two diffusion rates were observed, a slow rate corresponding to intracrystalline

diffusion, and a second rate that indicated faster, long-range diffusion, which was a

combination of inter- and intra-crystalline diffusion. The lifetime of xenon inside

the 15–25 mm crystallites was estimated to be approximately 20ms, and essentially

all xenon exchange with the gas phase within 70ms. Fraissard and coworkers99,100

studied the adsorption of benzene, n-hexane, and paraxylene using a model for

xenon diffusion. Careful simulation of the xenon spectra matched the experimental

data very well and yielded inter- and intra-particle diffusion constants that were in

good agreement with the literature. In addition, 1H one-dimensional imaging al-

lowed the visualization of the diffusion of the hydrocarbons into the bed.

Fig. 4. 2D EXSY spectra of two samples with loadings of 2.4 and 4 atoms per cage, and
measured with two different mixing times as indicated. (Courtesy of Igor Moudrakovski.
Reprinted from ref. 96 with permission. Copyright 1998, American Chemical Society.)
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A variable temperature study of xenon in the a-cages of NaY zeolite was reported

by Labouriau et al.101 This study extends the temperature range of xenon meas-

urements in NaY zeolite and confirms many of the earlier studies by Fraissard and

coworkers. Using a more quantitative statistical mechanical model developed by

Cheung,102 the authors were able to fit their chemical shift data to the following

expression:

dðTÞ ¼ c�=ð1þ F expð��=kT ÞÞ (2)

where e is the depth of a square-well potential, c a constant, and F a geometric term.

The vdW interaction energy between xenon and the surface was determined to be

3.3 kJmol�1.

Zeolites with various guests. Xenon NMR is also very useful in characterizing

guests inside the zeolite host structure, and has been used to study a variety of

metal/surface interactions, including metal particles deposited on various zeolite

substrates.103–105 For example, xenon NMR was used to examine platinum nano-

particle clustering in zeolite LTL.106 Variable temperature measurements showed an

increasing chemical shift as the temperature was lowered indicating an increasing

interaction of the xenon with the Pt clusters. Xenon chemical shifts for oxidized

platinum precursor complexes showed only a small deviation from the shift for the

bare zeolite indicating that they occupy a small volume. Larger particles showed

reduced xenon chemical shifts indicating that access to the Pt filled zeolite pore was

reduced. Horvath et al.107 have prepared gold nanoparticles inside HY zeolite using

auto-reduction and ion-exchange methods. These materials have interesting CO

oxidation applications. Analysis using Xe NMR and TEM indicated that the gold

particles were located inside the zeolite cages, along with the Fe cations. Other

applications include the investigation of Pd/Pt clusters in KL zeolite.108

Other investigations of zeolite host/guest interactions include papers by Kwon

et al. in which they used Xe to probe C60 and anthracene dimer formation inside

zeolites,109,110 a study of NaCl deposited in NaY,111 and work to show the con-

finement of C60 inside VPI-5 zeolites.112

2.4.2. Mesoporous materials

A growing number of studies have been performed on mesoporous materials ever

since their discovery about a decade ago. For example, xenon studies of MCM-22

zeolite113,114 were carried out to investigate xenon’s adsorption in the two-pore

environments, supercages and sinusoidal channels. At low pressures, xenon prefers

to adsorb in the supercages, while at high pressure xenon can penetrate the 10-

membered rings that form the sinusoidal channels. Exchange between the two pores

occurs only through gas-phase interparticle spaces at warmer temperatures. Studies

using water adsorption have indicated that water covers the internal roughness in

MCM-41 materials.115 Additional studies have probed mesoporous SBA-15 and

MCM-41,116–119 Si-MCM-48 and Al-MCM-48,120 and MAS-7 materials.117

The mechanical stability of these materials has been an important research issue

since the walls of many of the mesoporous materials are amorphous, and thus their
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high-temperature properties are not as robust as some zeolites. Springuel-Huet

et al.121 compared the mechanical properties of MCM-41 and SBA-15 by adsorbing

N2 at various high pressures. Xenon NMR is useful to help determine the amount

of pore damage and to assess gas access to the channels from the interparticle

region. The authors found that purely siliceous materials were more robust than the

Al-containing samples.

An interesting use of high-pressure supercritical xenon was described in which the

authors studied the structure of mesoporous FSM-16 with different pore radii at

pressures up to 10MPa.122 The linewidth of adsorbed xenon changes significantly

over the range of pressures. The data suggest that near 6MPa, where the linewidths

are the largest, the change to supercritical phase causes a large change in density

both inside the pores as well as outside, where such behaviour is anticipated. Two-

dimensional exchange spectra showed exchange between adsorbed and free xenon

occurred with an exchange rate estimated to be approximately 100Hz.

2.4.3. Silica and other porous materials

An empirical expression that relates the xenon chemical shift to the pore size in

porous silica-based materials was developed by Terskikh et al.123

d ¼ dsð1þD=bÞ (3)

where ds is the xenon chemical shift interaction with the silica surface; b a parameter

that depends on the pore geometry, adsorption, and temperature; and D the mean

pore diameter, which is related to the volume to surface ratio. In their study of

34 materials with pore sizes ranging from 0.5 to 40 nm, the data are well

described using ds ¼ 116� 3 ppm, and b ¼ 117� 8 (A (see Fig. 5). The correlation is

Fig. 5. 129Xe NMR chemical shifts versus mean pore diameters for porous silica-based
materials. Nonlinear least-squares fit for 18 samples shown as a solid line, and for 34 samples
as a dashed line. (Courtesy of Igor Moudrakovski. Reprinted from ref. 123 with permission.
Copyright 2002, American Chemical Society.)
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extendable to other types of silica-based materials, including porous glasses and

organosilicates. Presumably, similar relationships can be developed for other po-

rous materials, although the presence of heteroatoms, and especially metal cations

complicates matters as is well-known for the case of zeolites.

A more theoretical study was performed by Cros et al.124 Fast exchange and vdW

interactions with the surface are included in a model based originally on work by

Derouane.125,126 Inclusion of two-phase exchange between the gas and surface gives

a good fit to a series of colloidal silica and silica sol-gel materials with pore radii

ranging from 20 to 130 Å. The authors extended their model to account for variable

temperature studies. Chen et al. have developed a model based on single-file dif-

fusion through the pores or microchannels of a range of microporous materials.127

The result of their analysis yielded the following expression for the channel diameter:

D ¼ 2
ffiffiffi

2
p

ðdXe�Xe=d1Þ1=2d � 1:681 d
1=2
Xe�XeðnmÞ (4)

where dXe–Xe is the pressure-dependent Xe–Xe contribution to the chemical shift

from single-file diffusion, d1 the pressure-dependent contribution in the bulk

(and ¼ 0.548 ppmamagat�1) and d the xenon diameter. The authors calculated the

value of dXe–Xe for 14 different zeolites and showed that their expression gave a very

good correlation with the actual channel dimensions of a range of zeolites.

Pietrass et al.128 also used xenon NMR to examine the porosity of three me-

soporous silica materials that were synthesized by sol-gel processing. Xenon did not

penetrate the pores of a sample of largely disordered silica. The other two samples

showed more typical xenon adsorption and chemical shift behavior. Results from

variable temperature and T1 experiments indicated that xenon had a stronger in-

teraction with the surface of smaller pores and that it was in fast exchange with the

gas phase.

Ba and coworkers129,130 have used 1D and 2D xenon NMR experiments along

with a variety of 1H and 13C conventional NMR experiments to characterize the

structure and dynamics of a C18 chromatography stationary phase. While the

methods for producing good quality chromatography column materials is highly

developed, detailed information on the molecular structure of the bonded phase

(C18 in this case) that can describe the performance is sometimes lacking. Differ-

ences in density of the bonded phase, as revealed by VT 1H NMR for example, can

give rise to poorer separation results. The authors show that xenon NMR, and

especially exchange experiments at low temperatures, can be useful to probe dif-

fusion between four different xenon environments: xenon solvated in the stationary

phase, xenon in the pores of silica particles, between silica particles, and xenon

outside the stationary phase.

Botto and coworkers131,132 combined high-pressure xenon (30 atm) and chemical

shift imaging to investigate aero gel samples. The authors characterized the average

pore structure and steady-state spatial distributions of xenon atoms in the various

parts of the sample. Xenon-exchange rate constants were measured to be of the

order of 1 s�1, while PFG diffusion measurements yielded self-diffusivity coeffi-

cients of the order of D ¼ 10�3 cm2 s�1.
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129Xe NMR has also been used to investigate iron containing silicates and

borosilicates,133,134 the internal structure of Beta/MCM-41 and ZSM-5/MCM-41

composites,135,136 diffusion in silicon imidonitriles,137 several carbonaceous mate-

rials,138,139 transition-metal-complex nanochannels,140 and sol-gel derived meso-

and microporous silica materials.141

2.4.4. Xenon in polymers

Xenon continues to act as a good probe of polymer structure, especially for char-

acterizing free volume, pore size, permittivity, and gas diffusion in a range of

different polymer systems, including blends.142–149 As an example of recent work,

Jones and co-workers146 studied xenon sorption into high-permeability polymers.

Copolymers of tetrafluoroethylene and 2,2-bis(trifluoromethyl)-4,5-difluoro-1,3-di-

oxole as well as poly(1-trimethylsilyl-1-propyne) showed smaller xenon chemical

shifts than other glassy polymers indicating that larger sorption sites are available

to xenon. Xenon sorption showed a strong dependence on temperature, which

indicated that a large change in adsorption enthalpy was responsible for the ex-

ponentially increasing xenon density as the temperature was lowered. The authors

also carried out PFG experiments to examine the diffusion of xenon and small

hydrocarbons. At short times, the derived diffusion constants were similar,

although at longer times the xenon had a much larger mobility indicating the

presence of larger pores that connected the smaller adsorption sites. Junker and

Veeman150 have also used PFG methods to determine the xenon self-diffusion

constants in elastomeric terpolymer ethylene-propylene-diene (EPDM) and semi-

crystalline poly(propylene) (PP). Diffusion in EPDM was found to be about 20

times faster.

Morgan et al.151 used xenon NMR to investigate the cross-linking and dendritic

polymers in order to study the free volume of these systems. Xenon was shown to be

a good probe of polymer free volume as the xenon chemical shift increased linearly

with the reciprocal of the cross-linking density, which is known to reduce the free

volume. The temperature dependence of the free volume was also measured using

this method. The xenon chemical shifts as a function of dendrimer generation were

also measured and showed an increasing, linear behavior for generations 3–7.

Smaller generations were expected to have nonspherical shapes that affected the

xenon chemical shifts. Pore sizes in perfluorinated polymers have also been studied

using xenon NMR.142

Menge et al.143 used 129Xe NMR to probe cross-linking density in butadiene

rubber networks. Structural heterogeneities of the lower cross-linking density

were evidenced by the appearance of two peaks around 196 ppm in the spectrum.

This effect had been observed in previous deuteron NMR studies. Theoretical

models and simulations indicate that extended chain segments are more highly

oriented. Polymers with shorter segments give rise to a broader or even a bimodal

distribution of orientational order, which is reflected in both the xenon and deu-

terium NMR. Theoretical and simulation results are in good agreement with these

findings.
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A high-pressure probe constructed to allow the study of supercritical xenon as it

interacts with different polymers (bisphenol-A polycarbonate or polytetrafluoro-

ethylene) was reported by Nagasaka et al.152 The probe, which has a zirconia cell

with a Be–Cu flange and indium o-ring can be used in a range of pressure up to

20MPa, and temperatures from 150 to 400K (see Fig. 6). Experiments performed

up to 10MPa showed xenon inside the polymer experienced a very different state

from that of free xenon, which was attributed to the limitation on xenon cluster size.

Essentially no exchange between the supercritical and confined xenon phases oc-

curred on the second timescale.

2.4.5. Xenon in other solid-state materials

Xenon adsorption into three ASTM carbon black materials that are used as filler

materials for the curing of rubber was reported by McGrath.153 The xenon chemical

shifts were different for each of the three samples, ranging from 53 to 94 ppm, and

this difference was primarily due to differences in void space area of the three

materials. The void space area varied inversely with the surface area of each ma-

terial as determined by nitrogen BET measurements. A blended sample showed

all three distinct resonances, while 2D exchange experiments indicated that the

Fig. 6. Schematic drawing of a high-pressure NMR probe used to investigate polymer
samples. (Reprinted from ref. 152 with permission. Copyright 2001, Elsevier Science B. V.)
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exchange time between samples in the blend was of the order of a few tens of

milliseconds.

Xenon has also been applied to the study of humic substances.154 Previously,

there had only been one study on the investigation of surface of soil materials using

xenon, namely a study of xenon sorption on to the montmorillonite clay surface.155

Magusin et al. explored the use of xenon NMR to probe the average volume to area

ratio in the pore networks of humidified sand as well as carbon black and kaolin

model systems. High-pressure xenon NMR experiments were carried out and

showed a broad resonance around 45–55 ppm for three different samples of carbon

black with different particle sizes. By comparison, the kaolin and humidified sand

showed broad resonances near 8 ppm and zero, respectively. The humidified sand

spectrum showed xenon spectral intensity at negative ppm values. The authors

derived an expression for the pore size given the measured xenon chemical shift and

a constant related to xenon adsorption on the surface.

2.5. Xenon 131 studies

Far fewer NMR studies employ 131Xe due to its lower sensitivity (approximately

nine times less). Nevertheless, the quadrupolar nucleus allows some unique studies

as it provides information on the local electric field gradients. Meersmann and

Haake156 reported the very interesting resolved field-dependent quadrupole splitting

observed in 131Xe NMR at high magnetic fields between 7.05 and 16.9 T (see Fig. 7).

The resolved quadrupole splitting resulting from the coherent motion of 131Xe’s

collisions with the small glass NMR tube is to be expected since similar results had

been seen earlier at low field.157,158 However, the strong dependence of the quad-

rupole splitting on the magnetic field was unanticipated. This effect was also ob-

served in liquid xenon using a double quantum-filtered experiment that revealed the

presence of a quadrupole interaction that was smaller than the observed linewidths.

The authors associated this effect with the electrical polarization of the xenon

electron shell that was induced by the high magnetic field.

A detailed experimental and theoretical study of xenon-131 interactions with

surfaces was carried out by Deschamps et al.159 The observation of coherent and

stochastic interactions of the quadrupolar xenon-131 nuclear spin with electric field

gradients caused by the distorted electron clouds as xenon transiently adsorbs on

surfaces is complicated. In some cases, both splittings and line broadening can be

observed using simple pulse-acquire methods. However, if the quadrupolar split-

tings are small, multiple quantum-filtering experiments can be very useful to de-

termine the presence and magnitude of these interactions in the presence of larger

relaxation effects, as reported in other studies.160,161 In the work by Deschamps

et al. single- double- and triple-quantum experiments were used to detect the xenon-

131 quadrupolar interactions with the glass container in 6 and 8mm NMR tubes.

The splittings and relaxation effects are on the same order, which prompted the

researchers to use multiple quantum-filtered experiments to measure the splittings

XENON NMR SPECTROSCOPY 223



more accurately. They also developed a calculation procedure using an effective

Liouvillian formulation to help analyze the results.

Vaara and Pyykko162 also studied the quadrupolar interaction of xenon-131 in

the liquid and gas phases. The authors carried out ab initio calculations that verified

the previously proposed diamagnetic mechanism,163 and reproduced the experi-

mental results obtained by Meersmann and Haake.156 The origin of the effect was

ascribed primarily to the interaction of the nuclear quadrupole moment with the

electric field gradient that was created by the distortion of the electric cloud by the B

field, and is quadratic in that field.

Several studies using 131Xe to probe well-known materials in order to gain ad-

ditional information have also been recently published. Fraissard and coworkers164

have used xenon-131 NMR to characterize the electric field gradients inside the

supercages of Y zeolites. Composite pulses were used in the nutation experiments to
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Fig. 7. Gas-phase NMR spectra of natural abundance xenon-131 contained in a cylindrical
tube (symmetry axis aligned with the magnetic field) and one filled with small capillary tubes.
Experiments were performed at 400 kPa, 305K and at various field strengths as indicated.
(Courtesy of Thomas Meersman. Reprinted from ref. 156 with permission. Copyright 1998,
The American Physical Society.)
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help cancel artifacts from probe ringing. Values of the electric field gradient meas-

ured using this approach were 1.25 and 0.81 � 1019Vm�2 for HY and steam-

dealuminated zeolites, respectively. Moudrakovski et al.165 explored the utility of

xenon-131 as a probe of void spaces in several clathrates. 131Xe in b-quinol showed

a very large quadrupole interaction, w ¼ 5:85MHz, indicating the nonspherical

symmetry in this xenon clathrate. Other xenon clathrates examined include Dianin’s

compound as well as structure I and II hydrates, which also showed large quad-

rupole interactions in the range of 1.2–2.5MHz. Meersmann and coworkers166 have

examined mesoporous aerogels using xenon-131 and imaging methods. Using a

high density of 131Xe, the authors could differentiate aerogels of different densities

and changing levels of hydration based on the fact that the different surfaces affect

the transverse relaxation in a characteristic manner.

It is anticipated that additional applications of 131Xe will be developed in the

coming years since the additional quadrupole parameter allows for further char-

acterization of materials. However, creating optically pumped 131Xe is difficult due

to its short T1, so sensitivity will still be an issue.

2.6. Calculations of xenon parameters

Ab initio and Monte Carlo methods are becoming much more powerful and there-

fore more capable of providing information complementary to experiments. These

methods have proven invaluable for providing information on the local interactions

between xenon and its chemical environment, and for interpreting complex spectral

lineshapes.

Cynthia Jameson and coworkers have led the way in developing ab initio ap-

proaches and investigating interesting applications for xenon-based studies. Over

the past several years, she and her colleagues have modeled the xenon chemical shift

in a variety of cages,167 clathrates,168,169 and nanochannels,170,171 as well as in gas-

phase interactions.172 As an example of this work, Jameson and coworkers reported

a grand canonical Monte Carlo (GCMC) simulation on xenon adsorption with

methane in NaA zeolite,173 after having made similar studies on competitive ad-

sorption with argon and krypton.174,175 GCMC calculations were derived from

pairwise energy interactions between Xe–Xe, CH4–CH4 and Xe–CH4, and the

atom–zeolite interactions (which affect the adsorption) as well. Chemical shift cal-

culations were derived from similar pairwise interactions. The xenon chemical shift

calculations reproduce the nine experimental mixtures explored by the authors quite

well. Especially interesting is the good agreement between the experimental data

and an eight-site model described by a hypergeometric distribution, as shown in

Fig. 8.

The success of ab initio methods have made the calculations of xenon NMR

parameters quite popular, with a number of groups now investigating a number of

microporous materials, fluids, and even xenon compounds.176–182 Many of these

studies compare ab initio results with experimental data.
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2.6.1. Measuring chirality using xenon NMR

Several interesting papers on the ability of xenon to act as a new probe of chirality

have appeared.51,183–186 Robert and Barra185,186 discuss the possibility of observing

two enantiomers in the same NMR sample. A splitting of approximately 10MHz is

predicted for atoms with large Z, such as Pt, Pb and Xe, which arises from the so-

called anapolar term187 that describes the electromagnetic interaction of an electron

while it is located inside the nucleus. Elimination of dipolar coupling via deuterium

substitution and degassing the sample should increase the relaxation time suffi-

ciently that a 10MHz splitting could be observed at 600MHz. These experiments

will require temperature regulation to better than 10mK to eliminate the possibility

of temperature-dependent chemical shifts masking the desired observations. The

authors suggest Pt and Xe in chiral cages as possible target nuclei.

Fig. 8. Experimental and calculated xenon loadings for xenon and methane absorbed on to
NaA zeolite. Occupancies for the different loadings in Xe/alpha cage are shown. (Courtesy of
Cynthia Jameson. Reprinted from ref. 173 with permission. Copyright 2000, American In-
stitute of Physics.)
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Bartik et al.183 described the process in which an achiral species such as xenon

interacts with a chiral molecule such as cryptophane-A. The resulting process of

‘‘chiralization’’ is factored into three terms, orientation, atomic, and electronic.

Dipolar polarizability of the xenon and higher order polarizabilities are important

in this process. Similarly, Harris and coworkers184 state that for xenon to detect

chirality in a molecule, a process of ‘‘chiralization’’ must occur. This process in-

volves the distortion of the xenon electron orbitals, and specifically the paramag-

netic currents as felt by the xenon nuclear spin, which depends on the chirality. This

can occur through the antisymmetric part of the chemical shift tensor. The authors

discuss their goal of interpreting the splittings observed in the NMR spectrum of

xenon in the chiral cages of cryptophane-A.

3. HYPERPOLARIZED XENON

3.1. Optical pumping methods

It has now been well established that the use of optical pumping3,188–190 to produce

HP xenon can provide a dramatic improvement in the S/N signal to noise ratio for a

number of applications important to the fields of chemistry, materials science, and

medical imaging.4,15–18,20,21

The basic and much used methods of xenon optical pumping have been described

in a number of articles. Typically, HP xenon is produced using spin exchange from

optically polarized rubidium vapor in a low magnetic field. A variety of detailed

experiments have characterized the rubidium–xenon spin-exchange process (see ref.

191 and references therein). The Rb–Xe spin-exchange rate can be described by the

following rate expression:191

Ga ¼
1

TSE
1

¼ ½Rb� snh iSE þ k

M½ �

� �� �

¼ ½Rb�g0 (5)

where [Rb] is the Rb density, /snSSE the velocity-averaged binary spin-exchange

rate important at high pressure, k a constant that describes the rate of Rb–Xe spin

exchange within vdW complexes (important at low pressure), and [M] is the buffer

gas pressure that often determines the vdW complex lifetime. Rates for spin ex-

change are of the order of 10�16 cm3 s�1 so high Rb densities and copious laser

power are required to produce HP xenon for NMR experiments.

Experimentally, the optical pumping cell contains a small amount of Rb metal

and is held in an insulated oven to create Rb vapor at a field of a few tens of G.

Optical pumping of the Rb D1 transition (795 nm) is normally achieved using

broadband, high-power (tens of W) semiconductor diode-array lasers that have

nominal linewidths of 1–2nm. A major advance in producing large amounts of HP

xenon was achieved by the Happer group192 some years ago. In that work, a con-

tinuous flow of HP 129Xe was produced using an optical pumping setup of the type

shown in Fig. 9. The pumping cell is typically pressurized to several atmospheres
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using a mixture of xenon (few %), nitrogen (1–10%), and remainder He gas. N2 is

used to quench Rb fluorescence and improve the polarization, while the He gas

pressure broadens the Rb absorption line to �1 nm for better light absorption. Gas

flows of several cm3 s�1 of HP129Xe can now be produced. Variations to this pro-

cedure have been developed and are described below.

3.1.1. Higher polarization methods

New developments in advanced pumping systems that deliver significantly higher

xenon polarizations than previous reports have appeared in the past few years. This

is largely due to the availability of newer laser systems that have fiber-coupled

outputs and thus deliver excellent laser beam quality. For example, early optical

pumping systems that utilized continuous flow used high-power (4100W) diode-

array lasers, although the beam quality was not very good. This often led to light

and dark regions in the cell because of nonuniform irradiation, and thereby poor

xenon polarization. By 2000, fiber-coupled systems with good beam quality became

available that greatly simplified the production of HP xenon without the trouble-

some laser beam ‘‘hotspots’’ that were sometimes blamed for causing optical

pumping cells to explode!

Recent advances in creating HP xenon include the work by the Bowers group,193

who were able to create 67% xenon polarization using 210W of 795 nm light by

combining the output of seven laser diode arrays. Their system is also capable

of producing 1L atmh�1 at polarizations around 12%. A detailed study of the

Fig. 9. Apparatus designed to create HP xenon under continuous flow and accumulate
polarized xenon ice at cold temperatures. (Courtesy of Bastiaan Driehuys and John Mugler.)
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polarization as a function of the xenon concentration showed that the xenon po-

larization was optimized at low xenon concentrations (ca. 1% Xe), as expected from

earlier studies. The use of recirculating flow has also contributed to high xenon

polarization. Recirculating systems have been used before to carry out xenon stud-

ies on static systems in high magnetic field.194,195 In the work by Knagge et al.196 a

nonmagnetic peristaltic pump was used to recapture much of the residual xenon

polarization and fed it back into the optical pumping cell. The result was a gain in

polarization of 3–4 times, as can be seen in Fig. 10. The recycled xenon is still highly

polarized, which allows the maximum xenon polarization to grow to 61–69%,

depending on the gas mixture.

Chupp and coworkers197 described an automated xenon polarization and deliv-

ery system that was optimized for in vitro and in vivo experiments. The entire system

was located in the high-field environment of the nearby 2T MRI magnet. A mixture

of 1700 torr Xe and 150 torr N2 was used in a batch mode. A laser power of 30W

allowed polarizations of 7.5% to be achieved. HP xenon was frozen and stored as a

xenon ice, and then melted and expanded into a glass piston from which small doses

of xenon could be delivered for a variety of HP xenon MRI experiments. Meers-

mann and coworkers198 recently explored the possibility of creating HP xenon

without the use of buffer gases. At the higher pressures used in their studies (ap-

proximately 7 atm), the need for N2 to quench Rb fluorescence is diminished. Using

laser powers of 29 and 58W, polarizations above 10% were realized, although the

polarization decreased quickly to below 1% above 2 atm. Nevertheless, the HP

xenon NMR signal intensity is nearly constant above 2 atm because the increased

xenon number density compensates for the lower polarization. Fukutomi et al.199

studied the polarization dependence on the gas mixture and found that the addition

of hydrogen, and especially deuterium was beneficial for xenon optical pumping.

However, N2 and He still provided the best polarization, 35% under their exper-

imental conditions. Happer and coworkers200 investigated the possibility of creating
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Fig. 10. HP Xe polarization for single pass (diamonds 150 ccmin�1) and recirculating flow
at different flow rates (filled squares, 250 ccmin�1; triangles, 200 ccmin�1; crosses,
150 ccmin�1; and open squares, 100 ccmin�1) and temperatures. (Reprinted from ref. 196
with permission. Copyright 2004, Elsevier B. V.)
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HP xenon by spin exchange with optically pumped Cs. A 1W diode laser tuned at

894.3 nm was used and produced a xenon polarization of 2.5%. Cs is 10% more

efficient at polarizing xenon, so the use of higher output diode lasers may make this

approach appealing.

Some interesting studies have utilized MRI techniques to visualize the optical

pumping process in situ. Happer and coworkers201 used low-field imaging combined

with optical detection to image the Rb polarization using fields of 4 and 35G.

Comparing the signal intensities of the electron spin manifolds, they were able to

measure the absolution Rb polarization as a function of position. Shah et al.202

used similar MRI techniques to obtain absolute Rb and xenon polarization levels in

their pumping cell. Xe polarizations of around 20% were achieved, which were

much less than the Rb polarization levels; however this polarization could be

transferred to a freezing unit for accumulation. Ishikawa and coworkers203 first

polarized either Rb or Xe by optical pumping and then transferred this magnet-

ization to Cs atoms for detection. Using MRI techniques, they were able to probe

the distribution of Cs polarization after polarization transfer. These studies follow

in the footsteps of pioneering work by Haroche and Cohen-Tannoudji.204

The use of narrow-band lasers is advantageous because it allows Rb to absorb

more of the laser light. Recent laser line-narrowing experiments appear promis-

ing,205,206 although to date the full potential of line narrowing has not been realized.

Therefore, most researchers currently use commercially available diode arrays and

He pressure broadening to achieve decent polarizations. In contrast, Jänsch207 has

utilized extremely narrow-band TiSapphire laser to polarize small amounts of xe-

non to very high levels (70%) in a batch-mode operation. Previous studies by many

others have used such lasers, although not in a flow system. Different Xe/N2 ratios

(all at 100mbar pressure) were examined, with the highest polarizations achieved

when the xenon pressure was below 10mbar. Separation of xenon from the gas

mixture was achieved by freezing the xenon at 77K while pumping on the system.

The xenon could then be used for low surface area experiments, some of which are

described in Section 3.3.3.

3.1.2. New or alternative methods of optical pumping

A number of researchers have explored methods to improve the xenon polarization

available via optical pumping. Several experiments have explored optical pumping

and spin exchange in high magnetic field. Early work by Zeng et al.208 and careful

studies by Augustine and Zilm,209,210 have indicated that although HP xenon can be

created at high magnetic field, the spin exchange is quite low and thus polarization

levels are not as high as observed in low magnetic field. Rice and Raftery211 also

carried out optical pumping experiments in high magnetic field. Measurement of the

xenon polarization buildup over a range of He buffer gas pressures and temper-

atures allowed measurement of the spin-exchange parameters. One surprising result

of this work was the measurement of a significant vdW contribution at high pres-

sure. Very recently, Happer and coworkers212,213 studied Xe spin exchange with Rb

and Cs at high field, and measured values of 1.60–1.84 � 10–16 cm3 s�1 for the
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binary spin-exchange rate coefficient. They caution the use of either the well-known

Killian214 or Smithells215 formulas for the Rb density, which in their experience can

cause errors by factors of 2–3. Instead they suggest using Faraday rotation meas-

urements. Overall, significant differences in the results among these high-field

studies, in both the binary collision and vdW contributions to spin exchange, point

to the difficulty in making these measurements. Generally, however, it is better to

do optical pumping in low field where the spin-exchange rates are somewhat larger,

and access to the optical pumping cell is much better.

While the majority of work in creating HP xenon has focused on the development

of optical pumping methods, one recent study216 shows that at milliKelvin tem-

peratures, xenon can also be polarized to high levels and at a high rate. Normally,

the xenon T1 increases exponentially, with the authors measuring a power law of

xenon T1 � T�1.7. By adsorbing 3He along with xenon on a high surface area silica

sample, the relaxation of xenon was reduced to approximately 1,000 s. This relax-

ation was almost independent of temperature, such that xenon could reach its high

polarization state much more rapidly.

Saam217 has recently designed a novel method to polarize liquid xenon using

gas–liquid-phase exchange. Optical pumping takes place in the gas phase, while a

convection loop is used to transfer polarized gas to the liquid phase. A steady-state

polarization of 8% was measured for 0.1mL of the xenon liquid.

3.2. HP xenon bulk measurements

HP xenon has been applied to a variety of pure-phase studies. Gas-phase studies are

of interest especially for improving the polarization. Liquid xenon is promising

because of the high polarization available, and the fact that xenon is a good solvent.

Because of the low solubility of xenon in water it is very advantageous to utilize the

high polarization afforded by HP xenon. Solid xenon is typically used for polar-

ization storage, while interest in supercritical HP xenon has recently developed.

3.2.1. Gas-phase HP xenon T1 measurements

Fujiwara et al.218 have used the high polarization to measure the T1 values of xenon

in high magnetic field in a variety of glass and gelatin containers. Using a pulse

sequence with alternating pulses of small angles a and 2a, they were able to de-

termine the T1 values in a single pumping cycle and verified that the T1 was in-

versely dependent on the square of the container diameter (1/d2) as well as the

material and its permeability in the case of gelatin. T1 times of up to 400 s were

observed in Pyrex cells with diameters of 20mm.

A careful reexamination of surface coatings used in optical pumping experi-

ments219,220 has shown that the water content used during the coating procedure is

important for extending the xenon T1. Unexpectedly, replacement of the surface

protons with deuterium in the coatings had only a very small effect on the xenon
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relaxation time. It appears that xenon adsorption and desorption is more important

than magnetic effects.

Chann et al.221 examined the gas-phase relaxation of xenon at densities below

14 amagat using a number of different gas mixtures. They concluded that the spin-

rotation interaction is responsible for relaxation at low densities and determined a

relaxation rate of the form

G ¼ Gw þ GXe
vdW=ð1þ r½B�=½Xe�Þ (6)

with Gw being the wall relaxation rate, which they measured to be 3 h in their cell.

[B] is the buffer gas pressure and r is the ratio of molecular vdW breakup rates for

the buffer gas and xenon. The average Xe–Xe relaxation rate for pure xenon was

measured to be 6.72 � 10�5 s�1, corresponding to a relaxation time of 4.1 h but was

smaller when buffer gases were substituted at the same pressure.

3.2.2. Highly spin-polarized liquids and solutions

Several new studies have focused on the strange behavior of highly polarized 129Xe

liquids.222–224 Nacher and coworkers223 investigated the effects of dipole couplings,

quantum exchange, and spin diffusion in highly spin-polarized liquids accessed via

optical pumping of 3He and 129Xe. NMR detection after small tip angles showed

linear behavior, but at larger tip angles instabilities occurred, causing abrupt re-

laxation after a delay. It was postulated that the magnetization was preserved, but

not measurable because it had dissipated from Zeeman order to an unknown order.

They also studied the effect of large pulses on the evolution of xenon magnetization

in highly (�6%) polarized liquid xenon.222 Experiments were carried out at 1.7mT.

Small-pulse angles led to the spatial clustering spin magnetization caused by dipolar

coupling over macroscopic lengths, and gave rise to sharp features in the spectrum.

At larger pulse angles (4351) the evolution of the xenon magnetization was un-

stable, which was ascribed to possible turbulent motion. Similar results have been

observed in liquid 3He,223 and were previously predicted by Jeener,225 although the

magnitude of the instabilities is smaller than that predicted for xenon.

The effect of large dipolar fields on the T2 spin relaxation time was also inves-

tigated by Romalis and Ledbetter.224 Nonlinear effects caused by the large dipolar

fields present in a spherical cell containing HP xenon liquid are readily observed.

While the T1 of HP xenon at 180K is over 30min, the transverse magnetization is

quickly dissipated in a highly nonexponential manner after just 20 s due to the large

dipolar field. A CPMG sequence is used to reduce the effect of dephasing residual

field gradients, but it has no effect on the dipolar fields. The authors propose that

the highly nonexponential decay of the magnetization is due to the strong dipolar

field as being initiated by residual gradients. These gradients cause a helix to form in

the xenon liquid, which in turn causes an additional gradient, and thus provides a

positive feedback mechanism. In Fig. 11 the rapid decay of the transverse mag-

netization can be seen. By contrast, the xenon T1 in liquids is many minutes.

However, by miss-setting the p pulses by 31, the effect of the dephasing dipolar

gradients can be eliminated such that T2 relaxation times as long as 1,360 s were
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observed. The authors discuss the use of this system as a sensitive magnetometer in

combination with a superconducting quantum interference device (SQUID) detec-

tor.

Berthault et al.226 describe a method to invert the high polarization of xenon in

an efficient manner that is not affected by radiation damping. A frequency swept

CHIRP pulse was applied along with a simultaneous gradient to broaden the res-

onance during inversion, and evade the potential radiation damping effect. Liquid-

phase xenon polarizations as low as 5% would suffer from radiation damping in

many cases, but the application of this new approach eliminated radiation damping

losses.

Chuang and coworkers227 have reported a novel method for determining the

absolute magnitude of the xenon polarization in liquid xenon. Owing to xenon’s

high polarization, its dipolar field is large and adds to the normal external field. This

effect causes a time-dependent frequency shift of a probe nuclear spin, 1H in dis-

solved ‘‘CH3Cl’’ as the xenon polarization relaxed toward its equilibrium value. The

frequency shift was measured to be approximately 6Hz, corresponding to xenon

polarizations of 0.6%.

3.2.3. Highly spin-polarized solid xenon

Experiments on the T1 of xenon in the solid state showed that it was highly tem-

perature- and field-dependent.228 A mechanism for the xenon relaxation was de-

scribed in which a two-photon Raman process was involved that increased the
129Xe relaxation. At colder temperatures, 129Xe is also relaxed by its coupling to
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Fig. 11. Onset of nonexponential decay in liquid HP xenon due to dipolar fields. Open
circles show envelope of the transverse magnetization signal obtained with CPMG pulse
sequence for t ¼ 100ms and an applied longitudinal field gradient dHEz/dz ¼ 1.4mGcm�1.
Solid line is a model of the initial magnetization gradient growth with no free parameters.
(Courtesy of Michael Romalis. Reprinted from Ref. 224 with permission. Copyright 2001,
The American Physical Society.)
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131Xe, which relaxes quickly through a large quadrupole interaction that occurs at

grain boundaries. Recently, it was shown that the T1 of solid xenon could be

doubled to 35 h at 4.2K and 180G by annealing the solid at 113K for 10min after

initially freezing it at 77K.229 These experiments provided further evidence for the

low-temperature cross-relaxation mechanism between 129Xe and 131Xe.

Jänsch and coworkers230 reported experiments on HP xenon solid thin films at

temperatures in the range of 50–100K. The magnetization field was measured and

used to determine the polarization of the solid xenon, which was approximately

80%.

3.2.4. Highly spin-polarized supercritical xenon

An interesting report on the production of supercritical xenon using HP gas was

described30 using a high-pressure capillary tube. The xenon polarization was ap-

proximately 140 times Boltzmann levels. The chemical shift was measured to be

44.5 ppm indicating a pressure of approximately 81.5 amagat.

3.3. HP xenon in materials and on surfaces

The high polarization of xenon allows a variety of new surface experiments to be

performed. Many of the studies on porous materials that have previously been

carried out using conventional 129Xe are much easier and faster using HP xenon. In

addition, lower pressures are available, thus improving the ability of the experi-

ments to investigate the xenon-surface interaction. Methods to deliver HP xenon to

surfaces have been developed Pines194,195,231 and Raftery232 groups and more re-

cently by other groups.233,234 These efforts have made the study of surfaces much

more attractive than previous one-shot experiments,235,236 and have allowed an

increasingly challenging set of experiments to be performed. Early studies focused

on describing the polarization gain by the surface available in static and magic angle

spinning (MAS) samples, while later papers have studied an expanding number of

interesting materials with important surface properties, as described below.

3.3.1. Zeolites and mesoporous materials

Gedeon and coworkers has recently reported HP xenon studies of the nanoporous

materials MCM-41, SBA-15, AlPO-41, ITZ-6, AlSBA-15 as well as mesoporous

SiO2 and TiO2.
237–242 HP xenon allows one to use low concentration of xenon in the

experiments such that the xenon chemical shifts reflect mainly interaction between

the adsorbed xenon atoms and the surface. Variable temperature measurements can

be used to obtain information on the xenon heats of adsorption on the different

materials.243 The use of a continuous flow system, with an inline, detachable getter

makes xenon NMR analysis of microporous materials almost routine.239 Even with

polarizations of a few percent, it is possible to analyze thin film materials, which

promises to significantly broaden the applicability of xenon NMR studies. The use

of magic-angle spinning combined with HP NMR was also investigated by this
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group, and 2D EXSY experiments were performed.237 A nice example of this work

is shown in Fig. 12 in which a 2D EXSY spectrum of HP xenon in ITQ-6 under

MAS conditions.

The Canadian group led by Ripmeester123,244–247 have explored a number of

chemical environments of nanoporous and mesoporous inorganic and organic ma-

terials using HP xenon, including the anisotropic voids in a single zeolite crystallite

(see below), organic and inorganic nanoporous and mesoporous materials, and

organic functionalized inorganic hosts. For example, experiments using HP xenon

under continuous flow were used to probe the pore structure of functionalized

mesoporous silica with pore sizes between 5 and 30 nm.245 The high polarization

allowed measurements at low pressure, such that the researchers could probe the

xenon surface interaction directly. Variable temperature measurements were used to

probe the adsorption characteristics of xenon. It was observed that xenon NMR

was better at characterizing the nonuniformity in the pore size than either N2

adsorption or TEM. The Liu and Ripmeester groups248 have used xenon NMR to

investigate silylated mesoporous MCM-41. The surface properties of these mate-

rials were examined using variable temperature HP xenon. MCM-41 samples were

Fig. 12. 2D EXSY spectrum of HP adsorbed in ITQ-6 under MAS conditions showing
exchange between channels, cavities, inter-lamellar spaces, and the gas phase. (Reprinted
from ref. 237 with permission. Copyright 2003, The Owners Society.)
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silylated using butyltrichlorosilane and dodecyltrichlorosilane with surface cove-

rages ranging from 0.26 to 1.33 nm2. The chemical shifts increased as a function of

coverage and chain length. Individual contributions to the xenon chemical shift

from the MCM wall as well as CH3 and CH2 surface groups could be extracted

from the data.

Terskikh et al.247 reported an interesting study in which they used the high po-

larization of HP xenon to investigate the chemical shift anisotropy of xenon in a

single-crystal zeolite sample, (see Fig. 13). A single millimeter-size silicalite (alumi-

num-free ZSM-5 zeolite) sample was investigated and showed an unanticipated

splitting in some of the spectra taken at different orientations. This phenomenon

was ascribed to a crystal twinning that was also confirmed with X-ray diffraction.

The total surface area of the sample is estimated to be 1m2, which is facilitated by

the high xenon polarization.

3.3.2. Other materials

The Canadian group also studied the formation of xenon hydrates on the surface of

ice using HP xenon (see Fig. 14).249 Films could be grown up to 1,000 Å until the

rate slowed down. It was proposed that a nucleation preceded the hydrate growth

because of an observed memory effect in which hydrate formation started imme-

diately after the second cycle of xenon adsorption–desorption. The induction period

is reproducible at the same temperature and pressure and follows an exponentially

decreasing function of the pressure. The induction period is almost absent upon

reintroduction of xenon after desorption, indicating that the surface ‘‘remembers’’

Fig. 13. HP xenon adsorbed in a 1mm silicalite single crystal at different temperatures.
Channel orientation is shown in the inset. (Courtesy of Igor Moudrakovski. Reprinted from
ref. 247 with permission. Copyright 2001, American Chemical Society.)
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the structure needed for hydrate formation, possibly by retention of hydrogen-

bonded five-member water rings. Only 2–3% of the xenon is thought to be involved

in hydrates left on the surface after evacuation. Nucleation and growth were fitted

to an Avrami–Erofeyev model. The authors also reported a transient structure II

hydrate of Xe.250 Bowers and co-workers251 have also studied xenon clathrates

using HP xenon. Xenon clathrates were formed by bringing xenon into contact with

preformed acetone/water or SF6/water type II clathrates. After several minutes,

xenon type II clathrates formed, but their formation was in competition with the

original SF6 or acetone guests.

Moudrakovski et al.252 investigated the interaction of HP xenon with porous

Vycor surfaces and measured the diffusion of xenon through the small 42 Å pore

structure of the Vycor. Their measurement of the diffusion constant,

2.2 � 10�8m2 s�1, compared well with similar experiments using adsorption meas-

urements and conventional xenon experiments.

HP xenon has been used to investigate carbonaceous materials as well, such as

the interaction of xenon with C60 and C70 at low temperatures.253 Laser-polarized

xenon has also been used to probe the interaction of xenon in carbon black meso-

pores of fuel cell materials that contain Pt metal.139 The HP xenon technique allows

a fast method to determine enthalpy of adsorption in the pores.

Recently, Ripmeester and coworkers254 has investigated the interaction of xenon

in dipeptide materials. Two microporous dipeptides, L-Ala-L-Val and L-Val-L-Ala,

Fig. 14. Formation of xenon hydrates as shown in the time development of the xenon
spectrum for the reaction of HP xenon with powdered ice. (Courtesy of Igor Moudrakovski.
Reprinted from ref. 249 with permission. Copyright 2001, American Chemical Society.)
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were synthesized and studied by adsorption of HP xenon in the chiral channels.

High-packing efficiency and remarkably different absorption properties were ob-

served for the two dipeptide materials.

3.3.3. Very low surface areas

Recent progress196,255–259 points to the encouraging possibility that SSNMR can

access very low surface area systems with surface areas in the 1–1,000 cm2 range. In

a truly dramatic experiment, Jänsch258 showed that a sub-monolayer coverage of

xenon on a 1 cm2 Ir(1 1 1) surface could be detected with good S/N ratio. Exper-

iments were performed under carefully controlled UHV conditions that allowed

excellent preparation and control of the metal surface. NMR experiments were

performed at 2T. The isotropic and anisotropic chemical shifts were measured to be

1,032 and 291 ppm, respectively, while the linewidth was a relatively small 20 ppm,

indicating a homogeneous surface environment for the xenon. The large chemical

shift values provide evidence for a Knight shift which had been seen before in

catalytic studies. The adsorption of xenon on the metal surface is unusual in that

there is a very strong vdW interaction between the metal electrons and the xenon

nucleus that is not accounted for quantitatively by theory, although the general

vdW parameters are thought to be reasonably well understood. In Fig. 15, 129Xe

spectra are shown for xenon adsorbed to Ir(111) substrate that had been chemically

altered by adsorption of CO and ethylidine.257

Another approach is to enhance the signal of the adsorbed species itself. Knagge

and coworkers196 recently showed that the adsorbate (methanol) on a low surface

area material (titania) could be detected with decent S/N ratio using SPINOE

Fig. 15. Monolayer coverage of HP xenon adsorbed on to Ir(1 1 1) surface that has been
coated with either CO or CH3C�. Submonolayer surface xenon is seen in the spectrum with
peaks marked S1–S3. (Courtesy of Heintz Jänsch. Reprinted from ref. 257 with permission.
Copyright 2003, Elsevier Science B. V.)
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polarization transfer. In these experiments, polarization transfer (see below) from

xenon to the surface adsorbates 13C nucleus was accomplished for a surface with

area of approximately 2500 cm2. The CSA pattern from the static sample can be

seen in Fig. 16.

3.4. Polarization transfer methods

A long-term goal of HP xenon research is to develop methods to polarize surface

nuclei, and thereby enhance surface NMR studies. Applications in a variety of areas

of surface science, catalysis, biophysics, semiconductor physics, and many other

areas could be envisioned if such methods become routine. Various groups have

explored a variety of methods to transfer polarization from HP xenon to other

atoms, including rotating-frame cross-polarization (CP),260 thermal mixing in low

magnetic field,261 and SPINOE,38,262 to date, however, successful polarization

transfer have been limited to a select subset of materials and experiments.

3.4.1. Polarization transfer to material surfaces

A number of researchers have explored the potential for xenon CP to various high-

surface-area materials such as silica.195,232,263–265 Pietrass et al.266 explored the

SPINOE method to transfer HP xenon polarization to the 1H and 29Si on a silica

surface. At 135K, xenon readily adsorbs to the surface and transfers its polarization

to surface hydroxyl protons resulting in a polarization enhancement of 2–5 (see Fig.

17). Conventional 1H–29Si CP was then used to move the polarization to the Si

atoms at the surface of the material. Happer and coworkers267 observed a coupling
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Fig. 16. 13C spectrum of methanol adsorbed on TiO2 nanoparticles and polarized using HP
xenon. The spectrum corresponds to a sample with 2,500 cm2 surface area. (Reprinted from
ref. 196 with permission. Copyright 2004, Elsevier B. V.)
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from xenon to protons by matching the surface proton Larmor frequency (o0) to

xenon rotating frame frequency (o1) in a Pyrex cell. The xenon relaxation rate was

enhanced when the two frequencies were equal.

Brunner et al.253 examined the polarization transfer to 13C in C60 and C70 thin

films. Experiments were conducted under MAS conditions using SPINOE transfer,

and showed differential enhancement for the different atomic sites in C70. Rõõm

et al.268 studied the polarization transfer from 129Xe and 3He to protons in po-

lyethylene-oxide-coated aerosol particles as well as to adsorbed 13CO2. Low surface

coverage of 3He limited the polarization transfer to only a factor of 2, but with

xenon, polarization enhancements of up to 20 were observed at 130K. Seydoux

et al.195 investigated xenon polarization transfer to silica using a recirculating flow

system. The long T1 time for 29Si nuclei is advantageous for polarization transfer,

and as a result, the observed silicon signal built up over 2,000 s. It was estimated

that the enhancement was about a factor of 20 times the thermal polarization level.

In contrast, the surface 1H relaxation time is approximately 15 s and thus gives rise

to a smaller enhancement signal.

The Raftery group has focused on understanding the details of polarization

transfer to surface nuclei, using simple model systems and carrying out detailed

studies over a range of temperatures.269–271 In an interesting result, they showed

that CP was effective even at room temperature and beyond. This was due to

relatively fast polarization transfer time constant (ca. 10ms) and the inherent back-

ground subtraction in the CP experiment that allowed the detection of very small

signals many times smaller than Boltzmann polarization levels. A careful study of

the dynamics of polarization transfer using CP was carried out to develop a model

of the polarization transfer under CP271 and the results can be seen in Fig. 18.

Fig. 17. Time evolution of the 1H NMR signal from hydroxyl protons of silica Aerosil 300
in contact with optically polarized xenon at a temperature of 135K. HP xenon with both
positive and negative polarizations was used to generate the two different curves. (Reprinted
from ref. 266 with permission. Copyright 1998, Academic Press.)
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Analysis of the CP dynamics under steady-state conditions of HP xenon flow al-

lowed the determination of an expression for the maximum anticipated polarization

enhancement of the surface protons:217

xSSH �
gXe

gH
� y0xSurfaceXe

srXeH

y0r01Xe þ srXeH

� �

(7)

where gXe and gH are the xenon and proton gyromagnetic ratios, respectively, y0 the
129Xe surface coverage, xSurfaceXe the xenon surface polarization enhancement (typ-

ically ca. 10,000), srXeH is the xenon–proton cross-relaxation in the rotating frame,

and r01Xe is the
129Xe surface relaxation rate in the rotating frame. This expression

is similar to the one derived previously for the steady-state SPINOE enhance-

ment,269 except that the functional form of the cross-relaxation term has an

additional srXeH term in the denominator. In fact, this difference is important in

that it explains the unanticipated observation that the surface proton enhancement

resulting from CP from HP xenon extends all the way to 323K.270

3.4.2. Polarization transfer in xenon solutions

A large impetus for solution-phase studies involving xenon was the seminar paper

by the Pines group in which they demonstrated xenon polarization transfer to

proton-containing solvent molecules.38 The polarization transfer occurs via

through-space dipolar coupling, or an NOE process, which the authors termed

the SPINOE method. Unfortunately, the cross-relaxation rates from xenon to other

nuclear species in solution are often small, of the order of 10�6 s�1, due in part to

Fig. 18. 129Xe–13C and 129Xe–1H cross-relaxation rates as a function of temperature for
different substrates using SPINOE and CP transfer methods. (Reprinted from ref. 271 with
permission. Copyright 2002, Academic Press.)
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the low solubility of xenon. As a result, advanced methods to observe the small

change in signal intensity, such as difference spectroscopy, have been utilized. The

study by Song et al.272 which investigated polarization transfer of xenon to surface

protons in cyclodextrin is illustrative of this approach.

The Berkeley group used SPINOE transfer methods to study xenon binding in a

small-cage molecule, cryptophane-A.273 Xenon exchanges slowly into and out of

the cages leading to two peaks in the xenon solution-phase spectrum. SPINOE

transfers to nine distinct protons were observed, with enhancements ranging up to

13% of the Boltzmann signal. Cross-relaxation rates were 5–10 times smaller than

that in cyclodextrin,272 most likely due to a larger distance between xenon and the

cryptophane-A protons. Selective proton experiments were used to determine pre-

ferred conformations of cryptophane-A in the presence of xenon. SPINOE was also

used to transfer xenon polarization to ethanol at a very low magnetic field

(0.54 T).274,275 Large enhancements in the 1H signal were observed, up to a factor of

15, and showed an inverse temperature dependence. The average xenon to proton

spin-exchange cross-relaxation rate sXeH was measured to be 2.5 � 10�3 s�1.

Polarization transfer has also been observed between HP supercritical xenon and

organic solutes.31 HP xenon was collected as a solid and then transferred to a 3mm

borosilicate tube containing the organic molecule (toluene or biphenyl) at a field of

1T to avoid relaxation. Proton enhancements were observed to be three (biphenyl)

or seven (toluene) times the Boltzmann equilibrium level as measured at 2 T

and with the xenon polarization at 2%. Several proton acquisitions could be

made because the xenon T1 was approximately 7.5min. The authors suggest that

the low cross-relaxation rates observed in both the liquid and now supercritical

phases could lead to better polarization transfer in the solid state, albeit with

a highly dispersed xenon, such as provided by freezing a supercritical or liquid

solution.

Appelt et al.276 described experiments to investigate the polarization transfer

from liquid xenon to 1H containing solutes at very low magnetic fields. Because the

thermal-equilibrium polarization of nuclei at low magnetic fields is so low, polar-

ization transfer from HP xenon is attractive. The authors showed that even with

somewhat unfavorable SPINOE transfer rates, it is still possible to increase the

polarization of 1H in ethanol, butanol, and toluene by a factor of 1,000 when

compared to the NMR at 0.001T. Ethanol/water mixtures showed a somewhat

lower enhancement. The authors discuss several applications for low-field NMR,

and suggest that by freezing the solutions and carrying out CP methods to increase

the polarization transfer would further increase the signal strength and the appli-

cability.

Bifone and coworkers277 have also carried out thermal mixing experiments to

transfer xenon polarization to 13C, using 13CS2 as the target species. They also

compared thermal mixing to SPINOE and found that low-field thermal mixing

could provide enhancements as large as 390 times the Boltzmann polarization at

1.5 T, whereas the SPINOE transfer was about five times less efficient. However,

even using thermal mixing, the transfer efficiency is only about 5% of the theo-

retical maximum value.
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Xenon polarization was transferred to solid HCl after HP xenon and HCl were

mixed in the gas phase and then frozen.278 The NMR signal of 1HCl was increased

by a factor of 6 compared to the Boltzmann level. A ratio between the cross-

relaxation rate and the 1H autorelaxation rate (sIS/rI) was measured to be ap-

proximately 1/280. Unfortunately, rI was not measured separately.

A table of CP rates measured in various solutions and to materials surfaces is

provided in Table 2, and shows a range of rates. The T1 values of the target nuclei

are provided, where available.

3.5. HP xenon in medicine

Following the very promising study of HP xenon gas imaging in a rat lung by

Albert et al. in 1994,279 a large number of studies have been carried out to explore

the utility of HP xenon for medical applications to human and animal biology. A

large number of papers discuss experiments to explore the capabilities of HP xenon

in biomedical applications in general and MRI specifically. This area has been well

summarized280 and an up to date review was very recently published17 so the dis-

cussion below will be brief.

3.5.1. Lung imaging

In the area of lung imaging, significant progress has been achieved in the last 10

years. HP images now show very high resolution, in some cases down to 100 mm, or

0.17 and 0.40 mL voxel sizes for 3He and 129Xe, respectively.281 Although HP 3He

generally provides better S/N ratio than HP xenon, and has thus received more

attention, a number of xenon MRI studies in animals and even humans to explore

void spaces have been published recently. Xenon interacts more strongly with sur-

faces than He and thus might be able to provide additional information on the

condition of tissue surfaces via changes in the xenon chemical shift. The first in vivo

human lung study was reported in 1997,27 in part motivated by goal of clinical

applications. Results by the Mainz group have shown that polarized gases can

distinguish healthy lungs from patients suffering from various diseases, including

chronic obstructive pulmonary disease, emphysema, and lung cancer.282 Ruppert

et al.283,284 have studied the diffusion of xenon in the lungs, and derived effective

diffusion constant of 3.3 � 10�6 cm2 s�1. Different resonances for the (large) gas-

phase peak as well as two dissolved-phase peaks near 200 ppm were observed.

Xenon effectively exchanges between the gas and dissolved phases on the timescale

of milliseconds. The authors propose that pathological conditions, such as alveolar

wall thickening, interstitial and intra-alveolar edema, emphysema, and cysts that

affect the alveolar architecture may be diagnosed using HP xenon.

An example of the current state of the art is the HP xenon lung image in a rat

shown in Fig. 19, which illustrates an impressive level of detail. The in-plane res-

olution of the 3D image is 0.39� 0.39mm2, with a field of view of 5 cm. A 100mL

xenon/oxygen bolus was delivered over the course of 80 breaths, and the image was

acquired using a radial projection encoding sequence.
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Table 2. Xe cross-relaxation rates and proton relaxation times for different molecules and

their target spins interacting with Xe.

Molecule Target

spin

Cross-

relaxation rate

(Xe-target)

Units Proton

T1(s)

Reference

Benzene H 1.9 10�6 s�1 20 38

Fumed SiO2 H 2 10�3 s�1 4.3 232

Methanol on

silica

H 8.6 10�4 s�1 3.3 265

Methanol on

silica

13C 2.8 10�4 s�1 4.5 265

Aerosil coated

with

polyethylene

oxide

H 7 10�4 s�1 9.1 268

13C 4 10�4 s�1 1.4 268

Fumed SiO2
1HO 80 s�1 10 271

p-Nitrotoluene Methyl H 0.025 10�6 s�1mM�1 6.8 272

p-Nitrotoluene H3, H5 0.032 10�6 s�1mM�1 35 272

p-Nitrotoluene H2, H6 0.028 10�6 s�1mM�1 23 272

a-Cyclodextrin H1 0.44 10�6 s�1mM�1 1.1 272

a-Cyclodextrin H2 1.3 10�6 s�1mM�1 1.1 272

a-Cyclodextrin H3 4.1 10�6 s�1mM�1 1.2 272

a-Cyclodextrin H4 1.6 10�6 s�1mM�1 1.1 272

a-Cyclodextrin H5 4.9 10�6 s�1mM�1 0.87 272

a-Cyclodextrin H6 1.2 10�6 s�1mM�1 0.78 272

a-Cyclodextrin OH(2) 0.7 10�6 s�1mM�1 1.2 272

a-Cyclodextrin OH(3) 0.86 10�6 s�1mM�1 1.0 272

a-Cyclodextrin OH(6) 0.36 10�6 s�1mM�1 1.1 272

Cryptophane-A Aromatic

H

1.2 10�4 s�1 (A-Xe

complex)�1
0.8 273

Cryptophane-A Axial H 0.47 Relative to

aromatic

0.27 273

Cryptophane-A Linker H 0.67 Relative to

aromatic

0.36 273

Cryptophane-A Linker H 1.55 Relative to

aromatic

0.41 273

Cryptophane-A Methoxy

H

0.23 Relative to

aromatic

0.83 273

Cryptophane-A Equitorial

H

0.35 Relative to

aromatic

0.35 273

Spacer bridge in

cryptophane-A

Proximal

H

1.55 Relative to

aromatic

— 273

Remote H 0.67 Relative to

aromatic

— 273

Ethanol H 2.5 10�3 s�1 0.1–10 274

D6-Ethanol D 2.1 10�5 s�1 — 275
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To date, clinical HP gas imaging is still awaiting FDA approval, largely because

of concerns for respiratory safety.285 Because xenon is known to be an anesthetic,
3He is likely to be approved earlier. This coupled with 3He’s higher sensitivity has

made it the focus of most of the recent lung imaging studies.

3.5.2. Injecting xenon

Injection of xenon into blood has been proposed as method to direct xenon to

important imaging problems, such as cardiac imaging, and a number of studies to

explore xenon in blood have appeared.286–291 Two peaks are observed in the spec-

tra, xenon in plasma, and a second peak for xenon associated with red blood cells.

The T1 of xenon in blood is an issue because of the desire to deliver HP xenon to

remote sites in the body. Bifone and coworkers292 have found that the xenon T1 is

longer (6.470.5 s) in oxygenated blood due to the reduced presence of strongly

relaxation-inducing paramagnetic deoxyhemoglobin. Xenon’s interaction with the

protein is apparently stronger than its interaction with free oxygen in the blood,

while xenon is in fast exchange between sites in red blood cells and the plasma. The

Harvard group also studied the T1 of xenon in blood using high-pressure thermally

Fig. 19. In vivo MRI of rat lung space following respiration of a gas mixture containing
80% enriched laser-polarized Xe with a polarization of 8% and acquired at 2T. The in-plane
resolution was 0.39mm. (Courtesy of Bastiaan Driehuys and G. Allan Johnson of the Duke
Center for In Vivo Microscopy, an NCRR National Resource (P41 05959).)
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polarized xenon, and found somewhat similar results.287,293 Their reported values

were 2.86 s for deoxygenated blood and 10.2 s for oxygenated samples measured at

81C.

Several studies have focused on developing carrier agents for the delivery of HP

xenon to remote areas of the body for enhanced MRI.46,294–296 The main issues are

xenon solubility, biocompatibility, and the effect on xenon T1 relaxation. Possible

liquid-phase carriers include saline, intralipid suspensions, gas-filled liposomes, and

perfluorocarbon emulsions. Bifone and coworkers296 showed that perfluorocarbon

emulsified with egg yoke phospholipid is promising as a delivery vehicle because of

the improved solubility. However, the xenon linewidth is dependent on the emul-

sion particle size, with larger droplets (10 mm) showing linewidths approaching

5Hz. The xenon chemical shift inside the droplet is about 110 ppm, far away from

its position in water or in association with red blood cells. Exchange with the

aqueous phase is likely the origin of the line broadening. Venkatesh et al.294 com-

pared four carrier agents by injecting rats with the xenon/carrier mixture and

measuring the 129Xe spectra and relaxation times. The study showed that xenon-

filled liposomes and perfluorocarbon emulsions are both attractive to increase the

solubility of xenon and its relaxation time (54 and 97 s, respectively).

An exciting application of the HP xenon is the study of brain perfusion.297–302

Kilian and coworkers300 used a time series of 129Xe spectra after HP Xe inhalation

to derive uptake in the brain. Two resonances detected at 196.5 and 193 ppm were

assigned to HP Xe dissolved in gray and white matter, respectively. The T1 values

are different, as well. Duhamel et al.299 used an intra-carotid injection of HP Xe

dissolved in intralipid, a xenon-soluble carrier, to measure cerebral blood flow. Rat

brain xenon images were performed to enable regional blood flow measurements.

3.5.3. Xenon’s interaction with tissues

An intriguing possibility is to use xenon as an indirect sensor to characterize tissues

or plants.303 Because of the simple nature and sensitivity of the xenon chemical shift

it was proposed that xenon could be useful in detecting irregularities (such as

cancers) in a variety of tissues. The mobility of xenon in such biomaterials could be

a plus because xenon would sample a variety of different environments and thereby

give an overall picture of the state of the tissue. A variety of xenon resonances were

observed, including both narrow peaks and broad distributions. Cancerous stom-

ach and breast tissues were observed to have significantly different xenon spectra,

including additional peaks. Additional research is needed to probe the reliability of

the proposed method.

Other xenon experiments to explore the possibility of diagnosing cancerous tis-

sues were carried out by injecting HP xenon dissolved in either saline or perfluoro

octyl bromide emulsions and then injected into two types of tumors in rats and

mice.304 The perfluorocarbon emulsion is preferred because xenon’s resonance in

this medium occurs at a much different position (approximately 110 ppm) than that

of xenon located in a tissue or tumor (near 200 ppm). A broad peak near 140 ppm

was observed for xenon in RIF-1 tumors in mice.
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Tremendous progress has been made in the past few years in the area of bio-

medical studies using xenon NMR and MRI. However, more work is needed before

these types of analyses can be made at a diagnostic clinical level.

3.6. Bioanalytical HP xenon

A variety of interesting applications for HP xenon have been reported in the area of

bioanalytical NMR, including studies of xenon’s interaction with proteins and

protein–ligand binding.

3.6.1. HP xenon studies of proteins

Several groups have explored the interaction of xenon with proteins using HP

xenon. Early work had shown an affinity for xenon to myoglobin,305 and it is well

known that xenon acts as an anesthetic. Bowers et al.59 investigated xenon’s in-

teractions with a number of lyophilized proteins (metmyoglobin, methemoglobin,

hen egg white lysozyme, and soybean lipoxygenase) by adsorbing xenon at cold

temperatures and measuring the xenon chemical shift and linewidth as a function of

temperature. Xenon adsorbs most strongly to lipoxygenase, which had a relatively

high affinity for gas molecules. Lipoxygenase also showed a clearly resolved ad-

sorbed 129Xe NMR peak. Rubin et al.306 explored nonspecific interactions of xenon

with myoglobin, which were evidenced by the measurement of two xenon T1 of, 59

and 291 s, which corresponded to xenon interacting with the hydrophobic binding

pocket and xenon’s nonspecific interactions with the protein surface, respectively.

Rubin et al.307,308 also showed that the xenon chemical shift can be used to detect a

conformational change in maltose-binding protein. A linear chemical shift change

was seen as function of the protein concentration corresponding to a slope of 2 ppm

Xe chemical shift/mM protein.

Desvaux and coworkers309–312 have carried out a series of very interesting and

impressive experiments to probe the interactions of xenon with the hydrophobic

pockets of proteins. They have developed a rotating-frame version of the popular

SPINOE experiment, which they term SPIROE that is useful for transferring xenon

to surface protons but at the same time limits the proton–proton spin diffusion.310

The authors demonstrated this approach using a cage-molecule cryptophane-233.

In proteins, it is advantageous to carry out 2D experiments, and the authors have

extended their polarization transfer methodology to a 2D with a SPIROE-TOCSY

experiment, which they demonstrated using cryptophane-A camphonate com-

pound.313 The 2D data are shown in Fig. 20. In a third article, the authors show

that xenon polarization can be transferred to 26 protons in wheat nonspecific lipid

transfer protein.312 Four interaction sites were identified that were verified with

other xenon experiments and simulations. As opposed to conventional approaches

involving the use of X-ray diffraction to study the interaction of high-pressure noble

gases with the hydrophobic pockets of proteins, HP xenon appears to offer an

attractive alternative. Using 15 known structures, xenon adsorption was simulated
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and showed up to four distinct adsorption sites, often with multiple xenon atoms

occupying two sites that are deeply embedded inside the protein. Changes in the

proton signal of a few percent were observed using mixing times between 100 and

800ms, with 200ms being optimal. Twenty-six proton–xenon interactions were

observed, corresponding to 16 hydrophobic amino acids, all of which are located

inside the protein cavity. Xenon’s interactions with the protein seem to be more

specific than those of small organic molecules.

3.6.2. Protein-ligand binding

Pines and coworkers45 have shown a clever approach to using the high polarization

and chemical shift sensitivity of HP xenon (see Fig. 21). By containing xenon in a

sensitive cage molecule and tethering this system to a ligand they are able to detect

binding activity. Cryptophan-A cages had previously been shown to bind xe-

non50,273 with a slow exchange time, and the chemical shift of xenon is extremely

sensitive to its chemical environment. A biotin ligand was attached via a short

peptide-based linkage and solid-phase synthesis was used to make the biosensor.

The biosensor’s binding to avidin was detected as a change in the chemical shift of
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Fig. 20. (Top) SPIROE-TOCSY pulse sequence comprised of proton saturation, adabatic
CHIRP transfer, and proton magnetization buildup during tm and TOCSY using the DIPSI-
2 mixing sequence. (Bottom) 2D SPIROE-TOCSY performed in deuterated 1,1,2,2-tetra-
chloroethane. Broken line indicates the diagonal. The inset shows the region of the camp-
hanic ester protons. The total experiment time is only 4.5min. (Courtesy of Hervé Desvaux.
Reprinted from ref. 313 with permission. Copyright 2004, Elsevier SAS.)
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Fig. 21. (Top) Schematic and chemical structure of the biosensor molecule used by Spence
et al. (Bottom) Detection of biotin–avidin binding with xenon NMR. The HP 129Xe NMR
spectra of the functionalized xenon biosensor alone and in the presence of protein. These
spectra show a new resonance and marked broadening in response to the increasing amounts
of avidin. (Courtesy of Connie Chung and the Pines group, adapted from ref. 314 with
permission. Copyright 2004, American Chemical Society.)
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xenon from 70 (unbound biotinilated sensor) to 73 ppm (bound). Because of the

large chemical shift range of xenon the authors state that it may be possible to

multiplex this approach to detect multiple binding events in parallel. Spence et al.314

explored different modes of employing the xenon biosensor, such as in the detection

of competing ligands, and the use of xenon as an indirect binding sensor via the

measurement of the free xenon in solution. Methods to increase the sensitivity, such

as exchange-signal averaging in which the free xenon in solution acts as a polar-

ization reservoir that slowly exchanges with the encapsulated xenon are also dis-

cussed. Finally, it was shown that xenon is sensitive to the chirality of the

encapsulating cryptophan-A and its linker (also see Section 2.6.1). It may even be

possible to develop a contrast agent based on injecting functionalized HP xenon for

protein-specific labeling in vivo.315

3.7. HP xenon diffusion studies

3.7.1. Diffusion in materials

Mair et al. reported the use of thermal316 and HP xenon316–321 to explore diffusion

in various materials. Gas diffusion is advantageous because the diffusion coeffi-

cients are much larger, and using HP noble gases such as xenon provide for a good

NMR sensitivity with slow relaxation times. Pulsed-gradient stimulated echo with

bipolar-gradient pulses were used to collect the data and provided a method to

cancel out effects of background gradients while measuring diffusion. The authors

point out the advantage of using xenon gas for diffusion studies in porous media as

it provides a method to probe on longer length scales due to the higher

(20–200mm s�1) gas velocities over liquids. The long relaxation time and good

signal intensity allows researchers to explore the long time limits of diffusion models

where the diffusion goes from a regime described by the surface to volume (S/V)

ratio to one where it approaches an asymptotic limit of the reciprocal of the tor-

tuosity of the medium. This behavior can be seen in Fig. 22. Using glass bead

samples or Indiana limestone, the authors provided examples where xenon gas-

phase NMR diffusion measurements allow access to regimes where liquid diffusion

measurements provide limited data.

HP xenon diffusion measurements can also be used to determine S/V ratios in

porous materials, including soft materials. Extending the previous work done in

liquids by Stejskal and Tanner,322 Butler et al.323 determine S/V ratio from the rate

of xenon polarization exchange between the gas phase and xenon dissolved in the

solid phase. This method was applied to porous polymer samples, but applications

to the characterization of lung spaces are envisioned.

3.7.2. Single-file diffusion

Meersmann et al.324 explored one-dimensional diffusion in tris(o-phenylenedioxi)

cyclophosphazene (TPP) using HP xenon.325 Materials with nanochannels that

are small enough to restrict diffusion to one dimension are of interest to study
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fundamental issues in diffusion. The mean displacement for single-file diffusion is

given by

x2ðtÞ
� �

¼ 2F
ffiffi

t
p

(8)

where F is the mobility factor (in units of m2 s�1), as opposed to its normal time

dependence given by the Einstein equation for one-dimensional diffusion:

x2ðtÞ
� �

¼ 2Dt (9)

Experiments to follow the intensity buildup of xenon NMR signal as xenon ad-

sorbed into the channels was monitored to determine whether the diffusion could

indeed be described as single file. In fact, the experiments fit the model very well

after taking xenon relaxation into account. The authors point out that continuous-

flow HP xenon will be useful to investigate other such systems, although determi-

nation of the actual diffusion constant will require substantial gradients. Fig. 23

shows xenon spectra for various temperatures and pressures in the channels.

3.7.3. Xenon diffusion in solution

Diffusion measurements of xenon in solution have been described by Wolber

et al.326 Using the Burst pulse sequence, diffusion measurements were made in a

single-shot measurement. First, a train of small-angle pulses is applied under the

influence of a read gradient. After a refocusing of 1801-pulse, and a similar train of

pulses, under the same gradient, the magnetization echo train is obtained. The

self-diffusion of xenon causes a loss in coherence and a diminution of the

echo signal. The measured self-diffusion constant for xenon in water was

2.270.4� 10�5 cm2 s�1, in agreement with previous experimental and calcu-

lated values. The authors discuss a variety of applications for in vivo diffusion

measurements.
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Fig. 22. A comparison of the time-dependent diffusion measurements for laser polarized
(filled squares) and thermally polarized (open squares) xenon gas introduced to a sample
consisting of randomly packed 3mm glass beads. (Courtesy of Ross Mair. Reprinted from
ref. 321 with permission. Copyright 1999, The American Physical Society.)
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3.8. HP xenon imaging of materials

A variety of new experiments have appeared to explore a large range of materials,

from void volumes to engineered materials and biosurfaces. HP xenon imaging has

also been used to monitor dynamical processes, such as phase transitions and even

breathing. A recent review describes the advances in this area.327

3.8.1. Static imaging

A recent paper by Appelt and coworkers328 shows that HP xenon can be used to

collect time-resolved images of solid xenon ice as it melts and dissolves into several

different solvents (see Fig. 24). The authors accumulated xenon ice on the top of a

frozen solvent at 77K, and then used FLASH (fast low angle shot) imaging meth-

ods, which allowed the acquisition of images every 30–40 s, to follow xenon as it

melted and dissolved into various ethanol/water mixtures. Observations of the dif-

ferent states of xenon were made, including the creation of pores in the xenon ice,

and dense liquid xenon layers, which is of interest for the possible injection of xenon

into biological systems. Tseng et al.329 investigated the exchange between liquid and

vapor phases as well as the evaporation of xenon using MRI techniques. According
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to the authors, the high polarization and density should allow images with reso-

lution down to a few microns to be made with gradient-field strengths of approx-

imately 400G cm�1, which is well within the range of experimental feasibility.

Song et al.330 used the FLASH pulse sequence to capture the image of xenon

solid in an NMR tube and observed that xenon polarization is well preserved on the

glass surface, but not on the surface of an included red chili pepper. The spatial

resolution was better than 0.05mm in this 2D experiment.

3.8.2. Flow imaging in materials

Kaiser et al.331 reported the use of HP xenon for flow imaging using a chemical shift

selective imaging method. Samples of highly porous aerogel and zeolites were ex-

amined. Transport of fresh xenon to the sample under flow allowed the experiments

to be rapidly recycled. By waiting different delay times between acquisitions, the

transport time of polarized xenon to the interior of the aerogel sample could be

varied, thus providing information on the diffusion constant through the material.

This methodology is useful for mapping out flow dynamics of gases as they interact

with particles comprising a particle bed, with applications in areas such as in ca-

talysis, soil science, and petroleum engineering. 2D resolution of the order of

100 mm was observed. Moudrakovski et al.332 combined chemical shift imaging and

continuous flow of HP xenon to investigate various microporous materials. The use
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Fig. 24. Series of 2D FLASH images of hyperpolarized Xe ice, which is melting, migrating,
and dissolving into the supercooled ethanol (top) or 80 vol% ethanol/water ice (bottom)
phase. Within 2min all Xe polarization is concentrated on the bottom of the outer tube. By
10min nearly all the Xe polarization is in the gas phase. (Courtesy of Wolfgang Häsing.
Reprinted from ref. 328 with permission. Copyright 2004, Elsevier Inc.)
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of chemical shift imaging makes it possible to probe the spatial variation of par-

ticular xenon interactions with the materials.

A study of gas-phase Poiseuille flow in a cylindrical tube in a regime where

deterministic and stochastic motions were of the same order of magnitude was

reported by Kaiser et al.333 (see Fig. 25). HP xenon imaging of the xenon flowing

was made at velocities around 20mm s�1. Because the displacements due to dif-

fusion are given by (2Dt)1/2, where D ¼ 5.5mm2 s�1 at 1 atm, it is possible to vary

the relative size of diffusion and flow by simply changing the observation time.

Indeed, at shorter times, longitudinal diffusion is important, whereas at longer

times, transverse diffusion becomes important. These results are in contrast to those

obtained with water flow where the diffusion is much smaller. Results match com-

puter simulations quite well.

3.9. New and exotic applications

3.9.1. HP xenon studies of combustion

Meersmann334 has recently reported the use of HP xenon to investigate combustion

using a continuous flow of xenon mixed with methane that combusts above a

nanoporous zeolite. A small upfield shift was observed when the xenon was in the

presence of the combusting gas, with a peak appearing at �3 ppm that was ascribed

to xenon located in a small zone just above the zeolite catalyst. 2D EXSY spectra

(see Fig. 26) indicated that exchange between xenon located in the bulk of the

zeolite and the zone above the catalyst takes place on the 20ms scale. Exchange

with gas-phase xenon also takes place on this timescale. The exchange spectra are

asymmetric because xenon is flowing from inside the zeolite to the combustion

region above the catalyst bed.

3.9.2. Low field HP xenon studies

One intriguing possibility provided by the enormous polarization of HP xenon is to

reduce the magnetic field used in detection. Because the polarization of xenon is

fixed by the optical pumping process and laser power, the observed signal does not

decrease as quickly with reduced magnetic field as does conventional NMR. This

provides a path for the development of NMR and/or MRI experiments that make

use of very small magnetic fields. For example, Shao and coworkers335 have de-

scribed a low-field MRI system that takes advantage of the high polarization of

laser-polarized xenon to produce images at 33.6mT or 399 kHz. The high polar-

ization of xenon eliminates the need for a polarizing magnet, and the reduction in

Fig. 25. Joint spatial-velocity images of xenon undergoing Poiseuille flow in a pipe. The
digital resolution in the spatial direction (y) is 100mm. (Figures courtesy of Connie Chung
and the Pines group, adapted from ref. 333 with permission. Copyright 1999, Academic
Press.)
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field has a smaller negative effect on the sensitivity than conventional MRI. A

comparison with high-field MRI was made336 and showed that the S/N ratios

measured at 8.5mT was 32 times less than that at 1.88 T, which was slightly better

than the expected ratio of 36. The practical resolution limit was estimated to be

0.5mm, although it was suggested that fields of 50mT would be required to create

diagnostic images. Others have used 3He for low-field imaging of materials and for

in vivo work because the S/N ratio is generally higher.337,338

Pines and coworkers339 succeeded in improving the spectral resolution of a static

sample of frozen HP xenon in low field by rotating the B0 magnetic field. Exper-

iments were carried out at 3.4mT where two of the three magnetic fields could be

sinusoidally varied on the millisecond timescale in a manner similar to MAS. A

factor of 6 in resolution enhancement was achieved. Extensions to higher fields have

very interesting potential applications especially for biomedical imaging.
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Fig. 26. HP 129Xe 2D EXSY spectra acquired during combustion showing exchange as a
function of the mixing time. Experimental time was 40–50min per spectrum. (Courtesy of
Thomas Meersmann. Reprinted from ref. 334 with permission. Copyright 2003, American
Chemical Society.)
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3.9.3. Alternative detection methods

A further enhancement is provided by alternative detection methods. Pines and co-

workers340,341 have coupled the use of HP xenon with a SQUID, which provides

very high-sensitivity detection of magnetic fluxes at low resonance frequencies. The

authors showed that the use of optically pumped xenon and a high-Tc SQUID

device could be coupled to allow the detection of laser-polarized xenon gas at only

27 kHz, corresponding to a magnetic field of 2.3mT. MRI of xenon adsorbed on a

piece of silica aerogel was also shown using this approach (see Fig. 27).341 SQUID

Fig. 27. SQUID-detected MRI of HP xenon gas adsorbed on to an aerogel sample and
obtained at a field of 2.26mT. The MRI is a 2D projection of the xenon interacting with the
roughly triangular sample. A schematic drawing of the sample cell is also shown. (Courtesy
of Connie Chung and the Pines group. Reprinted from ref. 341 with permission. Copyright
2002, Elsevier Science.)
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detectors compete very well with conventional Faraday detection methods at fre-

quencies below 5MHz, so we anticipate that SQUID detectors could be very useful

in the future for HP studies.

Romalis and coworkers342 reported the use of a commercial high-Tc SQUID to

observe an enormous enhancement in the NMR signal of simple organic liquids

that have been mixed with HP xenon. Experiments were carried out at 0.95 mT

where the proton resonance frequency is 40.4Hz, and the xenon resonance is only

11.2Hz, as shown in Fig. 28. The authors were able to observe large signals from

cyclopentane, acetone, and methanol with S/N ratios of over 1,000. The proton

linewidth was 0.04Hz without shimming! However, due to the low magnetic field, it

is not possible to observe chemical shift differences in the proton spectra, although

it might be possible to detect proton–xenon dipolar coupling in the solid state,

depending on its magnitude.

An interesting approach to increasing the sensitivity of NMR and MRI was

reported by Pines and coworkers343 and involved separating the sample region from

Fig. 28. SQUID-detected proton NMR FID from cyclopentane following a single 901-pulse
enhanced with SPINOE from the liquid HP xenon solvent (PXe ¼ 2%). Fourier transfor-
mation of the signal shows two peaks at 40.4 and 11.2Hz, corresponding to 1H and 129Xe
resonances, respectively. The 1H S/N ratio is approximately 1,000. (Figures courtesy of
Michael Romalis. Reprinted from ref. 342 with permission. Copyright 2003, The American
Physical Society.)
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a remote detection region (see Fig. 29). The authors propose methods to optimize

the magnetic resonance sensing, or encoding, and the detection processes sepa-

rately, which is brought about by physically separating the two in space. In one

experiment, the authors used a homebuilt probe with two regions, one a larger

region filled with an aerosol sample where xenon magnetization is allowed to evolve

before storing along the z direction, and the second region with a smaller volume

and therefore higher detection efficiency to measure the point-by-point evolution of

the xenon magnetization. In a second experiment, the magnetic resonance of HP

xenon gas was encoded in a large, low magnetic field and then the gas was trans-

ported by flow to a second, remote region for detection at high magnetic field. The

authors were able to collect an image of a phantom sample at 4–7mT using this

approach. An interesting extension of this work is the optical detection of HP xenon

using a Rb magnetometer. This approach has the potential for exquisitely sensitive

NMR and/or MRI detection.344

3.9.4. Quantum computing

HP xenon has also been used to enhance the polarization of a two-qubit NMR

quantum computer using the 13C-enriched chloroform.345 Using the SPINOE

transfer mechanism, this approach led to a polarization enhancement of the chlo-

roform that was approximately 10 times the thermal values for 1H and 13C. Tem-

poral spin-labeling methods along with measurements of the deviation density

matrix were used to observe the formation of a pure spin state. The authors then

demonstrated their approach by implementing a 2-qubit Grover’s search algorithm.

diode laser array

Rb

B0

795 nm

travel distance ~5 mencoding coiltriggerable

          valve 

high-field magnet

low-field magnet

gradient coils

detection coil

Fig. 29. Basic schematic drawing of remote detection showing the optical pumping hyper-
polarization step (left) followed subsequently by the encoding of spectral or image infor-
mation at one location, the transfer to a different location, and detection in the new location.
The encoding time, t1, is incremented by the indirect dimension dwell time to map out NMR
information in a point-by-point fashion. (Courtesy of Connie Chung and the Pines group.
Reprinted from ref. 343 with permission. Copyright 2003, The National Academy of Sci-
ences.)
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Fig. 30 shows the 1H and 13C signal enhancements as a function of time, and the

deviation density matrix of the pure state under both thermal and HP xenon-

enhanced conditions.

4. CONCLUSION

Clearly, the future for advances in xenon NMR spectroscopy is very bright. The

growing list of important and interesting applications described in this review give

an indication of the increasing impact of xenon NMR experiments and point to at

least some of the many exciting future developments that may be anticipated.
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base-free silylnen-metal complexes 10, 13

coordination number change 16, 17

cyclic structures, effects 18–19

extreme values, divalent silicon 10

monomeric silylenes 12
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silicon-element multiple bonds 14, 15

silyl cations 10, 13

silylene adducts 10, 13
29Si NMR parameters

applications 1

chemical shifts, d29Si 9
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nuclear spin relaxation 5–9

signal transduction
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signaling cascade 159
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single-file diffusion 220, 250–1
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site-directed suppression, 13C NMR signals

125–9
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solid-state 29Si NMR spectra 3, 4–5, 8–9, 10,

35
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116–23
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spin–rotation (SR) mechanism 5, 7, 207, 208
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static imaging 252–3
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superconducting quantum interference de-
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234
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Thr 150
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long-distance interaction, among residues

148–52
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uniform/extensive isotope enrichment, NMR

signal
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103–4
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3J(29Si,X) 36
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129Xe spectra, of xenon 238, 246, 252

xenon diffusion 217, 250, 251

xenon magnetization, evolution 232, 259

xenon NMR spectroscopy 205

conventional studies 207

hyperpolarized xenon 227

xenon relaxation, mechanism 209, 233

xenon sorption 221, 223
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